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Abstract 

Ruthenium(II) polypyridyl complexes have been shown to be promising compounds for the 

design of novel metal-based therapeutic and imaging agents due to their attractive and 

tuneable photochemical, photophysical and redox properties. This thesis, entitled 

“Photophysical and Biological Profiling of Ruthenium(II) Polypyridyl Complex-based 

Systems”, is focused on the development of new Ru(II) polypyridyl complexes with a view 

to exploiting their attractive photophysical properties for use in biological applications, 

specifically in the context of DNA binding and photodynamic therapy (PDT) for the 

treatment of cancer. 

The research work presented here is divided into seven chapters. Chapter 1, the 

introduction, first provides a brief overview of the current therapies used in the treatment of 

cancer. The sections that follow focus on discussing in more detail the two therapeutic 

strategies most pertinent to this thesis: DNA binding and PDT. Therefore, a description of 

the DNA structure is given, as well as the different binding modes by which molecules can 

interact with DNA. The mechanism of action of PDT is then described, and some examples 

of photosensitisers approved for clinical use in the treatment of cancer are also provided. 

Following this, the applicability of metal-based compounds as anticancer agents is discussed 

with particular emphasis on the potential of certain ruthenium complexes. A description of 

the photophysical properties of Ru(II) polypyridyl complexes and their application as DNA 

binding, cellular imaging, and PDT agents is also given and supported by relevant examples 

from the literature. The remainder of the chapter provides a brief account of the properties 

of gold nanoparticles (AuNPs) and their potential use as platforms for applications in 

biomedicine. This chapter concludes by reviewing recent examples of Ru(II)-based systems 

developed in the Gunnlaugsson group and also includes a description of the aims of the 

research work conducted in each of the subsequent chapters. 

In Chapter 2, the synthesis and photophysical evaluation of a series of Ru(II) 

polypyridyl complexes based on an extended aromatic ligand, dipyrido[3,2-a:2’,3’-

c][1,2,5]thiadiazolo[3,4-h]phenazine, or dtp, is presented. Their DNA binding properties are 

then evaluated using various spectroscopic techniques, such as UV-vis absorption and 

emission spectroscopy, DNA thermal denaturation, circular dichroism as well as viscosity 

measurements. In addition, their ability to produce singlet oxygen in DNA-free or -

containing media is investigated, followed by their cellular uptake and phototoxicity against 
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HeLa cervical cancer cells. Part of this chapter has been published in Dalton Transactions 

(2016, 45, 18208–18220). 

Chapter 3 describes a detailed spectroscopic study on the photoadduct formed by 

covalent binding between the π-deficient complex [Ru(TAP)3]
2+ (TAP = 1,4,5,8-

tetraazaphenanthrene) and the guanine-containing nucleotide guanosine 5’-monophosphate 

(GMP) under irradiation with visible light. The pH effect on the spectroscopic properties of 

such a photoadduct on both ground and excited states is probed with a view to gain further 

insight into the elusive mechanism by which this mono-photoadduct is capable of reacting 

with a second molecule of GMP under further irradiation and form a bi-photoadduct, despite 

its non-emissive character. This double photoreactivity is of particular interest in irreversible 

and photocontrolled DNA damage via crosslinking of the two DNA strands. 

In Chapter 4, a family of water-soluble amphiphilic Ru(II) polypyridyl complexes is 

discussed. These complexes possess both a hydrophilic head-group (Ru(II) complex moiety) 

and different length hydrophobic tails (ten or twenty-one carbon alkyl chains). Ru(II) 

complexes containing only a methyl group and the parent complexes [Ru(phen)3]
2+ and 

[Ru(TAP)2phen]2+ (phen = 1,10-phenanthroline) are also used for comparison. The 

formation of supramolecular micellar species from the complexes containing the longest 

alkyl chain is investigated with focus being paid towards determining the critical micelle 

concentration (cmc) and an estimation of their size. Moreover, the influence of the alkyl 

chain length in the photophysical properties, DNA binding and singlet oxygen generation is 

evaluated. Their alkyl chain length-dependent cellular internalisation and their ability to act 

as PDT agents in live cells is also examined. 

Chapter 5 details the synthesis and photophysical characterisation of a series of alkyl 

disulphide functionalised dinuclear Ru(II) polypyridyl complexes and the conjugates 

resulting from their attachment onto the surface of AuNPs. Their suitability for use in a 

cellular environment is also assessed by preliminary cellular uptake and phototoxicity 

studies. 

Finally, an overall conclusion of this work is presented in Chapter 6, while Chapter 

7 outlines the experimental procedures, and presents the synthesis and characterisation of 

the compounds discussed within this thesis. Subsequently, literature references and the 

Appendices are provided, the latter containing supplementary experimental data to support 

the work described in the main text.  
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1.1 Introduction 

Small molecules with the ability to bind selectively to deoxyribonucleic acid (DNA) and 

exhibit photophysical properties sensitive to the binding event, have shown to be potential 

candidates as imaging probes, diagnostic tools and therapeutic agents.1,2 The work presented 

in this thesis focuses on the design of new ruthenium-based systems and the investigation of 

their potential in biological applications such as DNA photoprobes and anticancer agents 

with photocontrolled cytotoxicity. In this chapter a brief overview of the current therapies 

for the treatment of cancer will be first given, with particular interest in those using DNA as 

a therapeutic target and light as an external trigger to induce anticancer activity. This will be 

followed by an introduction of the structure of DNA and the different binding modes to 

target this biomolecule, as well as a description of the photodynamic therapy (PDT) 

mechanism. The use of metal complexes as anticancer agents will be then discussed, with a 

main focus on ruthenium(II) polypyridyl complexes and their attractive photophysical 

properties that provide them with the ability to be used as DNA targeting molecules and in 

cancer therapy as PDT agents. Recent developments in the anticancer applications of gold 

nanoparticles (AuNPs) will be also introduced. The remainder of this chapter will review 

some examples of previous work completed within the Gunnlaugsson group in the research 

areas of Ru(II) polypyridyl complexes and AuNPs followed by a description of the work 

carried out during this thesis. 

1.2 Overview of Cancer Therapies 

The term cancer is used to define a complex group of more than two hundred diseases which 

is one of the main causes of death in the world.3 Cancer arises from failures in the 

mechanisms that regulate cell growth and division resulting in an uncontrolled cell 

proliferation that can be lethal.4 Currently, the most common cancer treatments include 

surgery, radiotherapy or chemotherapy.5 While radiotherapy employs high doses of radiation 

to treat directly the tumour and kill cancer cells, chemotherapy is based on the use of 

chemicals with the ability to kill fast-growing and dividing cells.6 The mechanism of action 

of most of chemotherapeutic agents consists of interfering with cell division or DNA 

synthesis. Different class of chemotherapeutic agents are alkylating agents (e.g. 

chlorambucil (1)), anti-metabolites (e.g. 5-fluorouracil (2)), anthracyclines (e.g. doxorubicin 

(3)) or topoisomerase inhibitors (e.g. topotecan (4)), with some examples shown in Figure 

1.1.6 
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Figure 1.1. Chemical structures of chlorambucil (1), 5-fluorouracil (2), doxorubicin (3) and topotecan (4). 

These types of therapies are often used together with a view to prevent cancer cells 

from acquiring resistance to either therapeutic technique. However, these treatments have 

been shown to be highly aggressive and non-selective as they destroy many non-cancerous 

cells resulting in severe side effects.7 Therefore, the research for new therapeutic agents able 

to treat cancer with lower drug toxicity in healthy tissues and more efficacy by targeting 

tumour angiogenesis has become one of the most important aims in the field of medicinal 

chemistry.8 In this context, targeted therapy has emerged as an alternative to conventional 

cancer treatment in which pharmacological agents are used to stop cancer from growing and 

spreading but, in contrast to chemotherapy, they interfere with specific genes or proteins 

involved in tumorigenesis.6 Monoclonal antibodies (e.g. bevacizumab) and small-molecule 

drugs (e.g. imatinib) are the two types of targeted cancer therapy.6 

Other cancer treatments include photodynamic therapy (PDT) and hyperthermia. 

Both therapies use external triggers (light and heat, respectively) for inducing cancer cells 

death which results in a local control of the cytotoxicity.5 In PDT, a non-toxic molecule 

(termed photosensitiser) is activated by irradiation with visible or near infrared (NIR) light 

promoting a number of photochemical processes that lead to the generation of reactive 

oxygen species (e.g. singlet oxygen, free radicals or peroxides) which are highly toxic and 

cause irreversible photo-damage of tumour tissues.9-11 On the other hand, hyperthermia uses 

microwaves, ultrasounds or radiofrequencies to heat a tumour and inhibit proliferation of 

cancer cells resulting in tumour thermal ablation. 

Immunotherapy has also been shown as a promising strategy to treat cancer by using 

components of the immune systems such as antibodies to help the immune system to destroy 

tumours.5 The potential of this emerging cancer treatment has been recently highlighted 

when James P. Allison and Tasuku Honjo were awarded with the 2018 Nobel Prize in 

Physiology or Medicine for their research in cancer immunotherapy. Furthermore, gene 

therapy has experienced considerable advances in recent years.5,12,13 In this therapeutic 

strategy, DNA, RNA, small interfering RNA and antisense oligonucleotides are introduced 
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into specific target cancer cells to induce their death or restore normal cellular function.5,12,13 

Although to date there are not too many examples of gene therapy products commercially 

available, GenidicineTM and OncorineTM are two adenoviral vectors approved in Chine for 

their clinical use.5,12,13 

Since the anticancer activity of the compounds that will be discussed along this thesis 

was aimed to be based on their ability to bind to DNA or becoming cytotoxic after light 

activation, the use of DNA as therapeutic target and the mechanism of action of PDT agents 

will be further reviewed in the next sections. 

1.3 Deoxyribonucleic Acid as Target for Cancer Therapy 

Deoxyribonucleic acid (DNA) is known to carry the genetic information essential to cell 

function and viability. Therefore, the development of molecules capable to target DNA and 

inducing cell damage by disruption of the replication and transcription processes has become 

the focus of research in various field of medicine. In this context, DNA binders have been 

revealed as promising drugs in the treatment of cancer.14 Thus, the understanding of the 

DNA structure is essential in order to develop compounds capable of interacting specifically 

with this biomolecule and will be presented next. 

1.3.1 The Structure of DNA 

The double helix structure of DNA was discovered in 1953 by Watson and Crick from 

Rosalind Franklin's X-ray data.15,16 DNA is a biopolymer usually consisting of two strands 

arranged in a right handed antiparallel double helix.15 Each strand is composed of a number 

of nucleosides which are consecutively joined by phosphate groups resulting in a poly-

anionic chain.16 Nucleosides comprise a deoxyribose monosaccharide and a nitrogenous 

base. DNA contains four different nitrogenous bases: the purines, adenine (A) and guanine 

(G), and the pyrimidines, thymine (T) and cytosine (C). Hydrogen bonds are formed between 

the bases of complementary strands and are known as the Watson-Crick base pairing.15 Thus, 

adenine always pairs with thymine through two hydrogen bonding interactions and guanine 

always pairs with cytosine by three hydrogen bonding interactions as shown in Figure 1.2a. 

Alternative Hoogsteen base pairing can also occur in which the N7 face of adenine and 

guanine are hydrogen bonded to thymine or another adenine base, and cytosine or another 

guanine base, respectively. Such interactions result in the formation of secondary structures 

of DNA including triple-stranded DNA and G-quadruplex. 

The nucleobases are partially stacked due to hydrophobic and electrostatic 

interactions which depend on the aromaticity and dipole moments. Thus, while the 
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hydrophobic bases are packed into the core, the hydrophilic phosphate backbone (Figure 

1.2b) is positioned on the outside of the helical structure to interact with water molecules. 

The asymmetry in the base stacking results in the formation of two grooves of different size 

(major and minor grooves) in the double helix.15 Both hydrogen bonding between base pairs 

and base stacking provide stability to the double helix structure of DNA.17-19 

 

Figure 1.2. a) Chemical structure of the DNA base pairs showing the Watson-Crick and the Hoogsteen base 

pairing and the position of the minor and major groove. (b) The alternating deoxyribose-phosphate that form 

the DNA backbone. 

B-DNA is the classic right-handed helical structure described by Watson and Crick 

and the most common DNA conformation. However, a number of other forms (e.g. A-DNA 

and Z-DNA) are also possible depending on environmental conditions such as humidity, pH, 

temperature, and salt concentration.20-24 The structures of B-DNA, A-DNA and Z-DNA are 

depicted in Figure 1.3.25 

 

Figure 1.3. Representative crystal structures for A-DNA, B-DNA and Z-DNA.25 
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The interactions of water molecules with the two DNA grooves are very important 

for the stabilisation of the B-DNA structure.24,26-28 Fibre and single crystal diffraction studies 

have shown a reversible conformation change of B-DNA to A-DNA when the relative 

humidity is reduced to 75%.29,30 A-DNA is also a right-handed helical structure but wider 

and flatter than B-DNA. A third conformation, Z-DNA, was also founded in sequences of 

alternating guanine and cytosine residues in the presence of high salt concentration as shown 

by fibre X-ray diffraction and Nuclear Magnetic Resonance (NMR) spectroscopy.31,32 This 

conformation shows a left-handed helical structure and a “zig-zag” arrangement of the 

phosphate backbone when compared to A- or B-DNA. A summary of the structural features 

of all three conformations is given in Table 1.1.15 

Table 1.1. Average helix parameters for A-DNA, B-DNA and Z-DNA.15 

 A-DNA B-DNA Z-DNA 

Helix Right-handed Right-handed Left-handed 

Diameter ~26 Å ~20 Å ~18 Å 

Base pairs per helical turn 11 10 12 

Helical twist per base pair 32.7° 36° −9°, −51° 

Helix rise per base pair 2.56 Å 3.4 Å 3.7 Å 

Base tilt to the helix axis 20° −6° −7° 

Major groove Narrow and deep Wide and deep Flat 

Minor groove Wide and shallow Narrow and deep Narrow and deep 

Glycosidic bond Anti Anti 
Anti for pyrimidines, 

syn for purines 

Sugar pucker C3’-endo C2’-endo 

C2’-endo for 

pyridines, C3’-endo 

for purines 

In its B conformation as is the most prevalent in nature, the DNA double helix 

possesses a number of structural features that makes it chemically accessible for specific 

molecules that can act as DNA targeting drugs. Indeed, the mechanism of action of a large 

number of clinically important drugs has shown to occur via DNA interaction and 

subsequent inhibition of its biological function.1 Thus, in the next section, the different 

existing ways by which potential DNA binders interact with the polynucleotide will be 

discussed. 
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1.3.2 DNA Binding Interactions 

Based on the DNA structure described in the 

previous section, the interaction of small molecules 

with the double helix can take place by five major 

binding modes: (i) electrostatic binding, (ii) major 

groove binding, (iii) minor groove binding, (iv) 

intercalation and (v) covalent binding, as illustrated 

in Figure 1.4. It is not unusual that more than one 

biding mode is involved in the interaction of 

molecules with DNA. 

The polyanionic nature of DNA makes the 

double helical structure suitable for electrostatic 

interactions with cationic molecules in a non-

specific way.33 For example, protonated 

polyamines such as spermidine (5) and spermine 

(6), which have shown to play an essential role in 

cell growth, bind to DNA by electrostatic interactions with the negatively charged phosphate 

backbone (Figure 1.5).34 

 

Figure 1.5. Chemical structures of spermidine (5), spermine (6), methyl green (7), Hoechst 33258 (8), 

ellipticine (9) and cisplatin (10). 

On the other hand, the grooves are interesting areas within the DNA structure for 

binding of small molecules since it is at such locations that the functional groups of the 

nucleobases are exposed to the environment providing a series of hydrogen bond donors and 

Figure 1.4. Schematic representation of the 

binding modes possible for double helical 

DNA. 
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acceptors depending on the DNA sequence (Table 1.2). This makes the groove a potential 

region for sequence specificity of binding.35,36 Therefore, compounds possessing an 

adequate size and shape to be placed in the grooves and form hydrogen bonds with the 

functional groups of the bases will bind to either the major or minor grooves.35,37-39 The 

grooves also differ in electrostatic potential, steric effects and hydration.22 While large size 

molecules tend to bind to the major groove, minor groove binders are often characterised by 

being cationic due to an enhanced negative electrostatic potential in the minor groove, and 

containing several aromatic rings connected by bonds with torsional freedom.35,37-39 In 

addition, the displacement of the spine of well-ordered water molecules in the minor groove 

is the entropic driving force which promotes binding into this groove. Example of molecules 

that bind to the grooves are the DNA fluorescent dyes methyl green (7) and Hoechst 33258 

(8) which bind to the major and minor grooves, respectively (Figure 1.5).40,41 

Table 1.2. The hydrogen bond donating and accepting functional groups of the nucleobases (A, T, G and C), 

which are exposed in the major and minor grooves of the DNA. 

Hydrogen Bond Site Major Groove Minor Groove 

Donor N6 amino (A), N4 amino (C) N2 amino (G) 

Acceptor N7 (A), O4 (T), N7 (G), O6 (G) N3 (A), O2 (T), N3 (G), O2 (C) 

Furthermore, molecules containing extended aromatic moieties may also bind to 

DNA by π-stacking interactions with the hydrophobic nitrogenous bases of DNA. Such 

intercalative binding mode requires the stacked base pairs to separate by an additional 3.4 Å 

to accommodate the intercalating ligand which results in an unwinding and lengthening of 

the DNA double helix.42-44 In addition to the intercalating planar moiety, many intercalators 

possess a positive charge which provides them with an electrostatic contribution to their 

binding to DNA. Inhibition of the topoisomerases involved in DNA replication and 

transcription is known as the mechanism of action of DNA intercalators.45,46 For example, 

the natural plant alkaloid ellipticine (9) and its derivatives exert their anticancer activity by 

intercalation into the DNA and inhibition of topoisomerase II (Figure 1.5).47,48 

Finally, covalent bonds can also be formed between the DNA and molecules with 

the ability to react with some of the DNA structure functionalities. Alkylating agents such 

as nitrogen mustard, previously mentioned in Section 1.2, are known as the first class of 

molecules showing such reactivity with DNA.49 These chemotherapeutic drugs cause DNA 

damage by addition of alkyl groups to the nitrogen atoms of the guanine and adenine 
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nucleotides resulting in cell apoptosis.6,50 In addition to this type of alkylating agents, 

platinum-based therapeutics such as cisplatin (10) and its analogues are commonly used in 

the treatment of several types of cancer, being particularly effective against testicular cancer 

(Figure 1.5).51,52 The antitumor activity of cisplatin is based on its ability to covalently bind 

to DNA after displacement of the two chloride ligands and coordination to the N7 position 

of purine bases from the same or different strands resulting in DNA inter- and intra-strand 

crosslinking.52,53 This results in the distortion of the DNA structure causing the inhibition of 

gene expression and, eventually, leading to cellular apoptosis.52,54-56 

DNA binding is not the only therapeutic strategy attempted in this thesis to induce 

cell death. In order to increase selectivity of the compounds presented in this work, the use 

of light to trigger the anticancer activity of such molecules will be also investigated. 

Therefore, the use of PDT as anticancer therapy will be next discussed. 

1.4 Photodynamic Therapy in the Treatment of Cancer 

Since its inception in early 1900s and later demonstration in the 1970s, photodynamic 

therapy has emerged as a complementary cancer treatment to conventional therapies such as 

surgery, radiotherapy or chemotherapy.11,57,58 This anticancer strategy involves the 

administration of a photosensitiser (PS) that, ideally, is not non-toxic in the dark (Figure 

1.6). After uptake and accumulation into cancer cells, the PS is activated by localised visible 

 

 

Figure 1.6. Schematic representation of the mechanism of action of PDT for a photosensitiser (PS) expressed 

using a modified Jablonski diagram. 
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or NIR light. It should be noted that, although visible light cannot penetrate deep into tissues, 

the recent developments in light sources and light delivery technologies (e.g. fiber optic light 

guides) overcome the limitation of the use of visible light for diseases affecting the surface 

of the body.59 Thus, absorption of a photon of light at a particular wavelength by the singlet 

ground state of the PS (1PS) results in the formation of its short-lived singlet excited state 

(1PS*) which subsequently undergoes intersystem crossing and the long-lived triplet excited 

state of the PS (3PS*) is generated. Two different oxidative mechanisms, named Type I and 

Type II, can then occur. The Type I mechanism consists of a hydrogen or electron transfer 

from the 3PS* to the surrounding biological substrates, resulting in radical formation which 

can further react with molecular oxygen and generate reactive oxygen species (ROS) such 

as the superoxide anion, hydroxyl radical or hydrogen peroxide. Alternatively, the Type II 

mechanism involves the energy transfer from the 3PS* to molecular oxygen in its ground 

triplet state (3O2) releasing singlet oxygen (1O2). These generated species are highly toxic 

and induce irreversible tissue damage, leading to apoptosis.9,60-63 Therefore, the therapeutic 

activity of PDT agents relies on the cell damage caused by reactions with oxygen upon light 

exposure. 

Both PDT pathways can occur simultaneously, and the ratio between these two 

processes depends on the properties of PS, the concentration of biomolecules and molecular 

oxygen present, and the binding affinity of PS for a particular biomolecule.10 However, Type 

II mechanism is considered as the primary mode of action for most PDT agents.64,65 

Interestingly, 1O2 has a short half-life (ca. 40 ns) and only diffuses a short distance within 

the cells (ca. 100 nm) and as such it will rapidly react with the surrounding biomolecules 

resulting in a PS subcellular localisation dependence of the cell damage.66-68 Thus, PDT 

allows a spatial and temporal photocontrol resulting in a powerful strategy to minimise the 

toxic side effects to non-cancerous cells shown by many chemotherapeutic drugs 

nowadays.69 

A hematoporphyrin derivative, Photofrin® (11), was the first PS approved by the U. 

S. Food and Drug Administration (FDA) for clinical use in the treatment of cancer in the 

1990’s and belongs to the first generation of PSs (Figure 1.7).70,71 Since then, other 

porphyrin-based PS have been developed as an attempt to overcome the drawbacks exhibited 

by the first generation of PS such as poor light absorption, water insolubility, poor 

bioavailability, prolonged phososensitivity or tumour selectivity.70 The second generation of 

PSs includes the protophorphyrin prodrug Levulan® (12), the chlorin Foscan® (13) and the 

benzoporphyrin Visudyne® (14).70-72 
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Figure 1.7. Chemical structures of Photofrin
®

 (11), Levulan
®

 (12), Foscan
®

 (13) and Visudyne
®

 (14). 

However, despite its potential application in the treatment of cancer, PDT remains 

underused as a first-line oncological therapy, most likely due to the difficulty in finding an 

ideal photosensitiser. Therefore, there is still a need to develop new classes of non-

porphyrin-based photosensitisers and it will be one of the aims of the work presented in this 

thesis. 

1.5 Metal Complexes as Anticancer Agents 

The use of metal-based compounds in the treatment of diseases dates back to times of ancient 

Assyrians, Egyptians and Chinese. For example, Chinese medical practitioners used arsenic 

trioxide as antiseptic and to treat psoriasis, syphilis and rheumatoid diseases.73 Gold and 

copper were also known by the Egyptians and Chinese for their potential in the treatment of 

certain diseases such as syphilis.73 More recently, the serendipitous discovery of the 

antitumor properties of cisplatin (10) in the 1960’s by Rosenberg et al. was a landmark in 

the history of the treatment of cancer with metal-based compounds.74,75 Since then, the 

development of new metal-based drugs for use as anticancer agents has become a promising 



Chapter 1 – Introduction 

13 

 

research field in medicinal chemistry.73,76-81 The mechanism of action of cisplatin was 

previously discussed in Section 1.3.2. Despite its FDA approval and current use for the 

treatment of testicular, ovarian and bladder cancers, cisplatin displays several side effects 

derived from the lack of selectivity as well as resistance.82 Therefore, the next step in this 

research field was the design of new metallic compounds able to overcome these 

disadvantages. In this context, many Pt(II)-based complexes have been synthesised with the 

aim of improving the anticancer and pharmacokinetic properties of cisplatin, some of which 

have shown promising anticancer activity.73,77,83 Examples of successful cisplatin derivatives 

are carboplatin (15) and oxaliplatin (16), that were approved by the FDA for the treatment 

of several cancers (Figure 1.8).73,84 

 

Figure 1.8. Chemical structures of platinum complexes: carboplatin (15), oxaliplatin (16), satraplatin (17) 

and Pt(IV) azide complex (18). 

However, the lack of superior advantage of some platinum drugs over cisplatin and 

the remaining toxicity towards normal cells led to the development of new strategies to 

reduce the side effects of Pt(II)-based compounds. In this context, Pt(IV) complexes can be 

used as prodrugs to overcome some of the shortcomings showed by cisplatin and Pt(II) 

derivatives.83 A prodrug is an inactive compound that becomes active after metabolization. 

In this case, Pt(IV) complexes have been shown to confer drug stability when compared to 

the Pt(II) complex analogues due to the two extra ligands coordinated to the octahedral metal 

centre. Intracellular reduction of Pt(IV) to Pt(II) leads to activation of the cytotoxicity of the 

Pt-based compound and provides a way to control its anticancer activity. Satraplatin (17) is 

an example of Pt(IV) prodrug of cisplatin (Figure 1.8) and, although it has not been approved 

by the FDA, it was the first orally active Pt-based chemotherapeutic drug developed.85 

Furthermore, photoactivation of Pt(IV) prodrugs by incorporation of two azide ligands (18) 

has also been investigated by Sadler et al. (Figure 1.8).86 Thus, the active antitumour agent 

is released upon light irradiation resulting in a localised cancer treatment. 

The anticancer application of metals is not limited to Pt-based complexes. Despite 

the reluctance of pharmaceutical industry to use “heavy metals” as therapeutic agents, a wide 
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range of transition metals have shown promising properties as chemotherapeutic drugs, 

including charge variation, redox activity and several coordination geometries that give them 

different shapes.73 In this area, numerous metal compounds have been investigated as 

antitumour agents. For example, gold complexes have emerged as a potential anticancer 

alternative to cisplatin. Auranofin (19), a gold complex used to treat rheumatoid arthritis 

(Figure 1.9), was also found to be active against tumour cells by inhibition of DNA, RNA 

and protein synthesis.76 On the other hand, titanium complexes such as titanocene C (20) 

have been shown to exhibit antiproliferative activity against several human cancer cells lines 

(Figure 1.9).73,87 

 

Figure 1.9. Chemical structures of several metal complexes: Auranofin (19), titanocene C (20), ferrocifen (21) 

and rhodium metalloinsertor (22). 

Another example of a metal complex with anticancer properties is ferrocifen (21), an 

organometallic iron complex derived from the anti-estrogen tamoxifen (Figure 1.9), which 

has been found to display antitumour effects on breast cancer cells.76,88 Furthermore, a series 

of rhodium metalloinsertors (e.g. 22) developed by Barton et al. (Figure 1.9) have shown to 

exert antiproliferative activity against human colorectal carcinoma cell lines through DNA 

base mismatch binding.89,90 Other metal-containing anticancer agents described in the 

literature include copper, silver, cobalt, osmium or iridium compounds.73,76,80,81 

Ruthenium complexes are also a promising alternative to platinum-derived drugs.8,91 

In addition to their tuneable photophysical properties, these complexes show interesting 

features for use in biological applications.62,63,91-94 For instance, they exhibit activity against 

some cell lines that are resistant to cisplatin, low side effects, selective uptake by cancer cells 

when compared with healthy tissue, and binding to some biological structures such as 

transferrin as it has similar chemical properties to iron.91 There are a few ruthenium 

complexes that have entered clinical trials including two Ru(III) complexes NAMI-A (23) 

and KP1339 (24) (Figure 1.10).95,96 The mechanism of action of these compounds involves 

the activation by reduction of the Ru(III) complexes into a more active Ru(II) form when 
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they are localised in the characteristic hypoxic environment of tumours allowing a localised 

toxicity control. Furthermore, the Ru(II)-arene complex RAPTA-C (25) in combination with 

erlotinib has shown efficient anticancer action (Figure 1.10).91 In addition, ruthenium half-

sandwich complexes (e.g. 26) designed by Meggers et al. (Figure 1.10) as mimics of the 

natural product staurosporine were found to act as kinase inhibitors.97,98 The selective 

inhibition of kinases activity is a potential strategy in the treatment of cancer as certain 

kinases have shown to be more active in some types of cancer cells. 

 

Figure 1.10. Chemical structures of ruthenium complexes: NAMI-A (23), KP1339 (24), RAPTA-C (25) and 

half-sandwich kinase inhibitor (26). 

Another class of ruthenium complexes that have shown promising results against 

cancer cells are Ru(II) polypyridyl complexes.62,63,92,93 As they are the type of complexes the 

work described in this thesis will be focused on, their photophysical and photochemical 

properties as well as their biological applications, in particular as DNA probes and anticancer 

agents, will be presented in detail in the next section. 

1.6 Ruthenium(II) Polypyridyl Complexes 

Over the last number of decades, Ru(II) polypyridyl complexes have received an increasing 

interest due to their extraordinary photochemical, photophysical and redox properties.99,100 

Such complexes are characterised by the absorption of light in the visible region (λMLCT of 

ca. 450 nm), luminescence in the red spectral range (λmax of ca. 600 nm or greater), large 

Stokes shift and relatively long luminescence lifetimes (typically from hundreds of 

nanoseconds to a few microseconds). These properties make Ru(II) polypryridyl complexes 

very attractive candidates for applications in several research fields such as in light 

harvesting antenna systems, in artificial photosynthesis, as catalysts for the oxidation of 

water to molecular oxygen or as light-emitting devices.101-105 Furthermore, the study of these 

complexes as potential DNA photoprobes (for cellular imaging) or as phototherapeutic 

agents has received particular attention.2,62,63,93 Since the Ru(II) complexes discussed in this 
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thesis have been designed for their use in biological applications, a more detailed explanation 

regarding their biological relevance will be given in the following sections of this chapter 

after first discussing their photophysical properties. 

1.6.1 Photophysical Properties of Ru(II) Polypyridyl Complexes 

The properties of Ru(II) polypyridyl complexes can be modulated by the nature of the 

ligands coordinated to the metal centre. Thus, an understanding of the photophysical 

behaviour of these complexes is necessary in order to select the appropriate ligands for the 

design of compounds with specific applications. Ruthenium is a transition metal with 

electronic configuration [Kr]4d75s1. In complexes with organic ligands, the most common 

oxidation states of ruthenium are II or III. For the purpose of this work, the focus will be on 

ruthenium complexes in the oxidation state II and, in particular, those containing polypyridyl 

ligands. Ru(II) has six d electrons in its valence shell and commonly forms octahedral 

complexes. The polypyridyl ligands reported here are bidentate ligands which possess σ-

donor orbitals localised on the nitrogen atoms and π-donor and π*-acceptor orbitals 

delocalised on the aromatic rings. A simplified molecular orbital diagram for a Ru(II) 

polypyridyl complex and the main electronic transitions is shown in Figure 1.11.99,106 

 

Figure 1.11. Molecular orbital diagram for a [Ru(L-L)3]2+ complex (L-L = polypyridyl ligand, e.g. bpy) in 

octahedral symmetry showing the electronic transitions: metal-centred (MC), ligand-centred (LC), ligand-to-

metal charge transfer (LMCT) and metal-to-ligand charge transfer (MLCT). The energy of orbitals depend on 

the ligands that form the Ru(II) complex.107 

Three fundamental types of electronic transitions occur in these complexes and can 

be observed in their characteristic UV-vis absorption spectra: 
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1) Metal-to-ligand charge transfer (MLCT): spin-allowed electronic transitions 

between the nonbonding metal-centred orbitals (πM) and antibonding ligand-centred 

orbitals (πL*). These transitions are observed in the visible region between 400 and 

500 nm. 

2) Ligand-centred (LC): spin-allowed electronic transitions between bonding (πL) and 

antibonding (πL*) ligand-centred orbitals. Such transitions can be detected in the UV 

region between 200 and 400 nm. 

3) Metal-centred (MC) or d-d transitions: Laporte forbidden electronic transitions 

between the nonbonding (πM) and antibonding (σM*) metal centred orbitals. These 

transitions are weak in intensity and are usually hidden beneath the LC and MLCT 

bands. 

One of the most studied Ru(II) polypyridyl complexes is [Ru(bpy)3]
2+ (27) (bpy = 

2,2'-bipyridine, Figure 1.12a). Since this compound was first synthesised in 1936, its 

photophysical properties have been extensively investigated and it has been used as a 

reference model for other Ru(II) polypyridyl complexes.99,108 

 

Figure 1.12. (a) Chemical structure of [Ru(bpy)3]2+ (27). (b) Simplified Jablonski diagram for 27. kr = 

radiative constant, knr = non-radiative constant, kDec = dechelation constant, kMC = MC state activation 

constant 

The photophysical model accepted in the literature for 27 is shown in Figure 

1.12b.109,110 When the complex absorbs a photon, a singlet metal-to-ligand charge transfer 

(1MLCT) excited state is generated. Although singlet to triplet transitions are formally spin-

forbidden, extremely rapid (less than 1 ps) intersystem crossing (ISC) results in the 

population of a triplet metal-to-ligand charge transfer (3MLCT) excited state. This 3MLCT 

excited state has been shown to consist of three excited states that are very close in energy 

and a fourth state that is slightly higher in energy.111-114 Deactivation of this 3MLCT excited 

state can then occur through three different processes: 
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1) Radiative decay through the emission of a photon which explains the luminescence 

observed for several ruthenium complexes in the wavelength region between 600 and 

900 nm. This radiative transition is spin-forbidden as it occurs from a triplet excited 

state to a singlet ground state and is known as phosphorescence. The radiative rate 

constant (kr) of phosphorescence is much lower than that observed in fluorescence, 

where the radiative transition is allowed, and takes place between a ground and an 

excited state with the same spin multiplicity (singlet-singlet). This explains the 

longer-lived excited states observed for these complexes when compared with 

organic fluorophores. 

2) Non-radiative decay through a loss of energy generally released as heat to the solvent. 

For some Ru(II) polypyridyl complexes it has been shown that the non-radiative rate 

constant (knr) decreases when the energy gap between the excited and ground states 

is bigger.113,115-119 

3) Population of a triplet metal-centred (3MC) state by thermal activation which is 

typically deactivated by a non-radiative process because of the large structural 

distortion of this state with respect to the ground state.120 In addition, population of 

the 3MC states can result in the loss of a ligand from the complex (ligand photo-

ejection) due to the strong antibonding character of this excited state that makes the 

Ru-N bond longer and weaker.121,122 Although, this photochemical reaction is 

responsible for the photoinstability of some Ru(II) polypyridyl complexes, it has also 

been exploited as a therapeutic tool through the development of complexes that are 

capable of inducing toxicity after photoinduced loss of a ligand where the biological 

activity is either in the resulting ruthenium complex or in the released ligand.123-135 

However, this model cannot explain the photophysical behaviour of all Ru(II) 

polypyridyl complexes particularly in the case of complexes containing extended aromatic 

ligands such as [Ru(bpy)2dppz]2+ (28) where dppz is [2,3-h]dipyrido[3,2-a:2',3'-

c]phenazine. This complex was synthesised for the first time in 1985 by Sauvage and co-

workers and has been widely studied ever since.136 In contrast to [Ru(bpy)3]
2+, neither 

[Ru(bpy)2dppz]2+ nor [Ru(phen)2dppz]2+ (29) (phen = 1,10-phenanthroline, Figure 1.13a) 

show any luminescence in aqueous solution upon excitation of the MLCT band. However, 

in aprotic solvents they do. This particular behaviour can be explained with an alternative 

photophysical model (Figure 1.13b) which proposes the existence of two 3MLCT states 

centred on the dppz ligand; a luminescent state where the charge transfer occurs from the 

ruthenium centre to the 1,10-phenanthroline moiety of the dppz, and a non-luminescent 
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"dark state" corresponding to the charge transfer from the metal centre to the phenazine 

functionality on the extended ligand.137,138 The relative energy of both states depends on the 

solvent employed. Thus, in protic solvents such as water, the "dark state" will be stabilised 

due to the formation of hydrogen bonds with the nitrogen atoms of the phenazine moiety. 

Therefore, the "dark state" will be lower in energy than the luminescent state and will be 

more populated. However, in aprotic solvents, such hydrogen bonds cannot be formed and 

thus the "dark state" will be less stabilised. The luminescent state will be more accessible 

causing the [Ru(bpy/phen)2dppz]2+ complex to become emissive. 

 

Figure 1.13. (a) Chemical structure of [Ru(bpy)2dppz]2+ (28), [Ru(phen)2dppz]2+ (29) and [Ru(TAP)2dppz]2+ 

(30). (b) Simplified Jablonski diagram for 28 and 29. kr = radiative constant, knr = non-radiative constant, kDec 

= dechelation constant, kMC = MC state activation constant. 

This unusual behaviour is exhibited by Ru(II) complexes containing bpy or phen as 

ancillary ligands. However, when these ligands are replaced by 1,4,5,8-tetraazaphenanthrene 

(TAP) ligand, the resulting complex [Ru(TAP)2dppz]2+ (30) (Figure 1.13a) shows 

luminescence in both water and organic solvents.139 This is attributed to the more π-acceptor 

character of the TAP in contrast to either bpy or phen ligands; therefore, the 3MLCT excited 

state is now localised on the TAP ligand and not on the dppz. Thus, the lower excited state 

3MLCT corresponds to [RuIII(TAP)(TAP•−)dppz]2+* instead of [RuIII(TAP)2dppz•−]2+* as it 

is the case for [Ru(bpy/phen)2dppz]2+ complexes.105 

As illustrated in this section, Ru(II) polypyridyl complexes possess very attractive 

photophysical properties that make them promising molecules for use in biological 

applications. Based on these photophysical properties, the potential of Ru(II) polypyridyl 

complexes as DNA binding and cellular imaging agents will be discussed next. 
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1.6.2 Ru(II) Polypyridyl Complexes as DNA Binding and Cellular Imaging Agents 

As was previously mentioned in Section 1.3, one way to induce cell damage is through DNA 

binding. DNA interacting drugs can display cytotoxicity in cancer cells by inhibition of DNA 

relaxation, gene expression or DNA replication.14 Indeed, this is one of the most common 

mechanisms of action of chemotherapeutic agents. As described in Section 1.3.2, there are 

different DNA binding modes such as intercalation, electrostatic, groove or covalent 

binding. Since Ru(II) complexes are positively charged, an electrostatic binding is favoured 

due to the poly-anionic nature of the phosphate backbone of DNA. However, depending on 

the ligands coordinated to the ruthenium centre, other binding modes can occur. For 

example, complex 27 is known to bind to DNA mainly electrostatically (probably in one or 

both of the grooves) but, when Ru(II) polypyridyl complexes contain extended aromatic 

ligands, an intercalative binding mode is possible because these ligands can stack in between 

the DNA base pairs.140 This is the case with complexes containing the dppz ligand such as 

28 and 29, as demonstrated by several techniques including UV-vis absorption and emission 

spectroscopy,141-146 NMR spectroscopy,147,148 resonance Raman spectroscopy,149-151 linear 

dichroism (LD) spectroscopy,143,152-154 DNA viscosity measurements and X-ray 

crystallographic studies.30,155-162 Furthermore, the two enantiomers of these Ru(II)-dppz 

complexes resulting from the octahedral coordination geometry of the chelating ligands 

around the Ru(II) centre (denoted Δ and Λ), were found to bind to DNA with a different 

orientation by luminescence spectroscopy and crystallographic studies (Figure 

1.14).142,143,159,162-164 

 

Figure 1.14. (a) X-ray crystal structure of the Δ- and Λ-enantiomers of rac-29 bound to the DNA duplex 

d(ATGCAT)2 when viewed into the major groove. (b) The different binding geometries of Δ-29 (purple) and Λ-

29 (pink) when bound to this DNA duplex by intercalation of the dppz ligand. Images from reference 159. 

As previously mentioned, the luminescence of complexes 28 and 29 is quenched in 

water but not in aprotic solvents. In the presence of DNA, these dppz-based complexes 



Chapter 1 – Introduction 

21 

 

recover their luminescence similar to that seen in aprotic solvents. This "light switch" effect 

was first described by Barton et al. in 1990 for 28; a landmark in the development of novel 

DNA photoprobes.165 Similar behaviour was reported later for the phen analogue 29 by 

Hartshorn et al.142 The origin of this effect arose from protection of the intercalating dppz 

moiety by the hydrophobic microenvironment of DNA in which the phenazine nitrogen 

atoms of dppz are unreachable by water.163 Hydrogen bonds are not formed and the "dark 

state" is not stabilised. Furthermore, complex 30, resulting from the replacement of the bpy 

or phen ancillary ligands by the TAP ligand, exhibits an enhancement of its emission 

intensity when bound to DNA containing no guanine bases but its luminescence is quenched 

in the presence of DNA containing guanine bases.166 The origin of this particular behaviour 

observed for Ru(II) polypyridyl complexes containing π-deficient ligands such as TAP will 

be discussed in the next section. 

A large number of the Ru(II) polypyridyl complexes that have been studied as DNA 

binders contain extended aromatic ligands based on the dppz ligand scaffold. Some of these 

ligands are benzo[i]dipyrido[3,2-a:2',3'-c]phenazine (dppn),142 tetrapyrido[3,2-a:2',3'-

c:3'',2''-h:2''',3'''-j]phenazine (tpphz),167 tetrapyrido[3,2-a:2’,3’-c:3”,2”-h:2”’,3”’-j]acridine 

(tpac),168 1,10-phenanthrolino[5,6-b]-1,4,5,8,9,12-hexaazatriphenylene (phehat),167 

naphtho[2,3-a]dipyrido[3,2-h:2’,3’-f]phenazine-5,18-dione (qdppz)169 or pyrazino[2,3-

h]dipyrido[3,2-a:2’,3’-c]phenazine (pdppz)170 and are shown in Figure 1.15. Another 

 

 

Figure 1.15. Chemical structures of a number of ligands used in the study of DNA binding of Ru(II) polypyridyl 

complexes. 
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example of a ligand employed for DNA binding is 2-phenyl-1H-imidazo[4,5-

f][1,10]phenanthroline (pip).171 The Ru(II) complexes resulting from the coordination of 

these dppz-like ligands to the metal centre have shown high affinity for DNA and binding 

to the double helix by intercalation. 

The ability of these complexes to bind strongly to DNA and as such disrupt the DNA 

replication and transcription processes can be exploited in therapeutic applications. 

Therefore, in a cellular environment, there is a need for these complexes to reach the cell 

nucleus to exert cell damage by interaction with the genetic material. However, only a few 

Ru(II) complexes have shown nuclear localisation in live cells.172-177 Localisation in other 

cell regions, such as the cell membrane, cytoplasm, mitochondria, endoplasmic reticulum, 

lysosomes and nucleoli, have been observed for many Ru(II) complexes.63,93 To reach the 

nucleus and other organelles, complexes must first be taken up by the cells, but this is not 

the case of 28, 29 and 30 which have shown poor cellular uptake most likely due to their low 

lipophilic character.170,178 With a view to improve the ability of these complexes to be 

internalised into the cells, chemical modifications of the dppz ligand have been carried out 

by different research groups. For example, incorporation of a fluorine, amino or methoxy 

group at the 11-position of the dppz ligand was found to increase the lipophilicity and 

cellular uptake of the resulting [Ru(bpy)2(L)]2+ complex, where L is the chemically modified 

dppz ligand. Moreover, nuclear localisation was observed for these complexes as shown in 

Figure 1.16a for the fluorine-containing dppz derivative (31).173,179 Studies performed by 

 

 

Figure 1.16. Chemical structures and confocal microscopy images of (a) HeLa cells incubated with 31 (red, 

10 µM) for 2 h, (b) CHO-K1 cells incubated with 32 (red, 10 µM) immediately after addition, (c) HeLa cells 

incubated with 33 (red, 100 µM) for 24 h, and (d) HeLa cells incubated with 34 (red, 5 µM) for 2 h. Images 

from references 170, 173, 178 and 180. 



Chapter 1 – Introduction 

23 

 

Lincoln and co-workers have also demonstrated that modification of the dppz ligand by 

attachment of alkyl ether chains resulted in preferential localisation of the resulting Ru(II) 

complex (32) in the cellular membrane (Figure 1.16b).180,181 Furthermore, extension of the 

surface area of the dppz ligand (dppn and pdppz ligands) was shown to confer lipophilicity 

to the resulting Ru(II) complexes (33) and thus enhanced their cellular uptake (Figure 

1.16c).170,182 The variation of the ancillary ligands of Ru(II)-dppz complexes was also found 

to have an effect in their cellular internalisation. In particular, Puckett et al. have shown that 

the replacement of the bpy ancillary ligands in 28 by two 4,7-diphenyl-1,10-phenanthroline 

(dip) ligands resulted in the high lipophilic complex [Ru(dip)2dppz]2+ (34) which was 

rapidly taken up by live cells (Figure 1.16d).178 

The introduction of a second ruthenium moiety has also been shown to provide the 

resulting dinuclear complex not only with a stronger affinity for DNA when compared to the 

mononuclear analogues, but also with an enhancement of its cellular uptake. In this area, 

O’Reilly et al. have demonstrated that the complex obtained from linking two [Ru(bpy)3]
2+ 

or [Ru(phen)2bpy]2+ units with flexible polyalkyl chains of various lengths (35 and 36) 

(Figure 1.17a) displayed a 100-fold increase in the affinity for DNA.183-185 Further biological 

studies carried out by Keene and co-workers have shown that the cellular uptake of such 

dinuclear Ru(II) complexes was improved by increasing the chain length of the flexible 

linker and as such the overall lipophilicity.186-188 Moreover, these complexes were found to 

localise in the mitochondria or in the nucleoli depending on the cell line, highlighting the 

importance of the cell line to the subcellular localisation of the complexes (Figure 1.17b).189 

 

Figure 1.17. (a) Chemical structures of the dinuclear complexes 35 and 36. (b) Confocal microscopy images 

of L1210 cells incubated with 35 (red, 50 µM) for 4 h and BHK cells incubated with 35 (red, 55 µM) for 4 h. 

Images from references 186 and 189. 

A more rigid dinuclear Ru(II) polypyridyl complex based on the tpphz ligand (37) 

has been developed by the Thomas research group (Figure 1.18a).172,190 This complex was 

shown to display very attractive properties for use in biological applications. In addition to 
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a high affinity for both duplex and quadruplex DNA, complex 37 was found to be 

successfully taken up by the cells and selectively stained their nuclei (Figure 1.18b).172,190 

Its DNA binding ability together with its nuclear localisation makes this complex a potential 

in cellulo DNA structural probe.172 

 

Figure 1.18. (a) Chemical structure of the dinuclear Ru(II) tpphz complex (37) developed by the Thomas 

group. (b) Co-staining of 37 (red) with the nuclear stain DAPI (blue) in MCF-7 cells showing the localisation 

of 37 in the cell nucleus. Images from reference 172. 

Another strategy to improve the cellular uptake and control the subcellular 

distribution of Ru(II) polypyridyl complexes is their conjugation to cell-penetrating peptides 

(CPPs) such as nuclear localisation signal (NLS) sequences.191-199 These peptides provide 

the resulting complexes with the ability to penetrate the cell membrane by a protein 

transduction process and localise in the cell nucleus. Furthermore, Ru(II) polypyridyl 

complexes can also display selectivity since they are easily conjugated to 

oligodeoxynucleotides (ODN) that recognise specific DNA sequences.200 However, 

modification of the complex structure can have a dramatic effect in its DNA binding affinity 

and cytotoxicty.195,201 

The use of ruthenium complexes to target DNA is not limited to non-covalent 

interactions. In the next section, the ability of Ru(II) polypyridyl complexes containing π-

deficient ligands to react with DNA upon light irradiation and form covalent photoadducts 

will be presented as an alternative mechanism to induce cell damage through photocontrolled 

DNA covalent binding. 

1.6.3 π-Deficient Ru(II) Polyazaaromatic Complexes and their Photoreactivity with 

DNA 

Ru(II) polypyridyl complexes show an enhancement of their redox activity in the excited 

state. In particular, the research group of Kirsch-De Mesmaeker demonstrated that Ru(II) 

complexes containing at least two π-deficient ligands, such as TAP or 1,4,5,8,9,12-
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hexaazatriphenylene (HAT), exhibited extremely oxidising 3MLCT excited states (Figure 

1.19).202,203 

 

Figure 1.19. Chemical structures of the π-deficient ligands-containing Ru(II) complexes [Ru(TAP)3]2+ (38), 

[Ru(TAP)2phen]2+ (39), [Ru(HAT)3]2+ (40) and [Ru(HAT)2phen]2+ (41). 

The high photooxidation power of the exited states of these complexes is in contrast 

to their bpy and phen analogues as highlighted by the very positive reduction potentials of 

their 3MLCT excited states (Ered
*) reported in Table 1.3. Therefore, complexes such as 

[Ru(TAP)3]
2+ (38) (Ered

* = +1.30 V/SCE) and [Ru(HAT)3]
2+ (40) (Ered

* = +1.49 V/SCE) are 

strong enough oxidising agents to extract an electron from weakly reducing biomolecules 

such as the nucleotide guanosine-5’monophosphate (GMP) (Eox = +1.07 V/SCE) or the 

amino acids tryptophan (Trp) (Eox = +0.77 V/SCE) and tyrosine (Tyr) (Eox = +0.69 V/SCE) 

due to the exergonicity (ΔG0) of the process (Table 1.3).202,204,205 

Table 1.3. The reported reduction potentials (vs SCE) determined by cyclic voltammetry in acetonitrile for a 

number of Ru(II) polypyridyl complexes in the ground (Ered) and excited states (Ered
*). Exergonicity of the PET 

process (ΔG0) of the corresponding complexes with the electron donor (D) either GMP (Eox(G/G•+) = 1.07 

V/SCE),204 Trp (Eox(Trp/Trp•+) = 0.77 V/SCE)205 or (Eox(Tyr/Tyr•+) = 0.69 V/SCE)205 estimated according to 

ΔG0
PET = −nF[Eox(D) − Ered(RuL3

2+*/RuL3
2+)]. Note that the ΔG0 values reported here do not take into account 

proton transfer (PT), as a proton-coupled electron transfer (PCET) is expected to be more exergonic than a 

simple electron transfer (ET).203 

Complex 
Ered (V/SCE) 

(ground state) 

Ered
* (V/SCE) 

(excited state) 

ΔG0 (eV) 

GMP 

ΔG0 (eV) 

Trp 

ΔG0 (eV) 

Tyr 

[Ru(bpy)3]2+ (27)[a] −1.35 +0.65 +0.42 +0.12 +0.04 

[Ru(phen)3]2+ (42)[a] −1.35 +0.70 +0.37 +0.07 −0.01 

[Ru(phen)2dppz]2+ (29)[b] −1.00 +0.96 +0.11 −0.19 −0.27 

[Ru(HAT)3]2+ (40)[a] −0.62 +1.49 −0.42 −0.72 −0.80 

[Ru(HAT)2phen]2+ (41)[a] −0.66 +1.25 −0.18 −0.48 −0.56 

[Ru(TAP)3]2+ (38)[a] −0.75 +1.30 −0.23 −0.53 −0.61 

[Ru(TAP)2phen]2+ (39)[a] −0.83 +1.15 −0.08 −0.38 −0.46 

[Ru(TAP)2dppz]2+ (30)[a] −0.80 +1.20 −0.13 −0.43 −0.51 

[a] From reference 202. 
[b] From reference 206. 
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As a result, two types of photophysical behaviours are observed for such complexes 

possessing π-deficient ligands in the presence of DNA. Thus, in contrast to effects described 

for 28 and 29 in the previous section, the emission and the 3MLCT lifetime of 30 were 

enhanced only in the presence of DNA containing no guanine bases (e.g. homopolypers 

[poly(dA-dT)]2) as DNA prevents quenching of the luminescence by oxygen.33,166,207 

However, in the presence of DNA containing guanine (e.g. homopolymers [poly(dG-dC)]2 

or GMP) the emission of the complex was quenched and an increase in the 3MLCT excited-

state lifetime was observed.207-211 This luminescence quenching has been attributed to a 

photoinduced electron transfer (PET) between the guanine residues and the highly oxidising 

3MLCT excited state of the complex.166,211-213 For example, laser flash photolysis 

experiments performed on 38 in phosphate buffer at pH 7 have shown the appearance of a 

transient band at ca. 500 nm only in the presence of GMP, which was assigned to the reduced 

metal complex.211,212,214 The proposed mechanism of such PET process between 38 and 

GMP is illustrated in Figure 1.20. 

Irradiation of 38 with visible light results in the promotion of an electron from the 

Ru(II) centre to an ancillary TAP ligand and a 3MLCT excited state corresponding to 

[RuIII(TAP)2(TAP•−)]2+* is generated. In the presence of GMP, a forward electron transfer 

(FET) process takes place between the guanine base and the excited state of the complex 

resulting in the formation of two radical species, that is the reduced metal complex 

[RuII(TAP)2(TAP•−)]+ and the guanine radical cation GMP•+. This guanine radical cation has 

shown to be more acidic than its unoxidized form (pKa of GMP and GMP•+ are 9.5 and 3.9, 

respectively)215-217 and thus, deprotonation of the radical is expected in aqueous solution at 

pH 7.218 Furthermore, a pKa of 7.6 has been reported for the reduced metal complex 38 and 

therefore is protonated in aqueous solution at pH 7.212 This proton transfer (PT) has also 

been proposed to take place simultaneously to the electron transfer (i.e. proton-coupled 

electron transfer), as the oxidation potential of the nucleobase would decrease.208,212,218-220 

However, it still remains unclear if the PT occurs before, at the same time or after the 

PET.221,222 Three possible reaction pathways can then take place: 

1) Back electron transfer (BET) from the reduced metal complex to the oxidised 

guanine moiety resulting in the regeneration of the starting species, that is complex 

38 and GMP.139,212,218 

2) Recombination of the two generated radical species which results in the formation of 

the photoadduct [RuII(TAP)2(TAP-GMP)]2+ through a covalent bond between the 
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Figure 1.20. Proposed mechanism of the photoinduced electron transfer reaction between 38 and GMP (R = 

ribose-phosphate). *Deprotonation of the guanine radical cation may occur simultaneously to the oxidation 

reaction (i.e. PCET).208 Note that, although the most stable guanosine radical tautomer corresponds to that 

with the electron on the oxygen, the guanosine radical tautomer represented here corresponds to that with the 

electron on the exocyclic amino group as has been demonstrated that such tautomer is the reactive species that 

reacts with the protonated reduced complex [RuII(TAP)2(TAPH•)]2+. The explanation of such behaviour still 

remains unknown.  
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carbon in the β-position to the chelating N of one of the TAP ligands and the 

exocyclic nitrogen of the guanine moiety.203,213,219,223 Thus, photoadduct formation 

does not disrupt the coordination sphere around the metal ion. It must be noted that 

the charge of such photoadduct will depend on the pH of the solution.213 

3) Photo-cleavage of guanine-containing DNA in which the guanine radical cation or 

its deprotonated derivative, produced by oxidation by the excited state of the 

complex, escapes from the BET process and abstracts an H-atom from the sugar 

moiety of DNA and, after several reactions, gives rise to strand breaks.208,224,225 For 

example, photo-induced cleavage of the DNA plasmid has been observed when it 

was irradiated in solution in the presence of 38.202,212,226 Atomic force microscopy 

(AFM) experiments have shown transformation of the supercoiled covalently closed 

circular form (ccc) of the plasmid into its open circular form (oc).202,212,226 Despite 

its interesting biological applications, DNA photo-cleavage will not be discussed in 

this thesis and only the reaction pathway leading to photoadduct formation will be 

further examined. 

The described PET mechanism should be similar for other π-deficient ligands-

containing Ru(II) complexes and with the reducing amino acids Trp and Tyr, although it has 

been shown that the electron transfer is not kinetically coupled to a proton transfer in the 

presence of these amino acids.227 This is most likely due to the increased exergonicity of the 

forward PET process in the presence of Trp and Tyr (Table 1.3). In addition, photoadduct 

formation with the HAT derivative [Ru(HAT)2phen]2+ (41) has been found to occur via the 

O-6 atom of the guanine moiety instead of the exocyclic amino group (Figure 1.21).228 

 

Figure 1.21. Chemical structures of the photoadducts formed between 38 and GMP (43), 39 and Trp (44), and 

41 and GMP (45). In the GMP moiety, R = ribose-phosphate. 
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The formation of a covalent photoadduct between the oxidising Ru(II) complex and 

either a guanine or tryptophan moiety has been demonstrated by different techniques, 

including denaturating polyacrylamide gel electrophoresis,202,203,209,219 dialysis 

experiments,202,203,219 UV-vis absorption spectroscopy and mass 

spectrometry.202,203,209,219,223,229 In addition, 1H, 1H–1H and 1H–13C NMR spectroscopy 

unveiled the structure of such photoadducts which was further confirmed by steady-state 1H 

photo-chemically induced dynamic nuclear polarisation (CIDNP).223,229,230 Furthermore, the 

ability of these complexes to photoreact with biomolecules is not restricted to the formation 

of mono-adducts. Bi-adduct formation has also been observed by addition of two guanine or 

tryptophan residues to the same Ru(II) complex. This is of particular interest as it provides 

these complexes with the ability to irreversibly photocrosslink the two strands of DNA 

containing guanine residues or two proteins with tryptophan amino acids via two consecutive 

PET reactions.203,231 Indeed, homo- and hetero-photocrosslikings of guanine-containing 

oligonucleotides and tryptophan-containing peptides with an oxidising Ru(II) complex 

acting as photobridging agent has also been demonstrated (Figure 1.22).203,231 

 

Figure 1.22. Schematic representation of the homo-photocrosslinking between (a) two guanine-containing 

oligonucleotides (red) or (b) two tryptophan-containing peptides (blue), and (c) hetero-photocrosslinking 

between one guanine-containing oligonucleotide (red) and one tryptophan-containing peptide (blue). 

As discussed in Section 1.3.2, the anti-cancer activity of cisplatin results from 

covalent adduct formation with adenine and guanine nucleobases of DNA, yielding inter- or 

intra-strand crosslinks.55 Therefore, the ability of π-deficient polyazaaromatic Ru(II) 

complexes to form covalent photoadducts with biomolecules in a spatially and temporally 

controlled manner is very attractive for the development of new photoactivated 

chemotherapeutic agents. This can induce irreversible photodamage to biomolecules 

resulting in gene expression inhibition or protein dysfunction. In addition, photoadduct 
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formation provides this type of complex with the ability to exert their phototherapeutic 

activity in the absence of O2. This additional mechanism of action, known as photoactivated 

chemotherapy (PACT), is an alternative to that displayed by conventional PDT agents and 

may overcome one of the limitations of PDT, that is, its ineffectiveness in hypoxic 

environments which are often present in tumour tissues. Indeed, a Ru(II) polyazaaromatic 

complex (46) has been recently delivered into the nucleus of mammalian cell lines for the 

first time by Keyes and co-workers by conjugation to a NLS sequence (Figure 1.23). 

Complex 46 was found to selectively destroy the treated cells upon light irradiation via an 

oxygen-independent mechanism such as direct DNA oxidation by a PET process between 

the guanine bases and the π-deficient polyazaaromatic Ru(II) complex and possibly 

photoadduct formation.198 

 

Figure 1.23. Chemical structure of 46 and confocal microscopy images of HeLa cells incubated with 46 (red, 

100 µM) for 5 h showing the phototoxic effect of 46 by irradiating a single HeLa cell at 470 nm (0.13 mW 

cm−2) for 15 min in the presence of DRAQ7 (blue), a nuclear stain that only enters the nucleus of dead cells. 

Images from reference 198. 

In the next section, the potential of Ru(II) polypyridyl complexes to be light activated 

and induce control cell death via oxygen-dependent mechanisms, that is, as PDT agents, will 

be presented. 

1.6.4 Ru(II) Polypyridyl Complexes as Photosensitisers for Photodynamic Therapy 

As previously discussed in Section 1.6.2, the therapeutic activity of Ru(II) polypyridyl 

complexes in a cellular environment is not always possible through DNA interaction (non-

covalent and covalent binding), as they are not often able to reach the cell nucleus where the 

genetic material is contained. However, the attractive excited-state properties of these 

complexes make them versatile molecules to exert their biological potential via other 

cytotoxic pathways. In this context, Ru(II) polypyridyl complexes have emerged as 

promising photoactivatable chemotherapeutic agents, that is, transition metal complexes that 



Chapter 1 – Introduction 

31 

 

show light-triggered anticancer activity.62,63,92,93,232 The use of light provides this therapeutic 

strategy with a spatial and temporal control over the cytotoxicity of the drug. Photoactivated 

chemotherapy can occur through oxygen-dependent and -independent mechanisms. In 

oxygen-independent mechanisms the presence of oxygen is not necessary for the drug to 

exert its therapeutic activity upon light activation. For example, this is the case of the 

therapeutic effect arising from photoadduct formation examined in the previous section. On 

the other hand, oxygen-dependent pathways require the presence of oxygen and are those 

that define PDT. The potential of PDT in the treatment of cancer as an alternative to the 

conventional anticancer therapies as well as the mechanism of action of such strategy was 

earlier discussed in Section 1.4. As was highlighted, most of the photosensitisers approved 

by the FDA are phorphyrin-based molecules. However, due to the several drawbacks 

displayed by this class of PSs, research efforts have been made with a view to develop new 

PSs. Ru(II) polypyridyl complexes have been extensively studied as potential PDT 

candidates for their photophysical, photochemical and photobiological properties that can be 

tuned to optimise their PDT activity.62,63,92,93 Indeed, a number of Ru(II)-based 

photosensitisers have shown quantum yields of 1O2 production (Type II PDT) close to 

unity.121,233 The use of Ru(II) polypyridyl complexes in PDT has been recently reviewed by 

several research group and as such, only some representative examples will be presented 

here.62,63,92,93,232 

In 2016, Sainuddin et al. reported the Ru(II) complex [Ru(bpy)2(pbpn)]2+ (47, pbpn 

= 4,9,16-triazadibenzo[a,c]napthacene) (Figure 1.24a), a cyclometalated version of a Ru(II)-

dppn based complex obtained by exchanging one of the coordinating nitrogen atoms of the 

dppn polypyridyl ligand for an isoelectronic carbon anion (the chemical structure of the 

dppn ligand was depicted previously in Figure 1.15).132 The replacement of diimine ligands 

by their cyclometalated counterparts has been shown to influence the properties of the 

resulting complex. Thus, cyclometalated Ru(II) complexes usually display red-shifted 

absorption, increased photostability and a significantly greater cytotoxicity when compared 

to their Ru(II) diimine analogues.234-236 Interestingly, cytotoxicity studies in human 

malignant melanoma cells (SK-MEL-28) showed that complex 47 was not toxic in the dark 

with a half maximal effective concentration (EC50) value of more than 300 µM. However, 

after visible-light treatment (100 J cm−2), complex 47 was found to be extremely phototoxic 

towards cells (EC50 = 0.206 µM) resulting in a large phototoxic index (PI, i.e. the ratio of 

the EC50 value in the dark to the EC50 value upon light irradiation) of more than 1400 (Figure 

1.24a). The origin of such photoactivity was not due to Type II PDT, as complex 47 
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displayed a low quantum yield of 1O2 production ( = 0.0056 in air-saturated MeCN at 298 

K), but to direct photoreduction of biological molecules as well as dioxygen to produce the 

ROS superoxide (Type I PDT).132 

 

Figure 1.24. (a) Chemical structure of [Ru(bpy)2(pbpn)]2+ (47) and in vitro dose-response curves for 47 in 

SK-MEL-28 cells with (red) and without (black) visible-light activation (100 J cm−2). (b) Chemical structure 

of [Ru(bpy)2(5-PEP)]2+ (48) and in vitro dose-response curves for 48 in HL60 cells with (red) and without 

(black) visible-light activation (100 J cm−2). c) Chemical structure of TLD1433 (49) and Kaplan-Meier survival 

curves of mice bearing CT26.WT colon adenocarcinoma tumours post 49-mediated PDT using a continuous 

wave light source (λexc = 525–530 nm, 192 J cm−2). Graphs from references 132, 233 and 237. 

Another Ru(II) polypyridyl complex that has shown biological potential to act as 

PDT agent was developed by Lincoln et al. in 2013.233 This Ru(II)-appended 

pyrenylethynylene complex [Ru(bpy)2(5-PEP)]2+ (48, 5-PEP = 5-pyren-1-ylethynyl-1,10-

phenanthroline) (Figure 1.24b) was found to possess long-lived 3IL-based excited states that 

were sensitive to trace amounts of oxygen ( = 0.68 in air-saturated MeCN at 298 K). 

Furthermore, complex 48 showed a potent phototoxic effect in human promyelocytic 

leukaemia cells (HL60) with EC50 values of 262 and 0.15 µM with and without light 

treatment, respectively, resulting in a PI of more than 1700 (Figure 1.24b).233 

One of the most exciting Ru(II)-based compounds developed to date is a complex 

derived from α-terthienyl appended to imidazo[4,5-f][1,10]-phenanthroline, designated 

TLD1433 (49) (Figure 1.24c).237-239 This complex was designed by McFarland and co-

workers and is the first Ru(II) polypyridyl complex entered into clinical trials for PDT 

treatment of non-muscle invasive bladder cancer.240 The potential of 49 as PDT agent was 

evaluated in vitro in colon carcinoma and glioblastoma cell lines.237 Low dark toxicity was 

observed in cells treated with less than 10 µM concentration of 49 for 6 h. However, when 
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murine colon carcinoma (CT26.WT) and human glioblastoma (U87) cells were incubated 

with 1 µM concentration of 49 and irradiated with green light (λexc ≈ 525 nm, 45 J cm−2), 

100% cell death was induced by complex 49, which corresponds to median lethal dose 

(LD50) values of 21 and 51 nM in CT26.WT and U87 cell lines, respectively. A 1O2 quantum 

yield close to unity and the ineffectiveness of 49 under hypoxic conditions (<0.5% O2) 

demonstrated the dependence of the photodynamic effect on the presence of oxygen.237,238,241 

Furthermore, in vivo studies were also assessed in 8-10-week-old BALB/C mice 

subcutaneously injected with CT26.WT murine colon carcinoma and maximum tolerated 

doses 50 (MTD50) were found to be 103 mg kg−1. PDT treatment of the mouse model was 

shown to be effective in causing tumour growth delay resulting in a significant increase in 

animal survival (Figure 1.24c).237 These studies showed the potential of 49 as photosensitiser 

in both in vitro and in vivo models. 

As illustrated in the examples presented above, Ru(II) polypyridyl complexes are 

promising light-activatable agents with theranostic PDT potential in anticancer applications. 

Their conjugation to other functional species may result in an improvement of their 

biological properties. In this context, gold nanoparticles (AuNPs) have become the research 

focus in many fields of medicinal chemistry. In the next section, the potential applications 

of these nanomaterials in cancer therapy, with particular attention to AuNPs conjugated to 

photoactive species for use in PDT, will be discussed. 

1.7 Gold Nanoparticles and their Anticancer Applications 

In recent years, gold nanoparticles conjugates have been extensively explored for use in 

biology and medicine.242-246 Defined as submicroscopic particles with sizes between 1 and 

100 nm, they display unique and tuneable optoelectronic properties which can be exploited 

in diagnostic and therapeutic applications. For instance, AuNPs absorbs light strongly at a 

particular wavelength due to a phenomenon called surface plasmon resonance (SPR) 

resulting from the collective oscillation of free electrons on the gold nanoparticle surface.245-

248 The wavelength where this occurs is dependent on the size and shape of the gold 

nanomaterial. In addition, the AuNP surface offers a stable and easily functionalised 

platform for conjugation with ligands containing functional groups that exhibit affinity for 

gold, as is the case of thiols, phosphines and amines.244-246,248 Furthermore, AuNPs have 

shown attractive properties for use in biological systems. For example, they are 

biocompatible, with any toxicity arises being associated with the chemical composition of 

the ligands attached to the gold surface.245 They also have a large surface area to volume 
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ratio which provides them with the ability to achieve high loading of ligands and thus high 

concentrations of cargo can be delivered into cells while maintaining a lower overall 

concentration of AuNPs.249 Intracellular penetration of most gold nanoconjugates has also 

been confirmed by several research groups, 

although differences in their surface chemistry, 

particle size, charge and lipophilicity have been 

shown to play a crucial role in the cellular uptake 

mechanism.250,251 On the other hand, nanodrugs 

have been found to exhibit size-selective 

accumulation at tumours, presumably because of 

the enhance permeability and retention (EPR) 

effect, a phenomenon caused by the abnormal 

leaky tumour vasculature and poor lymphatic 

drainage by which the diffusion and retention of 

molecules of a certain size within tumour tissue 

are facilitated (Figure 1.25).245 However, it must 

be noted that the realibility of the EPR effect 

remains a controversial topic in nanomedicine. 

The above-described properties make gold nanoparticles potential platforms for use 

in a wide range of biomedical applications such as cancer therapy.245,249 In this area, AuNPs 

have been employed as delivery scaffolds of anticancer drugs.252 For example, the research 

groups of Mirkin and Lippard attached a Pt(IV) complex (50), that acted as prodrug of the 

 

 

Figure 1.26. (a) Conjugation of a Pt(IV) cisplatin prodrug (50) to amine-terminal oligonucleotide-

functionalised AuNPs. (b) Live cell imaging of HeLa cells upon incubation with 50·DNA-AuNP (red) for 12 

h. The nucleus is stained blue with Hoechst 33342. Image from reference 253. 

Figure 1.25. Graphic illustration of the size-

selective preferential accumulation of circulating 

gold nanoparticle conjugates at tumour sites by 

the EPR effect. Image from reference 245. 
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chemotherapeutic cisplatin, to DNA-AuNPs (Figure 1.26a). The resulting conjugates 

(50·DNA-AuNP) were efficiently internalised by HeLa cervical cancer cells (Figure 1.26b) 

with subsequent reduction of the Pt(IV) prodrug and release of the cytotoxic cisplatin, which 

entered the cell nucleus and formed intra-strand crosslinks with nuclear DNA.253 Gold 

nanoparticles have also shown promising opportunities in gene therapy for the delivery of 

small interfering RNA (siRNA) and subsequent knockdown of the tumorigenic proteins 

expression.254,255 Furthermore, the efficient light-to-heat conversion capability of AuNPs has 

been explored for their use in photothermal therapy (PTT) for cancer treatment in which 

exogenously applied light is converted into heat in order to induce cancer cells death.256,257 

As previously mentioned, one aim of the work presented in this thesis is the 

development of new Ru(II)-based systems with PDT activity. Within this field, AuNP 

conjugates have been revealed as emerging nanomaterials for use in PDT that can overcome 

some of the limitations of the classic photosensitisers.258,259 In this area, Russell and co-

workers functionalised AuNPs with phthalocyanines (51·AuNP) and using the phase 

transfer reagent tetraoctylammonium bromide (TOAB) to stabilise the photosensitisers on 

the gold surface (Figure 1.27a).260 An enhancement of the quantum yield of 1O2 production 

was observed for the resulting 2–4 nm system compared to the free phthalocyanine (51). 

Furthermore, the AuNP conjugates were found to be effectively taken up by HeLa cells 

(Figure 1.27b) and induced greater photodynamic efficacy than the free photosensitiser after 

irradiation with 690 nm light.261 Subsequent in vivo studies in amelanotic melanoma (B78H1 

cells) subcutaneously transplanted on mice revealed that 51·AuNP conjugates were able to 

selectively target cancer tissue and display a great PDT response resulting in the inhibition 

of tumour growth.262 

 

Figure 1.27. (a) Schematic representation of phthalocyanine (51) functionalised AuNPs and with the phase 

transfer reagent TOAB (51·AuNP). (b) Combined confocal fluorescence and Differential Interference Contrast 

images of HeLa cells after incubation with 51·AuNP (red) for 16 h. Image from reference 261. 
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In the particular case of Ru(II) polypyridyl complexes, only a few examples of 

AuNPs functionalised with these metal complexes have been reported in the literature, being 

the cases where the Ru(II)-AuNP conjugates are used in PDT even more limited.263-271 For 

example, Rogers et al. investigated the cellular imaging of 100 nm diameter AuNPs 

functionalised with a Ru(II) polypyridyl complex (52) previously coated with a non-ionic 

fluorinated surfactant (Figure 1.28a).266 Single particles were visualised within A549 human 

lung cancer cells with no significant toxicity towards cells highlighting the potential of 

52·AuNP as cellular imaging probes (Figure 1.28b). 

 

Figure 1.28. (a) Schematic representation of Ru(II) polypyridyl (52) functionalised AuNPs previously coated 

with a non-ionic fluorinated surfactant (52·AuNP). (b) Confocal images of single 52·AuNP (red) in A549 cells. 

Image from reference 266. 

Some of the most representative examples of Ru(II) polypyridyl functionalised 

AuNPs have been developed within the Gunnlaugsson group over the past few years and 

will be presented in the next section among other Ru(II)-based structures achieved in the 

group.264,271 

1.8 Recent Advances within the Gunnlaugsson Group 

The excellent photophysical properties and potential biological applications of Ru(II) 

polypyridyl complexes have been the focus of extensive studies in the Gunnlaugsson group. 

Therefore, many new ruthenium-based structures were developed and their ability to be used 

as therapeutic agents and DNA imaging probes was investigated in detail in collaboration 

with Prof. D. Clive Williams in the School of Biochemistry and Immunology and Prof. John 

M. Kelly in the School of Chemistry at Trinity College Dublin.63,170,264,271-278 

Within the Gunnlaugsson group, Dr Elmes and collaborators developed Ru(II) 

polypyridyl complexes containing pyrazino[2,3-h]dipyrido[3,2-a:2',3'-c]phenazine (pdppz), 

a new extended aromatic ligand resulting from the combination of both TAP and dppz 

functionalities.170 The expansion of the aromaticity in the dppz ligand was expected to 
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enhance the DNA binding of the resulting complexes because of a "hook effect". For this 

purpose, the properties of Ru(II) complexes containing pdppz and either phen or TAP as 

ancillary ligands (33 and 53, respectively) were investigated. Both complexes displayed high 

affinity for DNA in competitive media and active or facilitated cellular uptake with 

localisation in the cytoplasm (Figure 1.29a). In addition, cytotoxicity assays in several 

 

 

Figure 1.29. (a) Chemical structure of 53 and confocal microscopy image of HeLa cells incubated with 53 

(red, 100 µM) for 24 h. The nucleus is stained blue with DAPI. Images from reference 170. (b) Chemical 

structure of 54. 

malignant cell lines demonstrated that complex 53 was able to induce apoptosis after 

photoactivation using low energy irradiation, thus revealing this compound as a promising 

candidate to be used in PDT.170 However, most of Ru(II) polypyridyl complexes show 

MLCT absorption and emission maxima shorter than 500 and 650 nm, respectively, a 

drawback for their use as imaging agents and cancer phototherapeutics due to the deeper 

tissue penetration of NIR light (700–1100 nm). Therefore, long-wavelength excitation and 

emitting compounds are advantageous for such biological applications. With this in mind, 

Elmes et al. synthesised a Ru(II) polypyridyl complex (54) based on the 2,3-di(pyridin-2-

yl)pyrazino[2,3-f]quinoxaline ligand.274 This complex showed a MLCT emission band 

centred at ca. 800 nm and binding affinity for DNA, features that makes complex 54 a 

potential NIR emitting DNA probe (Figure 1.29b).274 

The Gunnlaugsson group is a multidisciplinary research group where several 

research areas are developed simultaneously. Taking advantage of this fact, much effort has 

been made to incorporate ruthenium complexes into other structures being studied in the 

Gunnlaugsson group in order to create more complex systems which combine the properties 

of both motifs. In this context, Ru(II) polypyridyl complexes have been conjugated to 1,8-

naphthalimide derivatives by Dr Ryan and Dr Elmes in collaboration with Prof. Susan J. 

Quinn at University College Dublin (UCD), using both rigid and flexible linkers to separate 
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Figure 1.30. Chemical structures of the 1,8-naphthalimide Ru(II) polypyridyl conjugates 55 and 56, and the 

Ru(II) polypyridyl complex featuring an aryl urea derivatised 2,2'-bpy auxiliary ligand 57. 

the ruthenium and naphthalimide functionalities (Figure 1.30).272,277 Interestingly, the 

incorporation of the naphthalimide moiety resulted in an enhancement in the binding affinity 

of the resulting conjugates (55 and 56) for DNA. Both derivatives 55 and 56 displayed 

efficient cleavage of DNA upon photo-irradiation. In addition, the Ru(II)-naphthalimide 

conjugate 56 was found to be successfully internalised by HeLa cells with localisation in the 

cytoplasm, and photo-toxic towards cells.272,277 

This work was further extended by Dr Elmes and co-workers who developed a 

dinuclear analogue of 55 by incorporation of a Tröger’s base functionality (Figure 1.31a).275 

 

Figure 1.31. (a) Chemical structure of 58. (b) Confocal microscopy image of HeLa cells incubated with 58 

(red, 10 µM) for 24 h. The nucleus is stained blue with DAPI. (c) Chemical structure of 59. (d) Confocal 

microscopy image of HeLa cells incubated with 59 (green, 1 µM) for 30 min. The nucleus is stained red with 

DRAQ5. Images from references 275 and 278. 
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The resulting complex (58) was found to undergo rapid cellular uptake in HeLa cells and 

displayed good luminescence inside the cells without affecting cell viability after 24 h 

incubation (Figure 1.31b). More recently, Shanmugaraju et al. showed the fast-cellular 

uptake and antiproliferative activity against HeLa cells of the 4-amino-1,8-naphthalimide 

Tröger’s base-Ru(II)-curcumin organometallic conjugate 59 (Figures 1.31c and 1.31d).278 

Other examples of Ru(II) polypyridyl based-structures explored in the Gunnlaugsson group 

include a Ru(II) polypyridyl complex containing urea (57) (Figure 1.30) that has been shown 

to be useful for luminescent anion sensing.276 

Gold nanoparticles have also been functionalised with Ru(II) polypyridyl complexes 

by Elmes et al. (Figure 1.32a).264 As was previously discussed, AuNPs are known to have 

interesting properties such as biocompatibility, low cytotoxicity and high solubility in water 

which make them suitable platforms to be used in biological applications. The mentioned 

ruthenium polypyridyl decorated AuNPs (60·AuNP5 nm, 61·AuNP5 nm and 62·AuNP5 nm) 

(hydrodynamic diameter of ca. 5 nm) displayed DNA affinity and non-toxicity in HeLa cells. 

 

Figure 1.32. (a) Chemical structures of Ru(II) polypyridyl functionalised AuNPs (L-L = bpy (60·AuNP), phen 

(61·AuNP) or TAP (62·AuNP)). (b) Confocal microscopy images of HeLa cells incubated with (a) 60·AuNP5 

nm (red, ~16 nM gold concentration) for 4 h or (c) 62·AuNP15 nm (red, 20 µM) for 24 h. The nucleus is stained 

blue with DAPI. Images from reference 264 and 271. 

Confocal microscopy (Figure 1.32b) and transmission electron microscopy (TEM) imaging 

showed that these systems were taken up into HeLa cells and they were localised within the 
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cytoplasm and nuclei of cells, demonstrating the potential of such nanomaterials to deliver 

high concentrations of Ru(II) polypyridyl complexes into live cells and act as cellular 

imaging agents.264 Later on, larger Ru(II) functionalised AuNPs were synthesised by Dr 

Martínez-Calvo and co-workers (60·AuNP15 nm, 61·AuNP15 nm and 62·AuNP15 nm) 

(hydrodynamic diameter of ca. 15 nm) with a view to overcome the difficulties shown by 

small size AuNPs when investigating their cellular uptake mechanism (Figure 1.32a).271 

Similarly to the previously synthesised 5 nm Ru(II) functionalised AuNPs, these systems 

were found to display high binding affinity for DNA, rapid cellular uptake (Figure 1.32c) 

and non-phototoxicity against HeLa cells, which highlighted once again their promising 

applicability in biological systems. 

Finally, the recent work carried out by Dr Poynton in collaboration with Prof. John 

M. Kelly based on the elucidation of the influence of the DNA sequence nature in PET using 

both transient absorption (TrA) and time-resolved infrared (TRIR) spectroscopy both in 

solution and in crystal structures should be highlighted.279-284 This research gives further 

insight into the photophysical properties of Ru(II) polypyridyl complexes. 

1.9 Objectives of this Work 

Following the investigation into the photophysical properties and potential biological 

applications of Ru(II) polypyridyl complexes, the objective of this research project is 

concerned with the design of novel ruthenium-based DNA probes and photoactivated 

anticancer drugs. 

In Chapter 2, we aim to synthesise and photophysical characterise two new Ru(II) 

polypyridyl complexes containing the extended aromatic ligand dipyrido[3,2-a:2’,3’-

c][1,2,5]thiadiazolo[3,4-h]phenazine (dtp). We hypothesise that he extension of the well-

known dppz ligand with the thiadiazole heterocycle will improve the binding properties of 

the Ru(II) complex to DNA and, therefore, enhance the potential of the resulting molecules 

to induce DNA damage through disruption of replication and transcription processes. 

Furthermore, based on the ability of many Ru(II) polypyridyl complexes to generate 1O2, it 

is envisaged that these compounds will be ideal candidates as PDT agents in cancer therapy. 

Therefore, in addition to their DNA binding properties, cellular uptake and phototoxicity 

studies will be pursued. 

In Chapter 3, we will examine the mono-photoadduct formed from the photoreaction 

between a π-deficient Ru(II) polyazaaromatic complex with a guanine-based nucleotide on 

both its ground and excited states by a number of spectroscopic techniques. It is foreseen 



Chapter 1 – Introduction 

41 

 

that additional spectroscopic studies to those already reported in the literature for this 

compound will contribute to gain a more comprehensive understanding of the photochemical 

mechanism by which this mono-photoadduct is able to react with a second guanine moiety 

and participate in DNA photocrosslinking. 

In Chapter 4, we will prepare and study a series of water-soluble Ru(II) complexes 

based on polypyridyl ligands containing long alkyl chains. Their ability to self-assembly in 

aqueous solution into micellar species and act as luminescent surfactants as well as the 

aggregation effect on their photophysical properties will be analysed. Furthermore, the 

potential of these systems to bind to DNA and be used as DNA targeting species will be 

investigated. In addition, it can be anticipated that the coordination of lipophilic ligands to 

the ruthenium centre will result in an enhancement of the cellular uptake of the complexes 

due to their more favourable internalisation arising from the localisation in the cellular 

membrane. In vitro studies are expected to give information about the influence of the alkyl 

chain length on the cellular uptake and in the ability of these complexes to reduce cellular 

viability via photoactivation pathways. 

Finally, in Chapter 5, we aim to synthesise two dinuclear Ru(II) polypyridyl 

complexes attached onto the surface of AuNPs. The combination of the advantageous 

properties of both the ruthenium moiety and the gold nanomaterial is expected to extent the 

applicability of the resulting conjugate in biological systems. Photophysical studies as well 

as cellular uptake investigations will be pursued. 
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2.1 Introduction 

Ruthenium(II) polypyridyl complexes containing the extended aromatic ligand dppz have 

been the focus of extensive research efforts by a wide number of research groups since 28 

was synthesised in 1985 and the subsequent discovery in 1990 of its particular environment-

dependent photophysical properties.136-138,142,143,145,146,150,151,163,165,174,285-293 As described in 

Section 1.6.2, this complex has shown to be weakly emissive in aqueous solution, but it 

emits strongly in non-protic solvents and when bound to DNA. The same behaviour is 

observed for the phen analogue 29 that displays a luminescence lifetime of ca. 250 ps in 

aqueous solution but it becomes 174 ns in acetonitrile.137,163 Although the photophysical 

processes responsible of this effect are still the object of several studies, it seems to be 

generally accepted that H bond formation between the nitrogen atoms of the phenazine 

moiety of the dppz ligand and the water molecules present is the reason for the weak 

emission of these complexes in aqueous solution.137,138 However, in the presence of DNA, 

intercalation of complexes 28 and 29 between the base pairs via the dppz ligand results in a 

protection of the phenanzine part from H-bonding causing them to become emissive.137,138 

This phenomenon, known as the “light-switch effect”, makes these complexes suitable for 

DNA imaging.142,143,163,294,295 

Furthermore, the replacement of the bpy and phen ancillary ligands in such 

complexes by the π-deficient TAP ligand confers a strongly oxidising character on the 

excited state of the resulting ruthenium complex 30 and provides it with the ability to photo-

react with reducing biomolecules such as tryptophan and guanine residues via a 

photoinduced-electron transfer (PET) mechanism from the nucleobase or amino acid to the 

3MLCT excited state of the complex.166,203,231 Therefore, Ru(II) complexes containing 

polyazaaromatic ligands show potential applications as photoactivated therapeutic drugs as 

they can induce controlled and irreversible damage to biomolecules using light as an external 

trigger. Simultaneously, cell damage can also be induced through ROS generation. In this 

context, a large number of Ru(II) polypyridyl complexes have shown promising excited-

state properties for their use in PDT with significant quantum yields values of singlet oxygen 

production.62,63,93,296 However, despite their interesting photophysical properties that make 

them suitable for biological applications, these dppz complexes show a low ability to be 

taken up by the cells thus limiting their use in a cellular level. Therefore, the development 

of new Ru(II) polypyridyl complexes containing chemically modified dppz derivatives with 

the capacity to overcome this issue has become an active research field.170,173,179,181,297 
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Taking the therapeutic potential of Ru(II) polypyridyl complexes into account,63 the 

aim of the research presented in this chapter will be the development of two new Ru(II) 

polypyridyl complexes based on an extended dppz ‘like’ ligand, dipyrido[3,2-a:2’,3’-

c][1,2,5]thiadiazolo[3,4-h]phenazine (dtp), synthesised for the first time by Miranda et al.298 

This ligand results from the extension of the dppz aromatic structure with a 1,2,5-thiadiazole 

ring (Figure 2.1). As mentioned in Section 1.8, previously in the Gunnlaugsson group, a 

series of Ru(II) polypyridyl complexes containing the dppz derivative pyrazino[2,3-

h]dipyrido[3,2-a:2',3'-c]phenazine (pdppz) were synthesised and their DNA binding 

properties as well as their biological applications were investigated.170 In this case, the 

original dppz ligand was modified by incorporation of a pyrazine heterocycle (Figure 2.1). 

 

Figure 2.1. Chemical structures of the extended aromatic ligands dppz, pdppz and dtp. 

In the same way as with the pdppz ligand, it was expected that the extension of the 

planar structure of dppz would increase the intercalation of the complexes into the DNA 

structure and enhance their cellular uptake.178,299 In addition, thiadiazoles have been widely 

used in medicinal chemistry in the development of new drugs for the treatment of cancer, 

inflammation, hypertension, depression, or epilepsy, among others, as they are bioisosteres 

of several heterocycles such as pyrimidine, oxadiazole or oxazole.300 

 

Figure 2.2. Chemical structures of the Ru(II) polypyridyl complexes 63 and 64 studied in this chapter. 

The main purpose of this chapter is the design of new ruthenium dppz-based 

compounds and the evaluation of their potential as DNA photoprobes and anticancer drugs. 

First, the synthesis and characterisation of complexes 63 and 64 is described. In the 
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following sections, their photophysical properties are discussed and their DNA binding 

behaviour is investigated using different spectroscopic techniques such as UV-vis absorption 

and emission spectroscopic titrations, thermal denaturation studies and circular dichroism as 

well as viscosity. Finally, their ability to produce singlet oxygen is evaluated and biological 

studies including cellular uptake and phototoxicity are presented. 

2.2 Synthesis and Characterisation of 63 and 64 

Synthesis of complexes 63 and 64 was achieved adapting literature procedures which were 

previously used in our group for similar complexes.170,301,302 First, 1,4,5,8-

tetraazaphenanthrene (TAP) and dipyrido[3,2-a:2’.3’-c][1,2,5]thiadiazolo[3,4-h]phenazine 

(dtp) ligands were synthesised according to two different four step procedures described in 

the literature.298,303 The synthetic pathway of the TAP ligand is outlined in Scheme 2.1. 

 

Scheme 2.1. Synthetic pathway for TAP: (i) glyoxal (40 wt. % in H2O), EtOH, reflux, 16 h; (ii) NH2OH.HCl, 

NaOMe, MeOH, reflux, 16 h; (iii) N2H4·H2O, 10% Pd/C, EtOH, reflux, 1 h; (iv) glyoxal, EtOH, reflux, 2 h. 

The first step involved condensation of 4-nitro-1,2-benzenediamine (65) with 

glyoxal (40 wt. % in H2O) in EtOH under reflux for 16 h. After cooling down the reaction 

mixture, the resulting precipitate was filtered and washed with cold MeOH to give 6-

nitroquinoxaline (66) as a grey solid in 79% yield. Direct amination of 66 at position 5 was 

achieved by nucleophilic aromatic substitution using hydroxylamine in the presence of 

freshly prepared NaOMe. The reaction mixture was refluxed for 16 h before being cooled in 

the freezer for two days followed by filtration yielding 5-amino-6-nitroquinoxaline (67) as 

an orange solid in 47% yield. Subsequent reduction of the nitro group of 67 was carried out 

using hydrazine in the presence of 10% Pd/C in EtOH under reflux for 1 h. Filtration of the 

reaction mixture through celite followed by solvent removal under reduced pressure gave 

5,6-diaminoquinoxaline (68) as a red solid in 89% yield. Glyoxal (40 wt. % in H2O) was 
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then condensed with 68 in EtOH under reflux for 2 h. The reaction mixture was cooled and 

filtered to give a brown solid which was subsequently suspended in CH2Cl2 and passed 

through silica using a mixture CH2Cl2/acetone (8:2) as eluent. Removal of the solvent under 

reduced pressure and recrystallization from EtOH yielded TAP as beige needles in 41% 

yield. Further synthetic details as well as full characterisation of TAP ligand by 1H NMR, 

13C NMR, HRMS, melting point analysis and IR spectroscopy can be found in Section 7.7.1 

of Chapter 7 and Figures A2.1 and A2.2 of the Appendices. 

The synthesis of dtp ligand is shown in Scheme 2.2. Firstly, 65 was converted into 

5-nitro-2,1,3-benzothiadiazole (69) using thionyl chloride in the presence of triethylamine 

in DMF at 0 °C for 2 h. After quenching of the reaction mixture with H2O, the organic layer 

was washed with a saturated solution of NaHCO3, H2O and brine and the CH2Cl2 removed 

under reduced pressure, after which the resulting solid was purified by silica chromatography 

using a mixture of CH2Cl2/hexane (1:1) as eluent to give 69 as a yellow solid in 51% yield. 

Direct amination of 69 at position 4 was carried out by nucleophilic aromatic substitution 

with hydroxylamine in the presence of ethanolic KOH at 0 °C. The reaction mixture was 

stirred for 2 h before being quenched with 36% HCl to give 4-amino-5-nitro-2,1,3-

benzothiadiazole (70) as a yellow precipitate which was filtered, washed with EtOH and 

subsequently reduced to 4,5-diamine-2,1,3-benzothiadiazole (71) using Na2S2O4 in boiling 

H2O. The reaction mixture was boiled for 20 min, filtered and cooled at room temperature 

for 16 h yielding 71 as a red solid in 71% yield. The final step involved condensation of 71 

with 1,10-phenanthroline-5,6-dione (72), kindly prepared by Dr Bjørn la Cour Poulsen, in a  

 

 

Scheme 2.2. Synthetic pathway for dtp: (i) SOCl2, NEt3, DMF, 0 °C, 2 h; (ii) NH2OH·HCl, KOH, EtOH, 0 °C, 

2 h; (iii) Na2S2O4, H2O, reflux, 20 min; (iv) H2O/EtOH (1:1), pressure tube, 140 °C, 16 h. 
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mixture of EtOH/H2O (1:1) in a high-pressure tube at 140 °C for 16 h. After cooling to room 

temperature, filtration of the resulting precipitate and further washing with H2O, EtOH and 

Et2O gave dtp a yellow powder in 81% yield. The dtp ligand was then characterised by 1H 

NMR, 13C NMR, HRMS, melting point analysis and IR spectroscopy (see Section 7.7.1 of 

Chapter 7 and Figures A2.3 and A2.4 of the Appendices for details). 

Precursor bispolypyridyl dichloride complexes were synthesised in two steps as 

shown in Scheme 2.3. First, [Ru(η4-COD)Cl2]n (73) was prepared by refluxing 

RuCl3·x(H2O) in the presence of 1,5-cyclooctadiene (COD) in EtOH for three days to give 

73 as a dark brown solid in 97% yield. The second step involved reaction of 73 with the 

corresponding polypyridyl ligand (1,10-phenantroline (phen) or 1,4,5,8-

tetraazaphenanthrene (TAP), for 63 and 64, respectively) in degassed DMF using 

microwave irradiation at 140 °C for 40 min. Addition of acetone and cooling of the reaction 

mixture at −15 °C for 2 days resulted in the precipitation of the precursors cis-[Ru(phen)2Cl2] 

(74) and cis-[Ru(TAP)2Cl2] (75) as dark purple solids in 64% and 78% yield, respectively. 

 

 

Scheme 2.3. Synthetic pathway for 63 and 64: (i) 1,5-cyclooctadiene, EtOH, reflux, 3 days; (ii) DMF, 

microwave reaction, 140 °C, 40 min; (iii) EtOH/H2O (1:1), microwave reaction, 140 °C, 40 min. 

This procedure ensured that the two remaining chlorides are coordinated to the ruthenium 

centre in a cis orientation, which was essential for subsequent incorporation of the final 
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bidentade ligand dtp. Complexation of the extended dtp ligand with the appropriate Ru(II) 

bispolypyridyl dichloride was subsequently carried out by microwave reaction in a degassed 

EtOH/H2O mixture (1:1) at 140 °C for 40 min. The crude complexes were purified by 

column chromatography using neutral alumina and MeCN/H2O (10:0 to 9:1) as eluent, 

yielding the chloride salts of the di-heteroleptic complexes 63 and 64 as red solids in 36% 

and 44% yield, respectively. 

Complexes 63 and 64 were characterised by 1H NMR, 13C NMR, Elemental 

Analysis, HRMS, melting point analysis and IR spectroscopy. The 1H NMR spectrum (400 

MHz, CD3CN) of 64 is shown in Figure 2.3 with that of 63 given in Figure A2.5 of the 

Appendices. Additional 2D NMR experiments allowed the identification of all signals. 

Twenty-four protons and twenty protons were observed between 7.6 and 10.0 ppm for 63 

and 64, respectively, which was consistent with the molecular formula of each compound. 

 

Figure 2.3. 1H NMR (400 MHz, CD3CN) spectrum of 64. Signals corresponding to TAP ligands are in green 

and signals assigned to the dtp ligand are in red. 

MALDI+- or ESI+-HRMS also confirmed successful formation of both complexes 63 

and 64 showing peaks at m/z 802.0945 and 403.0387 corresponding to their [M]+ and [M]2+ 

ions, respectively. Furthermore, comparison of the theoretical and experimental isotopic 
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distribution pattern of both complexes showed the typical isotopic profile of ruthenium 

complexes (Figure 2.4). 

 

Figure 2.4. Comparison between the calculated (blue) and experimental (black) isotopic distribution pattern 

for (a) 63 and (b) 64 from matrix-assisted laser desorption/ionisation (positive mode) and electrospray 

ionisation (positive mode) high resolution mass spectrometry analysis, respectively. 

Additional details of synthetic procedures and the full characterisation of both 

complexes and TAP and dtp ligands can be found in Section 7.7 of Chapter 7 and Figures 

A2.1–A2.7 of the Appendices. 

2.3 Crystallographic Studies of 64 

Having synthesised and characterised complexes 63 and 64, investigation into the solid-state 

structure of complex 64 was carried out. Therefore, red plate shaped crystals of the racemic 

mixture of complex 64, were obtained by slow evaporation from a solution of the chloride 

form of the complex in methanol. Unfortunately, despite several attempts to grow crystals 

of the phen analogue complex, they were not found to be suitable for crystallographic 

studies. 

 

Figure 2.5. Ellipsoid plot of the asymmetric unit of the unit cell of 64. Ellipsoids are shown at 50% probability. 
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Crystals of 64 were then analysed by single crystal X-ray diffraction. The 

crystallographic information was collected and refined by Dr Salvador Blasco and can be 

found at Table A2.1 of the Appendices. The single crystal diffraction data were solved and 

refined in the monoclinic space group C2/c. The asymmetric unit contains one molecule of 

64, two chloride counter ions and six solvent water molecules (Figure 2.5). The unit cell 

contains eight asymmetric units. The coordination environment of the ruthenium atom 

exhibits a fairly regular octahedral geometry. The metallic centre is coordinated to the 

nitrogen atoms of two TAP ligands and one dtp ligand, with N-Ru-N angle values between 

80.1(3) and 95.0(3)°, and Ru-N bond distances between 2.052(10) and 2.075(10) Å (Table 

2.1). These bond lengths are typical for other Ru(II) polypyridyl complexes reported in the 

literature.170,304-306 

Table 2.1. Selected bond lengths (Å) and angles (°) for 64. 

Atoms Bond lengths (Å)  Atoms Angles (°) Atoms Angles (°) 

Ru1-N1 2.075(10)  N10-Ru1-N7 82.1(4) N11-Ru1-N6 92.9(3) 

Ru1-N6 2.067(9)  N10-Ru1-N14 94.9(3) N14-Ru1-N7 89.6(3) 

Ru1-N7 2.068(10)  N10-Ru1-N1 91.0(4) N14-Ru1-N11 80.7(3) 

Ru1-N10 2.052(10)  N10-Ru1-N6 91.8(3) N14-Ru1-N1 95.9(3) 

Ru1-N11 2.060(9)  N11-Ru1-N7 93.8(4) N6-Ru1-N7 95.2(3) 

Ru1-N14 2.055(9)  N11-Ru1-N1 93.4(3) N6-Ru1-N1 80.1(3) 

A network of hydrogen bonds is formed by the six water molecules and the two 

chloride counter ions which constitute the asymmetric unit, whereas none of the external 

nitrogen atoms of the complex seems to participate in the hydrogen bonding except for N9 

which receives hydrogen bonding from O6. 

The extended aromatic dtp ligand was found to be quite flat and displays π-π 

interactions resulting in the stacking of the dtp moiety of one complex molecule with another 

dtp ligand of a neighbouring complex with the same absolute configuration (Figure 2.6). 

The stacking distances, defined as the distance between the mean plane of the dtp ligand of 

one 64 molecule and one individual atom of the dtp moiety of a stacked 64 molecule, are in 

the range of 3.113 to 3.642 Å. The mean planes of each dtp units are almost parallel with a 

narrow angle of 4.14° and the offset distance is 1.415 Å. 
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Figure 2.6. Ellipsoid plot of the paired structure of two neighbouring Λ-64 enantiomers; view down 

crystallographic (a) b and (b) a axis. Ellipsoids are shown at 50% probability. Distance between the mean 

plane of the dtp ligand of one Λ-64 molecule and the C12 atom of the dtp ligand of the stacked Λ-64 molecule 

is shown. Hydrogen atoms, solvent molecules and counter ions are omitted for clarity. 

The particular π-π stacking interactions between dtp ligands from different 

molecules of 64 with the same absolute configuration result in the packing of these pairs of 

ΛΛ or ΔΔ complexes in enantiopure layers along the (001) plane (Figure 2.7). 

 

Figure 2.7. Capped stick view of the arrangement of the Δ-64 (blue) and Λ-64 (red) domains; view down 

crystallographic (a) b and (b) a axes. Hydrogen atoms, solvent molecules and counter ions are omitted for 

clarity. 

No positional disorder was observed. However, the solvent molecules exhibited 

some degree of thermal disorder and therefore they were refined using suitable ISOR 

restrains. An ISOR command was also used to refine C19 atom which was not positive 

definite. Hydrogen atoms from water molecules were placed with help of DFIX and DANG 

restraints. 

The maximum 2θ value is 108.42°, which provides a mediocre resolution in the 

crystal structure of 0.94 Å. The collection of data took two days in order to collect as many 

reflections as possible. Both R1 and wR2 values from the “Final R indexes [I>=2σ (I)]” and 

“Final R indexes [all data]” are larger than 5 and 10% values, respectively, required for a 
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good structure. That is due to the poor quality of the crystals which were quite small. On the 

other hand, this kind of ruthenium complexes are light sensitive and this could result in a 

degradation of the compound which would make the data collection difficult. 

In the next section, characterisation of the photophysics of both complexes 63 and 

64 in solution will be undertaken as such information will be essential in the understanding 

of the interaction of these systems with DNA which will be studied in further sections. 

2.4 Photophysical Characterisation of 63 and 64 

The photophysical properties of complexes 63 and 64 were initially investigated in 10 mM 

sodium phosphate-buffered aqueous solution at pH 7.4 (complex 64) and in acetonitrile (for 

both 63 and 64) at room temperature, since the solvent plays a key role in the luminescent 

behaviour of Ru(II) complexes based on dppz and containing phen as ancillary ligands (see 

Section 1.6.1 for further discussion).141,163 Therefore, it can be anticipated that, in the same 

manner that it occurs for 29 and 30, the 3MLCT excited state will be localised on the 

extended dtp ligand of complex 63 and on one of the TAP ligands of complex 64, making 

them non-emissive and emissive in aqueous solution, respectively. The origin of the lack of 

luminescence of 63 is due to hydrogen bonding with the nitrogen atoms of the phenazine 

moiety of the extended ligand as discussed previously in detail in Section 1.6.1 for dppz 

analogues.137,138 

Hence, the UV-vis absorption, excitation and emission spectra of 63 and 64 were 

recorded in acetonitrile and in 10 mM sodium phosphate-buffered aqueous solution, 

respectively, and are shown in Figure 2.8. 

 

Figure 2.8. UV-vis absorption, excitation and emission spectra of (a) 63 in acetonitrile and (b) 64 in 10 mM 

sodium phosphate-buffered aqueous solution at pH 7.4, at room temperature (rt). 

As previously reported in the literature for other Ru(II) polypyridyl complexes 

containing extended aromatic ligands, similar characteristic bands were observed in the UV-

vis absorption and in the emission spectra of 63 and 64.142,167 Complex 63 showed two 
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absorption bands at 223 and 262 nm which can be assigned to π-π* intra-ligand transitions 

of the ancillary phen ligands; a band at 310 nm characteristic of π-π* transitions within the 

extended aromatic ligand dtp; two less intense bands at 359 and 377 nm corresponding to 

n-π* transition within the phenazine part of dtp; and a broad band centred at 439 nm 

attributed to the MLCT transition involving an electron transfer from the metal centre to the 

extended ligand. Complex 64 showed an absorption band at 274 nm characteristic of π-π* 

intra-ligand transitions of the ancillary TAP ligands; a band at 309 nm corresponding to π-

π* transition within the ligand dtp; and a band at 413 nm attributed to the typical MLCT 

transition of this kind of complexes where an electron transfer occurs from the metal centre 

to the TAP ligands. Values for the molar absorptivity of some of these absorption bands in 

10 mM sodium phosphate-buffered aqueous solution at pH 7.4 are shown in Table 2.2. 

Table 2.2. Absorption properties of 63 and 64 in 10 mM sodium phosphate-buffered aqueous solution at pH 

7.4, at rt. 

Complex 
Absorbance λmax, nm (ε, 104 M−1cm−1)[a] 

π-π* IL π-π* dtp π-π* MLCT 

63 262 (9.0 ± 0.2) 310 (6.4 ± 0.1) 439 (1.83 ± 0.04) 

64 274 (6.79 ± 0.07) 309 (7.9 ± 0.1) 413 (1.96 ± 0.02) 

[a] Molar absorptivity values correspond to the mean ± SEM. 

The emission properties of 63 and 64 are summarised in Table 2.3 and they revealed 

a similar behaviour to dppz Ru(II) complexes described in the literature.142,167 Thus, upon 

excitation of the MLCT bands, characteristic luminescence bands of radiative deactivation 

from the 3MLCT excited state were observed at 619 nm for 63 (λexc = 440 nm) in acetonitrile, 

and at 631 nm for 64 (λexc = 415 nm) in 10 mM sodium phosphate-buffered aqueous solution 

at pH 7.4. As expected, the emission spectrum of complex 63 recorded in 10 mM sodium 

phosphate-buffered aqueous solution at pH 7.4 confirmed the non-emissive character of 63 

in aqueous solution (Figure A2.8 of the Appendices). Similarly, the excitation spectra 

recorded for 63 and 64 were found to be identical to their absorption spectra. 

Quantum yields (Φem) of 63 and 64 were determined using the optically dilute 

solution method with [Ru(bpy)3]Cl2 as a reference compound and the reported values 

correspond to the average of a minimum of three independent measurements.307,308 Thus, 63 

and 64 showed values of 0.016 and 0.029, in air-saturated acetonitrile and 10 mM sodium 

phosphate-buffered aqueous solution, respectively; Φem of 63 is higher than the value 
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recorded for 29, while Φem of 64 is comparable to the corresponding value for 30 in aqueous 

solution.166,286 

Table 2.3. Emission properties of 63 in acetonitrile and 64 in both 10 mM sodium phosphate-buffered aqueous 

solution at pH 7.4 and acetonitrile, at rt. Complexes 29 and 30 are included for comparison. 

Complex 
λmax

em 

(nm) 

buffer 

λmax
em 

(nm) 

MeCN 

Φem
[a] 

buffer 

(air) 

Φem
[a] 

MeCN 

(air) 

τem (ns)[b] 

buffer 

(air) 

τem (ns)[b] 

buffer 

(N2) 

τem (ns)[b] 

MeCN 

(air) 

τem (ns)[b] 

MeCN 

(N2) 

29[c] - 607 - 0.0073 - - 177 663 

30[d] 636 621 0.035 - 820 1090 - - 

63 - 619 - 0.016 - - 169 590 

64 631 614 0.029 0.036 697 864 683 1122 

[a] Air-saturated aqueous solution of [Ru(bpy)3]Cl2 as reference (Φem = 0.028).308 Estimated errors ±5%. 
[b] The luminescence decays are monoexponential. Estimated errors ±10%. 
[c] From reference 286. 
[d] From reference 166. The reported values are in aqueous solution. 

Furthermore, luminescence lifetimes (τem) of 63 and 64 were also recorded using 

single-photon timing (SPT) (λexc = 458 nm, AMLCT = 0.05) and taking the average of a 

minimum of three measurements for each complex. In all the cases, the data was best fitted 

to a single exponential decay function, with χ2 values close to 1. Therefore, in air-saturated 

acetonitrile solution, complex 63 showed a luminescence lifetime of 169 ns, while in 

deaerated acetonitrile solution a lifetime of 590 ns was observed. On the other hand, complex 

64 exhibited luminescence lifetimes of 697 and 864 ns in air-saturated and deaerated 10 mM 

sodium phosphate-buffered aqueous solution, respectively. When the solution is not 

deaerated, lifetimes are considerably lower due to the quenching of the excited state from 

dissolve oxygen in solution. Lifetimes values of 63 are very close to reported lifetimes of 

29.286 However, lifetimes values of 64 are slightly smaller than the corresponding reported 

values of the 30 in aqueous solution but indicate that the excited-state character of 64 is 

similar to the dppz analogue.166 

In summary, complexes 63 and 64 have revealed interesting photophysical properties 

which are sensitive to the environment. Therefore, their interaction with DNA can be studied 

by monitoring changes in the MLCT absorption band upon addition of DNA. Additionally, 

emission of both complexes is expected to be altered in the presence of DNA in aqueous 

solution. Thus, recovery of the emission can be anticipated for 63 due to the ‘light switch’ 

effect upon binding to the nucleic acid. In contrast, a quenching of the luminescence of 64 

can be expected as a result of a photo-induced electron transfer (PET) between the guanine 
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nucleobase and the π deficient Ru(II) complex. Hence, in the following section the nature of 

the interaction of such complexes with DNA will be studied in order to assess their 

applications as novel luminescent probes for targeting DNA. 

2.5 DNA Binding Interactions of 63 and 64 

Over the last decades, the ability of Ru(II) polypyridyl complexes to bind to DNA has been 

extensively investigated in the literature as was discussed in Section 1.6.2.2 The preferred 

binding mode of such complexes can be controlled by selection of the suitable ligands 

coordinated to the metal centre. As complexes 63 and 64 reported here are cationic and 

contain the extended aromatic ligand dtp, they are expected to bind to DNA essentially by 

a combination of electrostatic and intercalation modes.165 However, other binding modes 

such as groove binding are possible. In order to study the nature and binding affinity of 63 

and 64 with the DNA, several spectroscopic techniques have been used; namely, absorption 

and emission DNA titrations, thermal denaturation and circular dichroism (CD). 

Furthermore, viscosity studies have also been carried out to understand the types of binding 

mode of these complexes. DNA studies of complex 63 were carried out by Dr Bjørn la Cour 

Poulsen and the results are included here only for comparison. 

2.5.1 Spectroscopic Titrations of 63 and 64 

The interaction of 63 and 64 with salmon testes DNA (stDNA) was first examined by UV-

vis absorption and emission spectroscopic titrations. DNA titrations were carried out by 

gradual addition of stDNA to a 10 mM sodium phosphate-buffered aqueous solution (pH 

7.4) containing the racemic mixture of the corresponding Ru(II) complex and either in the 

presence or in the absence of 160 mM NaCl (low and high ionic strength, respectively). 

Changes in the absorption and the emission spectra were monitored until no significant 

change was observed at further increases in the concentration of DNA indicating that almost 

all the complex was bound to DNA. All titrations were repeated at least three times to ensure 

reproducibility of the obtained results. 

The overall changes in the UV-vis absorption spectra of both 63 and 64 are shown in 

Figure 2.9 (low ionic strength) and Figure 2.10 (high ionic strength). As reported for similar 

Ru(II) complexes, a decrease in the absorption was observed upon increasing DNA 

concentration.170 Complex 63 showed a 18% and 16% hypochromism in the MLCT band at 

439 nm (low and high ionic strength, respectively) along with a 48% and 45% 

hypochromism in the band corresponding to the π-π* transition within the dtp ligand at 
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Figure 2.9. Changes in the UV-vis absorption spectra of (a) 63 (7.35 µM) and (b) 64 (6.95 µM) with increasing 

concentration of stDNA (0–55 µM and 0–70 µM, respectively) in 10 mM sodium phosphate-buffered aqueous 

solution at pH 7.4. Inset: Plot of εa (M−1cm−1) vs. [DNA] (M, bases) using data from absorbance at (a) 439 nm 

and (b) 413 nm and the best fit of the data using a modification of the Bard Equation. 

310 nm (low and high ionic strength, respectively). On the other hand, a 18% and 15% 

hypochromism in the MLCT band at 413 nm (low and high ionic strength, respectively) in 

addition to a 39% and 35% hypochromism in the dtp band at 310 nm (low and high ionic 

strength, respectively) were found for complex 64. This hypochromic effect and, in 

particular, the large decrease in the absorbance at 310 nm, can be attributed to an 

intercalative binding resulting from the π-π stacking between the chromophore of the 

extended aromatic ligand and the chromophores of the DNA base pairs.309 

 

Figure 2.10. Changes in the UV-vis absorption spectra of (a) 63 (7.41 µM) and (b) 64 (7.39 µM) with 

increasing concentration of stDNA (0–175 µM and 0–230 µM, respectively) in 10 mM sodium phosphate-

buffered aqueous solution containing 160 mM NaCl at pH 7.4. Inset: Plot of εa (M−1cm−1) vs. [DNA] (M, bases) 

using data from absorbance at (a) 439 nm and (b) 413 nm and the best fit of the data using a modification of 

the Bard Equation. 

Regarding the changes in the emission spectra upon addition of stDNA then, different 

behaviours were observed for both complexes 63 and 64, as shown in Figure 2.11 (low ionic 

strength) and Figure 2.12 (high ionic strength). Complex 63 containing phen as ancillary 

ligands exhibited the well-known “light-switch” effect as expected from the structural 
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similarity between dppz and dtp. Therefore, where the emission was fully quenched in 

aqueous solution, it became emissive in the presence of DNA. This effect is attributed to a 

 

 

Figure 2.11. Changes in the emission spectra of (a) 63 (7.35 µM, λexc = 439 nm) and (b) 64 (6.95 µM, λexc = 

413 nm) with increasing concentration of stDNA (0–55 µM and 0–70 µM, respectively) in 10 mM sodium 

phosphate-buffered aqueous solution at pH 7.4. Inset: Plot of Ia (a.u.) vs. [DNA] (M, bases) using data from 

integrated MLCT emission intensity and the best fit of the data using a modification of the Bard Equation. 

change in the environment as a result of the intercalation of the extended aromatic ligand 

into the DNA base pairs and, thus, protection of the N-atoms of the phenazine moiety from 

interaction with solvent molecules that is known as the reason of the quenching of the 

emission.137,138,157,159,165 Upon addition of stDNA, the emission showed a biphasic behaviour 

at low and high ionic strength. A strong emission enhancement was first observed followed 

 

 

Figure 2.12. Changes in the emission spectra of (a) 63 (7.41 µM, λexc = 439 nm) and (b) 64 (7.39 µM, λexc = 

413 nm) with increasing concentration of stDNA (0–175 µM and 0–230 µM, respectively) in 10 mM sodium 

phosphate-buffered aqueous solution containing 160 mM NaCl at pH 7.4. Inset: Plot of Ia (a.u.) vs. [DNA] (M, 

bases) using data from integrated MLCT emission intensity and the best fit of the data using a modification of 

the Bard Equation. 

by a slow decrease of the emission intensity (insets in Figures 2.11a and 2.12a). In contrast, 

an 83% and 77% decrease in the MLCT emission intensity at 631 nm (low and high ionic 

strength, respectively) was observed for complex 64 with TAP as ancillary ligands (insets 
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in Figures 2.11b and 2.12b), which is explained by the ability of Ru(II) complexes containing 

at least two TAP ligands to oxidize the guanine leading to a luminescence quenching (see 

Section 1.6.3 for further discussion).166,203,212 

The binding constant (Kb) and the binding site size (n) for both 63 and 64 were 

determined using a modification of the model of Bard et al. that consists in the reorganisation 

of the original equation (2.1) in equation (2.3), where εa, εf and εb correspond to the apparent 

molar absorption coefficient, the molar absorption coefficient for the free Ru(II) complex 

and the molar absorption coefficient for the Ru(II) complex in the bound form, respectively, 

while Ct is the total complex concentration, and [DNA] is the concentration of DNA in 

bases.310,311 With introducing this modification, an estimation of εb from the titration data is 

no longer necessary as it can be fitted together with Kb and n. In this way, εa is the dependent 

variable and [DNA] and Ct are the independent variables. It has to be noticed that, although 

the dependence of Ct was also considered in the fitting, only the dependence of [DNA] was 

shown in the plots presented in this section. This reorganisation of the Bard equation was 

introduced for the first time by Dr Bjørn la Cour Poulsen with a view to get more accurate 

values of the binding parameters.284,311 

(𝜀𝑎−𝜀𝑓)

(𝜀𝑏−𝜀𝑓)
=

𝑏−(𝑏2−2𝐾𝑏
2𝐶𝑡[𝐷𝑁𝐴]/𝑛)1/2

2𝐾𝑏𝐶𝑡
                                        (2.1) 

 𝑏 = 1 + 𝐾𝑏𝐶𝑡 + 𝐾𝑏[𝐷𝑁𝐴]/2𝑛                                                 (2.2) 

𝜀𝑎 =
𝑏−(𝑏2−2𝐾𝑏

2𝐶𝑡[𝐷𝑁𝐴]/𝑛)1/2

2𝐾𝑏𝐶𝑡
× (𝜀𝑏 − 𝜀𝑓) + 𝜀𝑓                                  (2.3) 

Hence, changes in the MLCT band at 439 and 413 nm for 63 and 64, respectively, 

and the integrated emission were fitted according to equation (2.3) and using a non-linear 

regression fitting with OriginPro 8.5. For the fitting of the emission titrations ε was 

substituted by emission intensity (I). Plots of εa or Ia vs [DNA] and the corresponding best 

fit of the data to the reorganised Bard equation are shown as insets in Figures 2.9, 2.10, 2.11 

and 2.12 and the values of the binding parameters obtained for 63 and 64 from absorption 

and emission data at low and high ionic strength are given in Table 2.4. At low ionic strength, 

63 and 64 exhibited Kb values in the order of 107 M−1 suggesting both complexes bind 

strongly to DNA. Note that both absorption and emission data yielded comparable results 

within the error. Emission spectroscopy seems to provide more precise Kb values as this 

technique is more sensitive than absorption spectroscopy. Similar binding values have been 

reported in the literature for 29 and 30 complexes which are known to have a high affinity 
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for DNA.143,166 Values of n were estimated to be close to two base pairs and thus an 

intercalation binding mode can be presumed.140 

Table 2.4. DNA binding parameters of 63 and 64 calculated from fits to absorbance and emission data at low 

(no NaCl) and high ionic strength (160 mM NaCl) in 10 mM sodium phosphate-buffered aqueous solution at 

pH 7.4, at 298 K. 

 Complex 

Low ionic strength High ionic strength 

Kb
[a] 

(106 M−1) 

n (base 

pairs)[a] 
R2 

Kb
[a] 

(106 M−1) 

n (base 

pairs)[a] 
R2 

A
b

so
rp

ti
o

n
 

63 13 ± 5 1.35 ± 0.04 0.99 1.8 ± 0.4 1.99 ± 0.05 0.99 

64 6 ± 1 1.63 ± 0.01 0.99 0.58 ± 0.08 1.63 ± 0.03 0.99 

E
m

is
si

o
n
 63 11 ± 1 1.8 ± 0.1 0.99 1.4 ± 0.1 1.6 ± 0.1 0.99 

64 27.7 ± 0.4 1.9 ± 0.1 0.99 0.33 ± 0.07 1.8 ± 0.2 0.99 

[a] Results correspond to the mean ± SEM. 

Furthermore, DNA binding parameters were also calculated at high ionic strength in 

the presence of 160 mM NaCl. This is expected to reduce the electrostatic binding derived 

from the interaction between the positively charged complex and the anionic phosphate 

backbone of DNA. Kb values decreased an order of magnitude with respect to values 

obtained at low ionic strength conditions but was still higher than 106 M−1 for both complexes 

(absorption and emission data). These results indicate that, even though the electrostatic 

contribution to the binding is important, a high affinity for DNA is conserved, supporting 

the existence of non-electrostatic interactions with DNA, such as intercalation. However, it 

should be noted that, due to the complexity of the interaction of these complexes with DNA, 

the values obtained for the binding parameters and its interpretation have to be taken as an 

estimation. For example, it was assumed that both enantiomers displayed a similar binding, 

that the affinity for each two base-pair binding sites is the same, and that only one of the 

groove participate in the binding event.312 Crystal structure determination and solution 

studies have shown, however, that both enantiomers of 29 and 30 does not bind with the 

same strength to the DNA and that they display preference for particular sequences.146,164 

The crystal structures of these complexes with DNA have also shown that the complex 

intercalates via the minor groove,156-159,218 although entry from major group was also 

possible according to some solution studies.147 Therefore, it is important that caution is 
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exercised when taking into consideration the values presented here. Further investigation of 

the binding of these complexes to DNA was then accomplished by using additional 

techniques and these studies will be discussed in the following sections. 

2.5.2 Thermal Denaturation Studies of 63 and 64 

DNA denaturation is the process by which double-stranded DNA unwinds and separates into 

single-stranded DNA due to the breaking of the hydrogen bonds between the base pairs that 

hold the native duplex structure of the nucleic acid.313,314 Denaturation of DNA can occur 

when it is subjected to extreme conditions such as high temperature, very basic pH or low 

ionic strength. The denaturation process is characterised by an increase of the absorbance of 

the DNA at 260 nm due to unstacking of the nucleobases which are able to absorb more 

light. The melting temperature of DNA (Tm) refers to the temperature at which half of the 

DNA exists in the double-stranded state and the other half in the single-stranded state.315 

Evidence that a compound is bound to DNA is an increasing in the melting temperature of 

the double-stranded structure as a result of stabilisation of the double helix structure and, 

therefore, this technique has been extensively used in the literature for classical DNA-

binding molecules.316,317 

In this section, thermal denaturation studies were conducted to evaluate the ability of 

complexes 63 and 64 to bind to DNA. For this purpose, the change in the absorption of 

stDNA at 260 nm was monitored at different concentrations of ruthenium complex as the 

temperature was gradually increased from 30 °C to 90 °C. Experiments were repeated at 

least three times to ensure reproducibility. The resulting thermal denaturation curves of 

stDNA (150 μM) in the presence of 63 and 64 in 10 mM sodium phosphate-buffered aqueous 

 

 

Figure 2.13. Thermal denaturation curves of stDNA (150 μM) in 10 mM sodium phosphate-buffered aqueous 

solution at pH 7.4, in the absence and presence of (a) 63 and (b) 64 at different P/D ratios. 
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solution at DNA phosphate-to-ruthenium dye ratios (P/D) of 50, 20 and 10 are shown in 

Figure 2.13. 

In the absence of Ru(II) complexes, stDNA exhibited a Tm value of 69.8 °C. As the 

complex concentration is increased, higher Tm values of stDNA are obtained, indicating 

stabilisation of the DNA helix by DNA-Ru complex interaction (Table 2.5). Thus, at P/D of 

50, both complexes 63 and 64 increased slightly the Tm of stDNA by 1.2 °C and 0.8 °C, 

respectively. At P/D ratio of 20, complexes 63 and 64 displayed an increase of stDNA Tm of 

1.5 °C and 2.3 °C, respectively, being this increase of 6.7 °C and 6.5 °C at P/D ratio of 10. 

For P/D ratios lower than 5, melting temperature values were higher than 90 °C and as such 

could not be accurately determined. These values are smaller than that observed for 29 (9.1 

°C) with calf thymus DNA but similar to Tm values determined for other Ru(II) complexes 

that bind to DNA via an intercalative mode.318,319 

Table 2.5. Variation of the melting temperature values for thermal denaturation of stDNA (150 μM) in 10 mM 

sodium phosphate-buffered aqueous solution at pH 7.4, in the presence of 63 and 64 at different P/D ratios. 

Tm value of stDNA without complex is 69.8 °C. 

Complex 
∆Tm (°C)[a] 

P/D = 50 P/D = 20 P/D = 10 

63 1.2 ± 0.8 1.5 ± 0.9 6.7 ± 0.4 

64 0.8 ± 0.0 2.3 ± 0.5 6.5 ± 0.5 

[a] Results correspond to the mean ± SEM. 

In summary, 63 and 64 were found to stabilise the double helix structure of stDNA, 

suggesting interaction of both complexes with the biomolecule, although a particular binding 

mode cannot be determined through this technique. Hence, in order to further investigate the 

DNA binding of these compounds, circular dichroism studies were performed, and they will 

be discussed in the next section. 

2.5.3 Circular Dichroism of 63 and 64 in the Presence of DNA 

Circular dichroism (CD) is also a powerful spectroscopic technique to study the interaction 

of potential binding molecules with DNA.320 CD probes the asymmetry of a system and it is 

defined as the difference in the absorption of left- and right-handed circularly polarised light 

that occurs when a molecule contains one or more chiral chromophores.321 Heterocyclic 

bases of DNA do not show any chirality. However, the asymmetric sugar-phosphate 

backbone makes the DNA an optically active molecule which then displays CD signals. In 

contrast, racemic mixtures of metal complexes do not give CD, but upon interaction with 
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DNA, an induced CD (ICD) of the optically inactive rac-metal complexes can be acquired. 

Therefore, any observation of ICD signals is indicative of DNA conformational changes and 

reveals a metal complex-DNA binding.322,323 

With a view to evaluate the ability of 63 and 64 to bind to DNA, CD titrations were 

carried out in 10 mM sodium phosphate-buffered aqueous solution. In order to avoid dilution 

effects, independent solutions containing 150 µM concentration of stDNA (A260 ≈ 1) and 

varying the complex concentration to get P/D ratios of 50, 20, 10 and 5 were prepared. CD 

titrations were repeated at least three times to ensure reproducibility. The CD spectra of 

stDNA in the presence of the racemic mixture of both 63 and 64 at different P/D ratios are 

shown in Figure 2.14. B-DNA form exhibits a typical CD spectrum characterised by a 

positive band at about 280 nm, due to the interaction between the π-π* transitions of the 

stacked bases, and a negative band around 245 nm, due to right handed helicity. In the 

presence of 63 and 64 significant changes in the stDNA spectrum were identified. At low 

wavelength, the evolution of a strong negative band was observed with a maximum at about 

275 nm for 63 and 295 nm for 64. These bands can be attributed to π-π* intra-ligand 

transitions of the ancillary phen and TAP ligands, respectively. At high P/D ratio, a small 

negative ICD signal was observed for both complexes at about 415 nm corresponding to the 

typical MLCT absorption band of the Ru(II) polypyridyl complexes. These changes are 

indicative of intercalation of the dtp extended ligand or groove binding of the ancillary 

ligands.322 

 

Figure 2.14. Circular dichroism spectra of stDNA (150 μM) in 10 mM sodium phosphate-buffered aqueous 

solution at pH 7.4, in the absence and presence of racemic mixtures of (a) 63 and (b) 64 at different P/D ratios. 

Inset: Zoom of the region between 350 and 500 nm showing the ICD signal corresponding to the MLCT 

absorption band of the corresponding Ru(II) polypyridyl complex. 

Although the exact binding mode cannot be determined from these observations, the 

existence of an interaction between 63 and 64 and the DNA molecule can be concluded. 

These results are consistent with experiments previously discussed for these complexes and 
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are similar to other Ru(II) complexes reported in the literature.154,320,324 To complete the 

DNA studies and shed light on the particular binding mode by which both complexes bind 

to DNA, viscosity studies will be discussed in the following section. 

2.5.4 Viscosity Studies of 63 and 64 

In order to investigate in more detail the DNA binding interactions of complexes 63 and 64, 

viscosity measurements were carried out. It is well known that the intercalation of a molecule 

between the DNA base pairs requires the double helix to be lengthened.43 Since viscosity of 

DNA increases with the length of duplex, viscometry is a suitable method to study whether 

complexes 63 and 64 interact with DNA through intercalation. Therefore, viscosity of 

stDNA (1.2 mM) at increasing ruthenium dye-to-DNA phosphate ratios (D/P) in 10 mM 

sodium phosphate-buffered aqueous solution was measured using a Cannon-Manning 

semimicro viscometer at 298 K. Viscosity of DNA alone (η0) and in the presence of 

ruthenium complex (η) was calculated according to equation (2.4): 

𝜂 = 𝑡 − 𝑡0                                                         (2.4) 

Where t is the flow time of DNA containing solutions and t0 is the flow time of the 

buffer alone. Plotting (η/η0)
1/3 vs D/P (Figure 2.15) resulted in a straight line with positive 

slope values of 1.27 and 1.12 for 63 and 64, respectively. 

 

Figure 2.15. Viscosity measurements of stDNA (1.2 mM) in the presence of complexes (a) 63 and (b) 64 at 

different D/P ratios in 10 mM sodium phosphate-buffered aqueous solution at pH 7.4, at 298 K. 

The observed increase in stDNA viscosity can be considered as a positive proof of 

intercalation of both 63 and 64. This results are not unexpected and are consistent to the 

behaviour exhibited by the structural analogue and well-known DNA intercalator ruthenium 

complex 29 for which both enantiomers Δ and Λ have shown to increase DNA viscosity in 

contrast to 42 that does not length the double helix and, therefore, does not intercalate into 

DNA in the classical way.325 On the other hand, similarity in the slope values obtained for 
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both complexes 63 and 64 suggests that the intercalation of the complexes takes place 

preferentially through the extended aromatic moiety dtp, being independent of the ancillary 

ligands phen and TAP. 

In summary, the DNA studies presented above confirm that 63 and 64 are capable to 

bind to DNA. UV-vis absorption and emission spectroscopic titrations allowed 

quantification of the strength of the binding between both ruthenium complexes and DNA 

through determination of the binding constants using a modification of Bard equation. 

Evaluation of the contribution of the electrostatic interaction between the positively charged 

ruthenium complexes and the negatively charged DNA phosphate backbone to the binding 

mode was possible due to comparison of the Kb values in both low and high ionic strength 

10 mM sodium phosphate-buffered aqueous solutions. In addition, while thermal 

denaturation and circular dichroism studies supported the binding affinity of these 

complexes for the DNA, viscosity studies suggested intercalation as the main DNA binding 

mode employed by both complexes 63 and 64. 

Having demonstrated the potential of complexes 63 and 64 as spectroscopic probes 

for DNA, their ability to produce singlet oxygen will be next examined in order to assess 

their suitability to be used as photodynamic therapy agents before undertaking cellular 

studies. 

2.6 Singlet Oxygen Photosensitisation of 63 and 64 

As discussed in Section 1.4, singlet oxygen (1O2) photosensitisation is one of the possible 

modes of action (Type II mechanism) of the molecules developed for their use in 

photodynamic therapy (PDT). This mechanism involves the energy transfer from the long-

lived triplet excited state of such molecules to the triplet ground state of molecular oxygen 

resulting in the generation of the highly reactive 1O2 species. Many Ru(II) polypyridyl 

complexes have been shown to display excellent quantum yields of 1O2 production, in some 

cases even close to unity.121,233 

In this context, evaluation of the ability of a molecule to generate 1O2 is very useful 

for the design of new PDT agents. Different methods have been developed for singlet oxygen 

quantification. Among them, direct detection of 1O2 phosphorescence emission at 1265 nm 

is one of the most common techniques.326,327 Other indirect methods involve the use of 

chemical probes such as singlet oxygen sensor green (SOSG), 1,3-diphenylisobenzofuran 

(DPBF) or 9,10-anthracenediyl-bis(methylene)dimalonic acid (ABDA).328 In the presence 

of 1O2, these chemical probes undergo photooxidation and the resulting products exhibit 
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different absorption and fluorescence properties. Thus, the ability of a molecule to produce 

1O2 can be evaluated by monitoring the changes in the absorption and emission spectra of 

such chemical probes and under light irradiation. Indirect methods for 1O2 detection will not 

be used in this chapter. 

Quantum yields of 1O2 production (ΦΔ) of complexes 63 and 64 in O2-saturated D2O 

solutions have been determined by time-resolved near-infrared (NIR) phosphorescence from 

1O2 in collaboration with Prof. Guillermo Orellana at Universidad Complutense de Madrid 

(UCM). As was previously demonstrated that 63 and 64 bind to DNA and their 

photophysical properties are expected to change when bound to the biomolecule, 1O2 

production studies were carried out both in the absence and in the presence of stDNA. 

Absorbance-matched (A532 ≈ 0.40) solutions of the ruthenium complex (with or without 

stDNA) and the reference photosensitiser [Ru(phen)3]Cl2 ( = 0.39  0.03 in O2-saturated 

D2O at room temperature)327 were prepared in D2O. Deuterated water was used as solvent 

instead of regular water due to 1O2 lifetime being longer in deuterated solvents, thus 

facilitating its detection. After saturation of the solutions containing the photosensitiser by 

sparging with O2 for 30 min, singlet oxygen emission was monitored at 1265 nm (λexc = 532 

nm) at different laser energies. The 1O2 luminescence decays were fitted to a single 

exponential function after excluding the fast (sub-µs) decay due to the residual Ru(II) 

sensitiser emission even under O2 saturation of the solution. After extrapolating the 

intensities of the 1O2 signal at zero time within each exponential decay curve, the intercept 

values were plotted as a function of the laser energy. The slope values (m) obtained from the 

linear regression plots of the sample and reference sensitiser dyes were used to calculate the 

quantum yields of singlet oxygen production () of 63 and 64, in the presence or in the 

absence of stDNA, in O2-saturated D2O according to equation (2.5): 

𝛷Δ,𝐷2𝑂,𝑂2

𝑐𝑜𝑚𝑝𝑙𝑒𝑥 = 𝛷Δ,𝐷2𝑂,𝑂2

𝑟𝑒𝑓 𝑚𝑐𝑜𝑚𝑝𝑙𝑒𝑥

𝑚𝑟𝑒𝑓
                                          (2.5) 

Conversion of the ΦΔ values obtained in O2-saturated D2O into those in air-saturated 

H2O is possible by considering equations (2.6) and (2.7):326  

𝑃𝑂2

𝑇 = 𝜏𝑘𝑞[𝑂2] = 1 −
𝜏

𝜏0
                                               (2.6) 

𝛷Δ = 𝛷𝑇𝑃𝑂2

𝑇 𝑓Δ
𝑇                                                      (2.7) 
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Where 𝑃𝑂2

𝑇  is the proportion of triplet excited states quenched by O2, kq is the O2 

quenching rate constant, τ and τ0 are the emission lifetimes in the presence and in the absence 

of O2, respectively, T is the quantum yield of triplet excited-state formation (intersystem 

crossing), and 𝑓Δ
𝑇 is the fraction of excited triplet states quenched by O2 yielding 1O2. 

Knowing that T is considered to be equal to 1 for this type of complex,326 assuming 

that the fraction of quenched Ru(II) triplet that yields 1O2 is the same in D2O and H2O as 

well as having determined the lifetimes of the complexes in O2- and argon-saturated D2O, 

and air- and argon-saturated H2O,  values in air-equilibrated H2O were calculated 

according to equation (2.8): 

𝛷Δ,𝐻2𝑂,𝑎𝑖𝑟
𝑐𝑜𝑚𝑝𝑙𝑒𝑥 = 𝛷Δ,𝐷2𝑂,𝑂2

𝑐𝑜𝑚𝑝𝑙𝑒𝑥 (1 −
𝜏𝐻2𝑂,𝑎𝑖𝑟

𝜏𝐻2𝑂,𝐴𝑟
) / (1 −

𝜏𝐷2𝑂,𝑂2

𝜏𝐷2𝑂,𝐴𝑟
)                        (2.8) 

The 1O2 luminescence decay profiles of 63 and 64 in O2-saturated D2O are shown in 

Figure 2.16 and a summary of τem and ΦΔ values at different conditions obtained for both 

 

 

Figure 2.16. Singlet oxygen emission decays at 1270 nm produced by (a) 63, (b) 63 bound to stDNA (25 eq. 

base pairs), (c) 64, and (d) 64 bound to stDNA (25 eq. base pairs), at different laser energies (λexc = 532 nm) 

in O2-saturated D2O solution at 298 K. Inset: Plot of intercept values (V) vs. laser energy (mJ) and the best 

linear fit of the data. 
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complexes in the absence of stDNA or when bound to stDNA can be found in Table 2.6. 

Complex 63 showed no singlet oxygen production in the absence of stDNA and as such the 

ΦΔ value could not be determined for this compound (Figure 2.16a). This observation was 

not unexpected as 63 is not emissive in aqueous solution and as such the lifetime of its 

excited state will not be long enough to react with molecular oxygen and form 1O2.
179 

However, when complex 63 was bound to stDNA, some 1O2 phosphorescence could be 

observed (Figure 2.16b). As was previously discussed in Section 1.6.2, Ru(II) complexes 

containing ‘dppz’ like ligands become emissive when bound to DNA. This is due to 

protection of the intercalating extended aromatic ligand by the hydrophobic 

microenvironment of DNA preventing phenazine nitrogen atoms from forming hydrogen 

bonds and stabilising the “dark state”. Thus, the increase of the excited-state lifetime of the 

complex allows its reaction with molecular oxygen resulting in 1O2 formation. A small ΦΔ 

value of 0.02 was, however, determined in air-saturated H2O. A double protection of both 

solvent and dissolved molecular oxygen from DNA could explain the observed behaviour. 

This interpretation is supported by comparison of the τem observed for 63 in the presence of 

stDNA in O2- and argon-saturated D2O or in air- and argon-saturated H2O. Solution 

deoxygenation resulted only in a small increase of the τem (from 504 to 554 ns in D2O, and 

from 301 to 319 ns in H2O) suggesting that the complex is already protected by DNA from 

the dissolved molecular oxygen making difficult for both molecules to get together and form 

1O2. In addition, it is well known that in high viscosity media such as solutions containing 

large concentrations of DNA, oxygen quenching efficiency is lower due to it is a diffusion-

controlled process.68 

Table 2.6. Emission lifetimes (τem) measured in O2- and argon-saturated D2O, and in air- and argon-saturated 

H2O, and quantum yields of singlet oxygen production (ΦΔ) in O2-saturated D2O and air-saturated H2O for 

complexes 63 and 64, both in the absence and in the presence of stDNA (25 eq. base pairs). 

Complex τem (ns)[a] 

(O2, D2O) 

τem (ns)[a]  

(Ar, D2O) 

τem (ns)[a]  

(Air, H2O) 

τem (ns)[a]  

(Ar, H2O) 

ΦΔ (D2O, 

O2-satd.)[b] 

ΦΔ (H2O, 

Air-satd.) 

63 - - - - - - 

63 + DNA 504[c] 554[c] 301[c] 319[c] 0.03 0.02 

64 361 719 876 947 0.64 0.19 

64 + DNA 374[c] 777[c] 232[c] 377[c] 0.04 0.03 

[a] If not otherwise indicated, the luminescence decays are monoexponential. Estimated errors ±5%. 
[b] O2-saturated D2O solution of [Ru(phen)3]Cl2 as reference (ΦΔ = 0.39).327 Estimated errors ±10%. 
[c] The luminescence decays are tri-exponential; reported data correspond to the pre-exponential weighted mean 

lifetimes (τM).329 See Section 7.2 of Chapter 7 and Table A2.2 of the Appendices for further information. 
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Complex 64 showed a ΦΔ value of 0.19 in air-saturated H2O and in the absence of 

DNA. In contrast to 63, complex 64 is emissive in aqueous solution as explained previously 

in Section 1.6.2. Furthermore, ΦΔ value of the complex when bound to stDNA decreased to 

0.03. In this case, the luminescence of the complex is expected to be quenched by guanine 

nucleobases in DNA resulting in a shorter excited-state lifetime therefore reducing the 

chance of reacting with molecular oxygen to produce 1O2. These results suggest that, 

unsurprisingly, localisation within the cell can play a key role in the phototoxicity exhibited 

by this type of complex.179 Hence, in the case of 63 and 64, localisation into the cell nucleus 

would not be suitable for light-mediated toxicity via a 1O2 production mechanism due to 

their strong DNA binding and, thus, low 1O2 photosensitisation. 

Considering the ability to generate 1O2 observed for 64 when it is not bound to DNA, 

biological studies were carried out on both complexes 63 and 64 with a view to elucidate 

their cellular uptake and their photoinduced cytotoxicity for their application as PDT agents. 

2.7 In vitro Studies of 63 and 64 

To investigate the ability of 63 and 64 to be internalised in HeLa cervical cancer cells and 

reduce viability, cellular uptake and toxicity studies were carried out in collaboration with 

Dr Bjørn la Cour Poulsen, Dr Sandra Bright and Dr Salvador Blasco. 

2.7.1 Cellular Uptake Studies of 63 and 64 

The uptake and localisation of complexes 63 and 64 in live HeLa cells was studied using 

confocal fluorescence microscopy. Thus, HeLa cells were incubated with 100 µM 

concentration of 63 and 64 at 37 °C for 24 h. After being treated with the fluorescent nuclear 

stain Hoechst 33258, cells were imaged using an Olympus FV1000 point scanning 

microscope with a 60x oil immersion lens with an NA (numerical aperture) of 1.42. 

Experiments were repeated on three independent days to ensure reproducibility. Confocal 

microscopy images of these experiments are shown in Figure 2.17. Results demonstrated 

that both complexes were successfully taken up into the cells at these conditions. The 

increased lipophilic character associated to the extension of the size of the dppz-based ligand 

could explain the cellular uptake observed for these compounds when compared with the 

dppz analogues 29 and 30.170,178,299 Complexes appeared to be localised within the 

cytoplasm of cells as evidenced by red luminescent emission from the complexes observed 

around the nucleus. These results agree with previous studies achieved in our group for 

similar Ru(II) polypyridyl complexes.170 Some toxicity against the cells was observed during 

confocal imaging, probably because of singlet oxygen production by 64, as discussed in the 
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previous section. The punctate appearance of the compounds inside the cells suggests 

endocytosis as the mechanism by which the complexes are internalised by the cells. This 

hypothesis is supported by previous studies in our group with similar Ru(II) dppz-based 

complexes for which their cellular internalisation was found to be temperature-dependent 

and thus to occur via an energy-dependent mechanism.170 However, further studies must be 

performed to confirm endocytosis as the uptake mechanism employed by 63 and 64 to be 

cellular internalised. 

 

Figure 2.17. Confocal fluorescence microscopy images of HeLa cells showing the uptake of 63 and 64 (red) 

at 100 µM after 24 h incubation. The nucleus is stained blue with Hoechst 33258. 

Once complexes 63 and 64 were found to be taken up by the cells and localise in the 

cytoplasm, cytotoxicity studies were performed in both dark and light conditions to assess 

the potential of both complexes to photoinduce cell death. 

2.7.2 Cellular Toxicity Studies of 63 and 64 

As described in Sections 1.4 and 1.6.4, the development of new photodynamic therapy 

agents capable to overcome the side effects of those currently existing is desirable. 

Ruthenium complexes have previously exhibited PDT potential with increased cytotoxicity 

upon light activation of the ruthenium complex photosensitiser.62,63,93,170 In this context, 

based on the results presented previously in this chapter, it can be anticipated the potential 

of 64 as a Ru(II) based PDT candidate due to its ability to be internalised in HeLa cells and 
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photosensitise 1O2. Although complex 63 was also found to be taken up by the cells, it was 

not expected to display or show phototoxicity a priori due to lack of 1O2 production. 

Cellular viability of 63 and 64 in HeLa cells was investigated under both dark and 

visible light conditions using the Alamar Blue cytotoxicity assay. The Alamar Blue reagent 

contains the cell permeable non-fluorescent resazurin dye, which becomes highly fluorescent 

when reduced to the pink coloured resorufin. The fluorescent intensity produced when 

resazurin is converted to resorufin due to cellular metabolic reduction is proportional to the 

number of living cells respiring and, thus, a way to measure cell viability. Therefore, HeLa 

cells were incubated with different concentrations of 63 and 64 for 24 h at 37 °C. The treated 

cells were then either irradiated with 18 J cm−2 of light for 1 h using a UV-filtered Hg-Xe 

arc lamp or kept in the dark. After further 24 h incubation, cells were treated with Alamar 

Blue and incubated for 4 h before the toxicity was assessed by measuring the fluorescence 

intensity of resorufin at 590 nm upon excitation at 544 nm. The activity of the complexes 

was expressed as percentage cell viability compared to untreated control cells. Cytotoxicity 

assays were performed in triplicate on three independent days to ensure reproducibility. 

Toxicity profiles of both complexes in HeLa cells under the mentioned conditions 

are shown in Figure 2.18 with the corresponding IC50 values presented in Table 2.7. 

 

Figure 2.18. Toxicity profiles of (a) 63 and (b) 64 in HeLa cells. HeLa cells were treated with the indicated 

concentrations of the required complexes and incubated for 24 h followed by either exposure to light for 1 hour 

or maintenance in the dark and followed by further 24 h incubation. Cells were then incubated with the Alamar 

Blue dye for 4 h and assessed for cellular viability. 

Results revealed that 63 containing phen as ancillary ligands did not show light-

dependent cytotoxicity (phototoxic index (PI) of aprox. 1) with similar IC50 values obtained 

in the dark and after light irradiation. However, complex 64 containing TAP instead of phen 

displayed IC50 values of 63 µM in dark and 4 µM after exposure to light irradiation, resulting 

in a toxicity of the photoactivated complex with a PI of ca. 16. This behaviour was in 

agreement with the 1O2 photosensitisation studies discussed previously in this chapter. Thus, 
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the lack of phototoxicity shown by 63 is likely related to the fact that this complex was found 

to produce no 1O2. While, the effective photoactivation of complex 64 can be explained by 

its ability to produce 1O2 with a ΦΔ value of 0.19 determined in air-saturated H2O. However, 

other alternative mechanisms such as DNA photocleavage or photoreaction with 

biomolecules are also possible for 64 due to its π deficient nature. On the other hand, the 

higher toxicity observed for 63 (when compared with 64) in the dark can be due to complexes 

containing phen as ancillary ligands being more lipophilic than their TAP analogues. This 

lipophilicity difference between phen and TAP containing Ru(II) complexes will be 

discussed in detail in Section 4.6 of Chapter 4. 

Table 2.7. IC50 values for the cytotoxicity of 63 and 64 in HeLa cells in the dark and exposed to light. 

Complex IC50 dark (µM)[a] IC50 light (µM)[a] PI[c] 

30[b] >100 12 ± 7 - 

63 34 ± 3 33 ± 6 1 

64 63 ± 8 4.0 ± 1.5 16 

[a] IC50 values correspond to the mean ± SEM. 
[b] From reference 170. 
[c] Phototoxic index (PI) is defined as the ratio of the IC50 value in the dark to the IC50 value upon light 

irradiation. 

Comparison with the well-known complex 30 reported in Table 2.7 as a reference 

showed that both complexes 63 and 64 exhibited higher IC50 values in dark conditions. After 

light activation, complex 64 also appeared to be considerably more toxic than this reference 

compound. Thus, whereas 63 seems to be more suitable for being used as an in vitro 

fluorescent DNA probe, complex 64 revealed interesting phototoxic properties than can be 

employed in PDT. 

However, it must be noted that the cytotoxicity exhibited by 63 and 64 is based on 

their cytoplasm localisation. This could be different if they were localised into the cell 

nucleus since it was previously demonstrated in Sections 2.5 and 2.6 of this chapter that 

these complexes bind to stDNA via intercalation and, moreover, they do not produce 1O2 

when bound to stDNA. With a view to explore the phototoxicity of complexes 63 and 64 

when reached the cellular DNA, efforts have been devoted to achieving nuclear localisation 

of such complexes and preliminary results will be presented in the next section. 
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2.7.3 Nuclear Localisation of 63 and 64 by Ethanol Membrane Permeabilisation 

Despite the DNA affinity shown by 63 and 64, their localisation in the cell cytoplasm makes 

no possible to take advantage of their affinity for the genetic material in a cell environment. 

As discussed in Section 1.6.2, different strategies such as using lipophilic ligands or 

conjugation to cell-penetrating peptides (CPPs) and nuclear localisation signal (NLS) 

sequences have been developed to improve the cellular uptake of Ru(II) polypyridyl 

complexes and, in particular, to localise them into the cell nucleus.178,181,191,192,195,197-199 

However, modification of the chemical structure of such complexes could be complicated 

and result in a change in their photophysical and photochemical properties. In this context, 

Zhu et al. have described another strategy to enhance the cellular uptake and a nuclear 

localisation of dppz-based Ru(II) complexes using biochemical agents such as 

pentachlorophenol (PCP) via formation of a stable lipophilic ion-pair.330 With this in mind, 

numerous attempts were performed in order to localise 63 and 64 into the nucleus by co-

incubation in HeLa cells with PCP and the structural analogue 2,4-dinitrophenol (DNP). 

 

 

Figure 2.19. Confocal fluorescence microscopy images of HeLa cells showing the uptake of 63 and 64 (red) 

at 100 µM in the presence of PCP at 200 µM after 1 h incubation. 

However, the low water solubility of both PCP and DNP meant aqueous solutions containing 

these compounds could not be prepared. Even then, the cellular uptake of aqueous 

suspensions containing either 63 or 64 (100 µM) in the presence of PCP or DNP (200 µM) 
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was investigated using a Leica SP8 scanning confocal microscope with a 40x oil objective 

with an NA (numerical aperture) of 1.30. However, nuclear localisation was only observed 

in those cells where a significant amount of PCP and DNP precipitated after 1 h of incubation 

as shown for PCP in Figure 2.19. It must be noticed that in the work published by Zhu et al. 

cells were incubated with the Ru(II) complex in the presence of 300 µM concentration of 

PCP for 3 h.330 A lower PCP concentration and a shorter incubation time was used since 

toxicity studies of PCP were carried out using the Alamar Blue cytotoxicity assay which 

revealed an IC50 value of 114 µM (Figure A2.9a of the Appendices). In contrast, the IC50 

value determined for DNP was shown to be larger than 300 µM (Figure A2.9b of the 

Appendices). However, similar results were obtained when larger PCP concentrations and 

longer incubation times were tested. 

In an attempt to fully solubilise PCP and DNP, a mixture of H2O/EtOH (1:1) was 

employed to prepare the stock solutions containing the appropriate phenol derivative and 63 

and used to treat the cells. Complex 64 was not tested in the following experiments. 

Therefore, HeLa cells were treated with 40 µL of a H2O/EtOH (1:1) solution containing 63 

(100 µM) and PCP (200 µM) and incubated for 3 min. Following this, the cells were washed 

with fresh medium to remove the EtOH and the excess of complex then subsequently imaged 

using confocal fluorescence microscopy. A 40 µL aliquot was used to cover a larger area of 

cells since it was shown that only a small group of cells were able to internalise the complex 

when smaller volumes were tested. Although nuclear localisation was achieved in these 

conditions, the same results were observed in the absence of PCP or DNP, suggesting that 

the nuclear localisation of 63 was due to the EtOH. 

Experiments were then carried out to investigate the role of the EtOH in the nuclear 

localisation of 63 using a Leica SP8 gated STED confocal microscope with a 10x dry 

objective with an NA (numerical aperture) of 0.30 (Figure 2.20). Firstly, it was demonstrated 

that the minimum amount of EtOH required to localise the ruthenium complex into the 

nucleus was 50% of the total volume of the aliquot (3.7% of the final volume) added to the 

cells as no nuclear localisation of 63 was observed when 30%, 10% or 0% of EtOH was 

used. Interestingly, complex 63 was taken up by a defined group of cells that corresponded 

to the area in direct contact with the 40 µL aliquot when added to the cells. 

Furthermore, it has been described in the literature that organic solvents such as 

DMSO or EtOH can perturb the lipid bilayer that constitutes the cell membrane increasing 

its fluidity and reducing its rigidity.331 In this context, EtOH has been used for reversible 

intracellular delivery of cargo molecules. Therefore, ethanol membrane permeabilisation 
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could be the cause of the fast uptake of the complex and nuclear localisation. On the other 

hand, it has been shown that Ru(II) complexes can be internalised by cells with damaged 

cell membrane and used as probes for cell viability measurement by flow cytometry, 

confocal microscopy and time-resolved luminescence.332 In order to evaluate if the ethanol 

 

 

Figure 2.20. Confocal fluorescence microscopy images of HeLa cells showing the minimum amount of EtOH 

required to localise 63 (100 µM, red) into the nucleus after 3 min incubation. 

treatment was causing irreversible cell damage, tetramethylrhodamine methyl ester 

(TMRM) was used to evaluate cell viability through mitochondrial functionality. TMRM is 

a cell-permenant fluorescent dye that only accumulates in mitochondria with intact 

membrane potentials being able to selectively distinguish between apoptotic and non-

apoptotic cells. Therefore, TMRM (20 nM) was added to HeLa cells previously treated with 

40 µL of a solution containing 63 (50 µM) in H2O/EtOH (1:1) for 3 min. After 30 min 

incubation, cells were washed with fresh medium and imaged by confocal fluorescence 

microscopy using a Leica SP8 gated STED confocal microscope with a 10x dry objective 

with an NA (numerical aperture) of 0.30 (Figure 2.21). Nuclear localisation of complex 63 

in a well-defined area was again observed, probably where the solution containing the 
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complex in a mixture of H2O/EtOH (1:1) was dropped. Interestingly, TMRM fluorescence 

was not observed in those cells that were able to internalise 63 into the nucleus suggesting 

loss of their mitochondrial membrane potential due to their unhealthy condition. Therefore, 

these results could be considered as an evidence that the localisation of 63 into the nucleus 

of HeLa cells is due to cell membrane permeabilization by the presence of EtOH which 

would facilitate the cell membrane crossing by the ruthenium complex and its reach of the 

cell nucleus. 

 

Figure 2.21. Confocal fluorescence microscopy images showing the viability of HeLa cells using the 

mitochondrial fluorescence dye TMRM (green, 20 nM) after being treated with 40 µL of a solution containing 

63 (red, 50 µM) in H2O/EtOH (1:1) for 3 min. 

Current studies are being carried out to localise Ru(II) polypyridyl complexes into 

the cell nucleus through controlled and reversible cell membrane permeabilization. Thus, 

after recovering of the temporal damaged cell membrane, the phototoxicity of such 

complexes will be investigated when localised into the cell nucleus as this contains the 

genetic material of the cell which is an interesting target to induce cell death. 

2.8 Conclusion and Future Perspectives 

With the goal of designing new Ru(II) polypyridyl complexes with the ability to bind to 

DNA by intercalation and act as PDT agents, in this chapter two novel Ru(II) dppz-based 

complexes have been synthesised and characterised and their photophysical properties have 

been investigated. The DNA-binding affinity of 63 and 64, which contain the dtp extended 

aromatic ligand, was explored in aqueous solution using a variety of spectroscopic 

techniques. DNA titrations in absorption and emission spectroscopy indicated high affinity 
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of both complexes for DNA with Kb values being ca. 107 and 106 M−1 at low and high ionic 

strength, respectively. These results supported the co-existence of electrostatic and non-

electrostatic interactions, suggesting intercalation of complexes into the DNA structure. 

Thermal denaturation and circular dichroism (CD) studies were consistent with the ability 

of these complexes to bind to DNA. Viscosity experiments confirmed intercalation into 

DNA of both complexes as the main binding mode. 

Subsequently, the capability of complexes 63 and 64 to sensitise 1O2 was investigated 

in the absence and in the presence of DNA and thus ΦΔ values were determined through 

direct measurement of 1O2 phosphorescence at 1265 nm in O2-saturated D2O. Lack of 1O2 

production was observed for 63 in air-saturated H2O and in the absence of DNA while 64 

showed a ΦΔ value of 0.19 in the same conditions. In addition, low 1O2 production was 

observed for both complexes when bound to DNA suggesting that their ability to act as Type-

II photosensitisers in a cellular environment will depend on their localisation. 

Furthermore, cell studies using confocal fluorescence microscopy revealed that both 

complexes 63 and 64 were taken up into HeLa cells and localised in the cytoplasm, making 

them promising candidates as photoprobes. In agreement with their ability to produce 1O2, 

toxicity assays showed that the toxicity properties of 63 did not change upon photoactivation, 

while 64 became considerably more toxic and as such can be potentially used as PDT agent. 

Most of the work presented here has been published in Dalton Transactions and can be found 

in the Publications section. 

Finally, several attempts were carried out to localise 63 and 64 into the cell nucleus 

via cell membrane permeabilization using EtOH as co-solvent when treating the cells with 

the complexes. However, such an intracellular delivery strategy has been shown to damage 

the cells permanently. Thus, further perspectives of this work will be focus on achieving 

nuclear localisation of Ru(II) polypyridyl complexes without irreversibly disrupting the cell 

membrane integrity. This will be essential to study their phototoxicity when localised in the 

cell nucleus and bound to DNA based on preliminary 1O2 production studies performed in 

the presence of the genetic material with a view to investigate the cell localisation 

dependence of the photoactivation of such complexes. 

Moreover, the development of Ru(II) polypyridyl complexes analogues such as 76 

(Figure 2.22) by replacement of the sulphur atom in the dtp ligand by selenium may result 

interesting with the aim to study the impact of such modification in the cytotoxicity of the 

resulting complexes compared to 63 and 64 since a wide number of selenium-containing 

molecules have shown potential applications in cancer therapy.333-337 
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On the other hand, taking advantage of the presence of the sulphur atom in the dtp 

ligand and in relation with previous work in the Gunnlaugsson group and with further 

chapters in this thesis, complexes 63 and 64 could be employed to functionalise gold 

nanoparticles (64·AuNP) (Figure 2.22) in order to study their DNA binding as well as their 

biological properties when attached to the nanomaterial surface.264,271 

 

Figure 2.22. Chemical structures of the Ru(II) polypyridyl systems 76 and 64·AuNP resulting from the 

replacement of the sulphur atom in dtp ligand by selenium and functionalisation of AuNPs with 64, 

respectively. 

In the next chapter, the system resulting from the photoreaction between 38 and 

guanosine 5’-monophosphate (GMP) will be investigated as a model to complete the current 

knowledge about the reactivity of Ru(II) polypyridyl complexes containing π-deficient 

ligands such as TAP with biomolecules. Particularly focusing on their ability to covalently 

bind to DNA as another way to induce photo-controlled damage of the genetic material. 

Thus, spectroscopic studies of both ground and excited states of such photoadduct will be 

next presented. 
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3.1 Introduction 

The design of molecules capable of binding to DNA is of particular interest in the field of 

medicinal chemistry. For example, most of the chemotherapeutic drugs have been shown to 

exert their anticancer activity by the inhibition of DNA relaxation, gene expression or DNA 

replication.14 As was discussed in Section 1.6.2 and shown in the previous chapter, many 

Ru(II) polypyridyl complexes have been shown to act as powerful DNA binders.2 However, 

the DNA binding ability of Ru(II) complexes is not limited to non-covalent binding modes 

such as electrostatic, groove binding or intercalation. In this context, the coordination of π-

deficient ligands such as TAP to the Ru(II) centre has been shown to confer a high oxidising 

3MLCT excited state to the resulting complex.202,203 Therefore, in the presence of reducing 

molecules such as guanine, a photoinduced electron transfer (PET) can occur from the DNA 

nucleobase to the Ru(II) complex in its excited state.166,211-213 This process results in the 

generation of radical species that can lead to the formation of photoproducts with 

DNA.203,213,219,223 A more detailed explanation of the mechanism by which these 

photoproducts (more commonly known as photoadducts) are formed was given in Section 

1.6.3. 

Over the last number of decades, photoadduct formation and their impact on 

biological applications have been extensively studied by the research group of Kirsch-De 

Mesmaeker.168,202,203,208,211,213,219,223,225,229,230,338 In particular, complex 38 (Figure 1.19) is 

among the most used π-deficient Ru(II) polyaazaromatic complexes as an oxidising entity 

in the photoreaction with guanine-containing molecules, including the nucleotide guanosine 

5’-monophosphate (GMP), oligonucleotides or DNA.211,213,219,223,230 Despite its 

photoinstability,122 complex 38 shows advantageous properties such as a significant 

reduction potential of its 3MLCT excited state (Ered
* = +1.30 V/SCE)202 as well as a 

symmetric structure that reduces the amount of possible photoproducts formed after 

irradiation in the presence of guanine-containing molecules. 

Importantly, it has also been demonstrated that further illumination of such mono-

photoadducts in the presence of guanine-containing molecules gives rise to the incorporation 

of a second guanine unit to the Ru(II) polypyridyl complex resulting in the formation of bi-

photoadducts.202,203,213 This is of particular interest as two complementary guanine-

containing oligonucleotides can be irreversibly photocrosslinked, most likely due to two 

consecutive PET reactions with a single π-deficient Ru(II) polyaazaromatic 

complex.168,202,203,338 Indeed, the mechanism of action of the well-known chemotherapeutic 

agent cisplatin has been shown to occur via DNA inter- or intra-strand crosslinking.55 
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More recently, a great effort has been made by 

Kirsch-De Mesmaeker and co-workers to elucidate the 

photophysical mechanism by which the formation of 

bi-photoadducts occurs.213 For this purpose, the 

photoadduct formed between the previously mentioned 

complex 38 and GMP (43) (Figure 3.1) was used as a 

model system. Interestingly, the isolated photoadduct 

43 is not emissive suggesting that the lifetime of its 

excited state is shortened by an intramolecular 

quenching process. However, despite the lack of 

emission, the addition of a second GMP molecule to 43 

was found to occur at acidic pH but not at basic pH 

showing that the properties of 43 (pKa = 6.8) are 

affected by the solution pH. Based on different spectroscopic techniques (including visible 

transient absorption (TrA)) and density functional theory (DFT) calculations, the authors of 

this study have proposed different protonation states of 43 depending on the solution pH 

which would result in the existence of different nature excited states. Thus, at pH 5.9, 43 

would be protonated and reactive 3MLCT excited states would be populated after excitation 

(Scheme 3.1 (1)). These excited states would then undergo proton transfer (PT) from the 

protonated guanine moiety to the TAP•− motif (Scheme 3.1 (2)). This would be followed by 

an intramolecular electron transfer (ET) from the guanine moiety to the Ru(III) centre of the 

3MLCT excited state, most likely accompanied by proton transfer (PCET), giving rise to the 

 

Scheme 3.1. Proposed mechanism of the dynamic processes that occur after excitation of 43 in aqueous 

solution at pH 5.9 proposed by Marcélis et al.213 Note that this mechanism could also occur through a 3MLCT 

excited state where the electron would be placed on the GMP modified TAP ligand. 

formation of a long-lived biradical species (Scheme 3.1 (3)). This species could further react 

with a second GMP molecule and form a bi-photoadduct. In contrast, at pH 8, the non-

protonated 43 would have unreactive ligand-to-ligand charge transfer/intra-ligand charge 

transfer (LLCT/ILCT) excited states. These LLCT/ILCT excited states would not lead to 

intramolecular PT and ET processes and as such, long-lived species with the ability to react 

Figure 3.1. Chemical structure of the 

photoadduct formed between 38 and 

GMP (43). 



Chapter 3 – Spectroscopic Studies of the Photoadduct Formed between [Ru(TAP)3]2+ and 5’-GMP 

85 

 

with another GMP unit would not be formed. Furthermore, according to DFT calculations, 

the N7 position of the guanine moiety in 43 has been proposed to be the protonation site 

(Figure 3.1). However, such protonation results are surprising due to (i) the pKa of the N7 

position in free GMP is 2.48; thus, a much lower pH than 5.9 is required to protonate this 

position;339,340 and (ii) protonation of the imidazole ring of GMP has been shown to have a 

negative effect on the exergonicity of the ET.341 Therefore, there is still a need to further 

analyse this system through additional techniques. 

The main goal of the work described in this chapter is to provide more information 

on the photophysical scheme by which the mono-photoadduct 43 can react with a second 

molecule of GMP and yield a bi-photoadduct, despite its non-emissive character. In 

particular, we proposed to study the mechanism using time-resolved infrared (TRIR) 

spectroscopy as this technique should provide greater insight into the structure of the 

transient species, including excited states, involved. In this context, TRIR has been used 

extensively for investigating photosensitised oxidation of guanine by Ru(II) polypyridyl 

complexes.279-283,342,343 Therefore, the photosynthesis, isolation and characterisation of 43 

will be first presented. Investigations into the effect of the pH on its ground state will then 

be performed using several spectroscopic techniques, including UV-vis absorption and 

emission spectroscopy, Fourier-transform infrared (FTIR), circular dichroism (CD) and 

NMR spectroscopy. Furthermore, TrA and, as previously mentioned, TRIR spectroscopy 

will be employed to probe the different pH-dependent excited states that exist in 43. It was 

envisioned that TRIR would be useful to study the pH-dependent excited states of 43 as the 

specific vibrations within this photoadduct are expected to be sensitive to changes in the 

electronic structure of the complex resulting from differences in the solution acidity. The 

studies described here were conducted under the supervision of Prof. John M. Kelly at 

Trinity College Dublin (TCD) and in collaboration with Prof. Andrée Kirsch-De Mesmaeker 

at Université Libre de Bruxelles (ULB). 

3.2 Photoreaction between 38 and GMP 

The photoadduct 43 was photosynthesised based on previous protocols developed by the 

research group of Prof. Andreé Kirsch-De Mesmaeker at Université Libre de Bruxelles 

(ULB).213,223,228,229 A photoreactor containing diode lasers as excitation sources was used for 

the first time in order to replace the traditional Xenon lamp previously employed for this 

kind of photoreaction involving π-deficient Ru(II) polypyridyl complexes and 

biomolecules.168,211,213,219,223,227-229,344,345 The LightBATH-405 advanced laser photoreactor 
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(Figure 3.2) was designed and manufactured by Prof. Guillermo Orellana and Dr Maximino 

Bedoya at Universidad Complutense de Madrid (UCM). 

 

Figure 3.2. (a) LightBATH-405 advanced laser photoreactor manufactured by the UCM Optical 

Chemosensors & Applied Photochemistry Group (GSOLFA) of Universidad Complutense de Madrid (UCM) 

and used for photoproducing the photoaddduct 43. (b) Optical glass bottle reactor containing the 

photoreaction mixture. 

This unique device provides several advantages when compared with Xenon lamps: 

(i) high selectivity for performing photochemical reactions as the diode laser illumination of 

the LightBATH-405 is centred at ca. 405 nm; (ii) versatility of the system since the original 

405-nm diode lasers can be easily replaced by lasers of different wavelengths; (iii) the diode 

lasers are inserted into an aluminium block for passive cooling of the system and thus no 

water flow is needed; (iv) two switches located on both sides of the LightBATH-405 allow 

half or full radiant power from the eight diode laser sources the device is equipped with, with 

each having an average radiant power of (33 ± 4) mW; (v) the LightBATH-405 photoreactor 

is fitted with a standard SMA-905 port for front-face fiber-optic monitoring of the 

photochemical reaction progress by luminescence or reflectance measurements using a fiber-

optic spectrometer. 

Thus, for the synthesis of the photoadduct 43, a 25 mL aqueous solution of a mixture 

of complex 38 (100 µM) and GMP (3 mM) was prepared. Synthetic and characterisation 

details of 38 can be found in Section 7.8.1 of Chapter 7 and Figures A3.1-A3.3 of the 

Appendices. The pH of the solution was adjusted to pH 5 by addition of 0.1 M HCl and 

transferred to the optical glass bottle reactor (Figure 3.2b). Indeed, it has been previously 

demonstrated that for the photoreaction between 38 and GMP to occur a pH lower than 7 

was necessary.213,219 The optical glass bottle reactor, provided with a rubber septum, was 

placed in the tailored pit between the illumination sources of the LightBATH-405 

photoreactor. Before irradiation, the solution was purged with argon for 30 min to remove 
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any dissolved oxygen and to avoid the formation of secondary oxidised products.213,219,228 

The mixture was then irradiated for 8 h at full radiant power under continuous stirring 

(Scheme 3.2). 

 

Scheme 3.2. Synthetic pathway for the photoreaction between 38 and GMP to form the photoadduct 43: (i) 

deaerated aqueous solution, pH 5, 8 h irradiation with 405 nm light. 

The progress of the photoreaction was monitored every hour by UV-vis absorption 

spectroscopy (Figure 3.3a) and a shift of the MLCT band maximum to slightly shorter 

wavelengths could be observed. This behaviour has been already reported in the literature 

for the formation of a photoadduct with the GMP.213,219,223 However, the hyperchromic effect 

at ca. 390 nm typically observed in the formation of 43 could not be detected.213,219,223 It has 

to be noted that the photoreaction conditions employed here do not result in the best reaction 

yield but rather favour the purity of the photoproducts obtained. Thus, at the GMP 

 

 

Figure 3.3. Monitoring of the photoreaction progress between 38 (100 µM) and GMP (3 mM) in deaerated 

aqueous solution at pH 5 by (a) UV-vis absorption and (b) emission spectroscopy (λexc = 407 nm) at different 

irradiation times, at 298 K. 
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concentration used and knowing that the luminescence lifetime of 38 in water is 220 ns and 

the rate constant (kq) for the quenching of the excited state of such complex by GMP is 2.2 

× 109 M−1 s−1,212 only ca. 60% of the excited states are quenched. Therefore, competition 

with other processes such as photodechelation of the ruthenium complex is expected. This 

is supported by the appearance of a shoulder at ca. 500 nm. Illumination of the complex 38 

in the presence of 10 mM GMP concentration was also carried out (ca. 80% quenching of 

the excited states). The progress of the photoreaction was monitored by UV-vis absorption 

spectroscopy (Figure A3.4 of the Appendices) and showed the expected hyperchromic 

effect. This again confirmed a greater competition for other process when lower GMP 

concentrations are used. Unfortunately, as previously pointed out, 3 mM GMP concentration 

had to be used in order to facilitate the subsequent purification of the photoproducts. The use 

of large GMP concentrations resulted in gel formation when, once illumination was 

complete, the crude product of the photoreaction was concentrated, making the purification 

step difficult. 

Emission spectroscopy was also employed to monitor the photoreaction progress 

(Figure 3.3b). A decrease in emission intensity with the illumination time was observed and 

can be attributed to the consumption of the emissive starting material 38, either because of 

the formation of the non-emissive 43 photoadduct and other photoproducts or due to 

photodechelation. In order to exclude the photodechelation of the complex 38 as the main 

photoproduct, illumination of 38 (50 µM) in the absence of GMP was carried out and 

monitored by UV-vis absorption and emission spectroscopy, with the corresponding spectra 

shown in Figure A3.5 of the Appendices. An isosbestic point at ca. 460 nm was clearly 

observed indicating the superposition of the absorption spectra of two different species. 

These species would correspond to the disappearing starting material 38 and the formation 

of the dechelated complex by replacement of one of the TAP ligands by H2O molecules or 

chloride ions which results in the appearance of a typical absorption band at ca. 500 nm.219 

A decrease in emission intensity was also observed with the illumination time. The 

dechelation appeared complete after 4 h irradiation. From this experiment it can be 

concluded that, even if some dechelation occurs when the complex 38 is illuminated in the 

presence of GMP, the loss of a TAP ligand is more dramatic in the absence of the guanine 

nucleotide. This suggests that another process is also taking place, that is, photoadduct 

formation. 

To further confirm the formation of photoproducts, the photoreaction progress was 

also monitored by High-Performance Liquid Chromatography (HPLC). Chromatograms at 
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different illumination times are shown in Figure 3.4. Before irradiation, two peaks could be 

detected at retention times of ca. 3.1 and 8.6 min corresponding to the starting materials 

GMP and 38, respectively. Independent analyses of the pure starting materials allowed 

identification of their retention times (Figure A3.6 of the Appendices). It must be noted that 

small differences in retention times between injections are expected as no reference 

compound was used. Once irradiation of the reaction mixture began, the appearance of three 

main peaks at retention times of ca. 6.4, 10.7 and 12.2 min was observed as well as the 

 

 

Figure 3.4. Monitoring of the photoreaction between 38 and GMP by analytical HPLC measuring the 

absorption at 440 nm at different irradiation times. Column: Jupiter® 5 µm C18 300 Å, LC Column 250 × 4.6 

mm. Gradient: 0–5 min 85% A, 10% B and 5% C; 5–25 min from 85% A, 10% B and 5% C to 0% A, 95% B 

and 5% C (A = H2O, B = MeCN and C = TFA (2%)). 

decrease of the peak attributed to 38 due to the consumption of this starting material. A 

decrease of the peak corresponding to GMP was not observed as this reagent was in large 

excess. Therefore, it can be concluded that at least three new photoproducts were formed in 

the course of the photoreaction. In the next section the isolation of each peak by HPLC will 

be discussed. 
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3.3 Purification of the Photoproducts by High-Performance Liquid 

Chromatography 

After repeating the photoreaction a minimum of five times and concentrating the combined 

crudes obtained, the different photoproducts were isolated by HPLC. Three different 

purification steps were needed to obtain them in high purity. The first purification consisted 

on removing the high excess of GMP by semi-preparative HPLC using a Jupiter® 5 µm C18 

300 Å, LC Column 250 × 10.0 mm (Phenomenex) with a 4 mL/min flow and a gradient 

elution of 90% H2O, 5% MeCN and 5% TFA(2%) for 10 min, from 90% H2O, 5% MeCN 

and 5% TFA(2%) to 70% H2O, 25% MeCN and 5% TFA(2%) for 10 min, and 70% H2O, 

25% MeCN and 5% TFA(2%) for 10 min (Figure 3.5). 

 

Figure 3.5. HPLC chromatogram (λabs = 440 nm) of the crude photoreaction mixture showing the conditions 

used to remove the GMP. Column: Jupiter® 5 µm C18 300 Å, LC Column 250 × 10.0 mm. Gradient: 0–10 min 

90% A, 5% B and 5% C; 10–20 min from 90% A, 5% B and 5% C to 70% A, 25% B and 5% C; 20–30 min 

70% A, 25% B and 5% C (A = H2O, B = MeCN and C = TFA (2%)). 

Once the GMP was removed from the crude photoreaction mixture, the second 

purification step involved analytical HPLC purification using a Jupiter® 5 µm C18 300 Å, 

LC Column 250 × 4.6 mm (Phenomenex) with a 1 mL/min flow and a gradient elution of 

85% H2O, 10% MeCN and 5% TFA(2%) for 5 min, from 85% H2O, 10% MeCN and 5% 

TFA(2%) to 0% H2O, 95% MeCN and 5% TFA(2%) for 20 min, and 0% H2O, 95% MeCN 

and 5% TFA(2%) for 6 min (Figure 3.6). Note that purification by semi-preparative HPLC 

could not be carried out due to a poor resolution of the peaks, most likely due to the limited 

amount of photoprodducts. 

Four fractions with retention times of ca. 6.4 (a), 7.9 (b), 10.7 (c) and 12.2 (d) min 

were isolated. Finally, fraction a was identified as the fraction containing the photoadduct 

of interest by high resolution MALDI-TOF mass spectrometry (see next section for further 

details) and was futher repurified by analytical HPLC using the same column and flux as 
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Figure 3.6. HPLC chromatogram (λabs = 440 nm) of the crude photoreaction mixture after removing the GMP 

showing the conditions used to isolate the different photoproducts. Column: Jupiter® 5 µm C18 300 Å, LC 

Column 250 × 4.6 mm. Gradient: 0–5 min 85% A, 10% B and 5% C; 5–25 min from 85% A, 10% B and 5% C 

to 0% A, 95% B and 5% C (A = H2O, B = MeCN and C = TFA (2%)). 

before but with a different gradient elution: 90% H2O, 5% MeCN and 5% TFA(2%) for 5 

min, from 90% H2O, 5% MeCN and 5% TFA(2%) to 85% H2O, 10% MeCN and 5% 

TFA(2%) for 20 min, and 85% H2O, 10% MeCN and 5% TFA(2%) for 5 min (Figure 3.7). 

A peak with a retention time of ca. 19.3 min corresponding to the photoadduct 43 was 

isolated. 

 

Figure 3.7. HPLC chromatogram (λabs = 440 nm) of fraction a after being isolated from the starting materials 

and other photoproducts showing the conditions used to get the photoadduct of interest in high purity. Column: 

Jupiter® 5 µm C18 300 Å, LC Column 250 × 4.6 mm. Gradient: 0–5 min 90% A, 5% B and 5% C; 5–25 min 

from 90% A, 5% B and 5% C to 85% A, 10% B and 5% C; 25–30 min from 85% A, 10% B and 5% C (A = 

H2O, B = MeCN and C = TFA (2%)). 

After purification, the four fractions isolated were characterised by high resolution 

MALDI-TOF mass spectrometry and UV-vis absorption and emission spectroscopy. Such 

characterisation will be described in the next section. 

3.4 Characterisation of the Isolated Photoproducts by High Resolution MALDI-

TOF Mass Spectrometry and UV-vis Absorption and Emission Spectroscopy 

The different photoproducts isolated by HPLC were first analysed by high resolution 

MALDI-TOF mass spectrometry in order to identify which fraction corresponded to the 
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desired photoadduct. An analysis of the crude photoreaction mixture after removing the 

starting material GMP was also carried out and the mass spectrum is shown in Figure 3.8. A 

peak at m/z 1009.1295 corresponding to the photoadduct of interest 43 was observed and 

confirmed the formation of this compound during the course of the photoreaction. Other 

 

 

Figure 3.8. Mass spectrum of the crude photoreaction mixture after removing the starting material GMP 

obtained by MALDI-TOF (α-cyano-4-hydroxycinnamic acid (α-CHCA) matrix, molecular weight 189.17 Da). 

peaks at m/z 929.1698 and 797.1257 were identified as being the photoadduct after losing 

the phosphate group and the ribose-phosphate moiety, respectively. Likewise, a peak at m/z 

648.0874 corresponding to the remaining starting material 38 was observed. In addition, the 

mass spectrum displayed a peak at m/z 663.0807 that was attributed to the complex 38 

containing an amino group which supports the formation of the photoadduct via the 

exocyclic amino group of the GMP as reported in the literature.223,229 Furthermore, a peak at 

m/z 826.0705 was identified as another photoproduct obtained by the replacement of one of 

the TAP ligands by GMP. The observation of a peak at m/z 679.0763 corresponding to this 

photoproduct after losing the guanine base suggests the coordination of the GMP to the 

ruthenium centre via the phosphate group. 

Mass spectrometry analysis of the four fractions isolated by HPLC was then 

performed. The mass spectrum of fraction a is shown in Figure 3.9 and revealed that this 

fraction contained the desired photoadduct 43 (m/z 1009.1289). A comparison of the 

theoretical and experimental isotopic distribution pattern of the photoadduct 43 is shown in 

Figure 3.10. It must be noted that the typical isotopic profile exhibited by ruthenium 

complexes was not observed for this compound. This phenomenon has previously been 

described in the literature and is due to the coexistence of two different singly charged 

species: (i) a one-electron capture by the doubly charged photoadduct, which results in a 

radical cation at m/z 1009 (reduced form), and (ii) a one proton loss from the phosphate 
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Figure 3.9. Mass spectrum of fraction a obtained by high resolution MALDI-TOF mass spectrometry analysis 

(α-cyano-4-hydroxycinnamic acid (α-CHCA) matrix, molecular weight 189.17 Da) and corresponding to 43 

(m/z = 1009.1289). 

moiety, which generates a cation at m/z 1008 (deprotonated form).346 Thus, the isotopic 

distribution pattern experimentally observed for the isolated photoadduct would correspond 

to the overlap of those displayed by the two existing species. 

 

Figure 3.10. Comparison between the calculated (blue) and experimental (black) isotopic distribution pattern 

for fraction a containing the photoadduct of interest and obtained by high resolution MALDI-TOF mass 

spectrometry analysis. 

To further analyse the fraction containing the photoadduct of interest 43, tandem 

mass spectrometry (MS/MS) analysis was carried out on the peak at m/z 1009.1289 (Figure 

3.11). The main fragmentations corresponded to the loss of the ribose-phosphate group 

followed by the loss of one and two TAP ligands (m/z 614.0408 and 431.9928, respectively). 

Other fragmentations, such as the loss of the TAP ligand where the GMP moiety was 

attached, were also observed (m/z 466.0243). 

Concerning the analysis of the other three photoproducts isolated by mass 

spectrometry, fraction b was identified as the unreacted starting material 38 from the peak 

at m/z 648.0914 displayed in the mass spectrum recorded for this fraction and shown in 

Figure A3.7 of the Appendices. In addition, the mass spectrum of fraction c (Figure A3.8 of 
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Figure 3.11. MS/MS spectrum of fraction a. 

the Appendices) displayed peaks at m/z 825.1410 and 679.0788 that corresponded to the 

photoproducts formed by the substitution of a TAP ligand in complex 38 by a GMP, and the 

loss of the guanine base by such photoproduct, respectively. Finally, fraction d contained the 

complex 38 bearing an amino group on one of its TAP ligands (m/z 663.0779, Figure A3.9 

of the Appendices), probably resulting from the breakdown of the bond between the 

exocyclic amino group and the purine heterocycle of the GMP moiety attached to 38 in the 

photoadduct 43. 

Additionally, UV-vis absorption and emission spectra of the four isolated fractions 

were recorded and are shown in Figure 3.12. Importantly, the UV-vis absorption spectrum 

of the isolated fraction a, which was identified as that containing the photoadduct of interest 

43 by high resolution MALDI-TOF spectrometry, showed the typical features previously 

reported for this compound, that is an important hyperchromic and hypsochromic shift (ca. 

of 10 nm) of the MLCT absorption maximum compared to 38.213,219,223 Moreover, no 

emission from the photoadduct 43 was detected due to an intramolecular electron transfer 

from the guanine moiety to the ruthenium centre resulting in the luminescence quenching of 

the 3MLCT excited states of such photoadduct.213 On the other hand, as expected, the UV-

vis absorption spectrum of fraction b corresponded to the remaining starting material 38, 

showing a MLCT band maximum at 407 nm, as well as the emission spectrum with a 

maximum centred at ca. 600 nm.347 Fractions c and d showed different UV-vis absorption 

spectra than both the photoadduct 43 and the starting material 38. In particular, the MLCT 

band maximum of fraction d, which was attributed to complex 38 containing an amino 

group, exhibited a shift to slightly longer wavelengths when compared with 38. As was the 

case for the photoadduct, any photoproducts found in fractions c and d seemed to be 

significantly emissive. 
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Figure 3.12. UV-vis absorption and emission spectra of (a) fraction a, (b) fraction b, (c) fraction c and (d) 

fraction d isolated by analytical HPLC from the crude photoreaction mixture. 

It must be taken into account that, as was recently demonstrated, the hyperchromic 

and hypsochromic shift observed for the photoadduct 43 depends on the pH of the solution 

and such changes are only expected at acidic pH.213 As the UV-vis absorption spectrum was 

recorded directly after HPLC purification without further workup and TFA was present in 

the eluent gradient used, the solution is expected to be acidic. At the same time, depending 

on the acidity of the solution, the hyperchromic and hypsochromic shifts of the MLCT 

absorption band are more significant. Thus, the MLCT absorption band would be more blue 

shifted at pH 1 than at pH 5. This pH effect on the photophysical properties of the 

photoadduct 43 will be further analysed in the following sections of this chapter. Firstly, in 

order to construct a more simple model that allows understanding the influence of the 

phosphate group in this particular behaviour, the nucleobase derivative 77 was isolated by 

hydrolysis of the ribose-phosphate group in 43 as will be next described. 

3.5 Acid Hydrolysis of the Ribose-Phosphate Moiety in 43 

Cleavage of the of the ribose-phosphate moiety in the photoadduct 43 was performed by acid 

hydrolysis based on the protocols previously employed by Jacquet et al.223,229 Thus, 43 was 

dissolved in 2 M HCl aqueous solution and heated at 95 °C for 2 h (Scheme 3.3). After 
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vacuum distillation of the acidic solvent, the resulting orange hydrolysate was purified by 

analytical HPLC using a Jupiter® 5 µm C18 300 Å, LC Column 250 × 4.6 mm (Phenomenex) 

 

Scheme 3.3. Synthetic pathway for the acid hydrolysis of the photoadduct 43 to form 77: (i) 2 M HCl aqueous 

solution, 95 °C, 2 h. 

with a 1 mL/min flow and a gradient elution of 90% H2O, 5% MeCN and 5% TFA(2%) for 

5 min, from 90% H2O, 5% MeCN and 5% TFA(2%) to 85% H2O, 10% MeCN and 5% 

TFA(2%) for 25 min, 85% H2O, 10% MeCN and 5% TFA(2%) for 5 min, and from 85% 

H2O, 10% MeCN and 5% TFA(2%) to 0% H2O, 95% MeCN and 5% TFA(2%) for 5 min 

(Figure 3.13). Three main peaks at retention times of ca. 18.8, 26.3 and 27.4 min were 

 

 

Figure 3.13. HPLC chromatogram (λabs = 440 nm) of the crude acid hydrolysis mixture of the ribose-phosphate 

moiety in 43 showing the conditions used to isolate the different photoproducts. Column: Jupiter® 5 µm C18 

300 Å, LC Column 250 × 4.6 mm. Gradient: 0–5 min 90% A, 5% B and 5% C; 5–25 min from 90% A, 5% B 

and 5% C to 85% A, 10% B and 5% C; 25–30 min 85% A, 10% B and 5% C; 30–35 min from 85% A, 10% B 

and 5% C to 0% A, 95% B and 5% C (A = H2O, B = MeCN and C = TFA (2%)). 

observed in the HPLC chromatogram. By comparison with the HPLC chromatogram 

recorded before 43 was subjected to acid hydrolysis, the peak with the lowest retention time 
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corresponded to the remaining unhydrolysed photoadduct 43. This assignment was 

confirmed by analysis of the isolated peak by high resolution MALDI-TOF mass 

spectrometry. On the other hand, the peak with a retention time of ca. 26.3 min was attributed 

to [Ru(TAP)2Cl2] (75), obtained by replacement of the TAP-GMP ligand in 43 by two 

chlorides, most likely due to the poor stability of the photoadduct at high temperature. 

Finally, mass spectrometry allowed the identification of the peak with a retention 

time of ca. 27.4 min as being the desired nucleobase derivative 77 (Figure 3.14). Once again, 

the typical isotopic pattern of ruthenium complexes was not observed for the hydrolysed 

photoadduct and, as was previously proposed for 43, the coexistence of two different singly 

charged species could be an explanation for this phenomenon (Figure A3.10 of the 

Appendices). 

 

Figure 3.14. Mass spectrum of the peak with a retention time of ca. 27.4 min obtained by high resolution 

MALDI-TOF mass spectrometry analysis (α-cyano-4-hydroxycinnamic acid (α-CHCA) matrix, molecular 

weight 189.17 Da) and corresponding to 77 (m/z = 796.1118 [M-H]+). 

In the next sections of this chapter, the pH dependence of the spectroscopic properties 

of the photoadduct 43 in both its ground and excited states, and using 77 as a comparative 

compound in some of the studies, will be discussed in detail. 

3.6 Spectroscopic Studies of the Ground State of 43 at Different pH Values 

In order to investigate the photoreactivity of the excited state of the photoadduct 43 and its 

pH dependence, an understanding of its ground state is necessary. Therefore, the ground 

state of the photoadduct in acidic and basic aqueous solution was studied using several 

spectroscopic techniques including UV-vis absorption, Fourier-transform infrared (FTIR), 

circular dichroism (CD) and NMR spectroscopy. It should be noted that, despite most of the 

experiments were carried out in D2O, the term pH will be used instead of pD. Details about 

the composition of the potassium-buffered D2O solutions used here and their corresponding 

experimental pH and calculated pD values are provided in Section 7.5 of Chapter 7. 
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3.6.1 UV-vis Absorption and Emission Spectroscopic Studies of 43 

The UV-vis absorption and emission spectra of the photoadduct 43 were recorded in D2O 

and in 10 mM potassium phosphate-buffered D2O solution at acidic and basic pH and are 

shown in Figure 3.15a. As expected from previous studies performed by Marcélis et al.,213 

the UV-vis absorption spectrum of the photoadduct was pH sensitive. Thus, at pH 5, 43 

exhibited an absorption maximum in the visible region which was blue shifted (ca. 15 nm) 

and displayed a hyperchromic effect when compared to the MLCT band of its parent 

complex 38. A similar effect was found at pH 1, although in this case the blue shift (ca. 30 

nm) of the absorption maximum in the visible region was more dramatic (Figure A3.11a of 

the Appendices). These observations are in agreement with the typical spectral changes 

reported in the literature during the photoadduct formation, as discussed in previous sections 

of this chapter.213,219,223 However, in D2O and at pH 8, a different UV-vis absorption 

spectrum was recorded with the appearance of a shoulder at approximately 500 nm. Marcélis 

 

 

Figure 3.15. UV-vis absorption and emission spectra of (a) 43 and (b) 77 in D2O (blue) and 10 mM potassium 

phosphate-buffered D2O solution at pH 5 (green) and 8 (red), at 298 K. 

et al. found that the pKa of 43 was 6.8 and thus a protonation of the photoadduct at pH values 

lower than its pKa was proposed to explain the pH dependence of the absorption properties 

of this compound.213 Therefore, a protonated form of the photoadduct would exist at pH 5 

while a non-protonated form would be expected to dominate at pH 8. 

It is more complicated, however, to find out the exact site where this protonation 

takes place. It would be expected that protonation will not occur in the TAP ligands since a 

pKa value of −2.7 has been reported in the literature for the complex 38.348 Thus, protonation 

is expected to take place in the GMP moiety (GMP has pKa values of 0.3, 2.48, 6.25 and 

9.49 corresponding to the first OH of the phosphate group, N7 position, second OH of the 

phosphate group and N1 position, respectively).339 From these pKa values for free GMP, it 

could be presumed that the phosphate would be the group protonated in 43 at pH 5. However, 
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it has been proposed that the N7 position of the GMP moiety in the complex is the 

protonation site according to DFT calculations performed on this photoadduct.213 As shown 

above, the phosphate group was found to make no contribution to the absorption spectra 

changes observed for 43 at acidic and basic pH. This was confirmed by recording the UV-

vis absorption spectrum of the photoadduct 77 (i.e. after sugar-phosphate cleavage from 43) 

under the same conditions, that is D2O and pH 5 and 8 (Figure 3.15b). Similar behaviour to 

that exhibited by 43 was observed for 77 and thus it can be concluded that only the guanine 

moiety is involved in this particular pH dependence of the photoadduct. In addition, as 

expected from previous observations, neither 43 or 77 were emissive at the pH tested. This 

could be a result of an intramolecular electron transfer from the guanine moiety to the 

ruthenium centre that causes the luminescence quenching of the 3MLCT excited states of the 

photoadduct.213 It must also be noted that no significant changes were observed when the 

UV-vis absorption spectrum of 43 was recorded at 400 µM concentration (Figure 3.16), 

indicating that there is no concentration dependence of the absorption properties of 43. 

 

Figure 3.16. UV-vis absorption spectra of 43 at 400 µM (black) and 10 µM (red) in 50 mM (400 µM 

concentration of 43) or 10 mM (10 µM concentration of 43) potassium phosphate-buffered D2O solution at (a) 

pH 5 and (b) pH 8, at 298 K. Note that the absorption spectrum of the sample at 400 µM concentration was 

recorded in a Harrick cell with CaF2 plates and as such, the absorption band observed between 300 and 320 

nm is caused by a defect in the CaF2. 

For comparative purposes, the UV-vis absorption and emission spectra of both 

starting materials 38 and GMP were recorded in the same conditions employed for 43 

(Figure 3.17). The absorption properties of neither of the compounds showed to be pH 

sensitive and confirmed that such behaviour is unique to the photoadduct resulting from the 

covalent bond between 38 and GMP. Only when the UV-vis absorption spectrum of GMP 

was recorded at pH 1 and 12, changes in the absorption maximum were observed (Figure 

A3.11b of the Appendices). Thus, at pH 1, when the N7 position of GMP is expected to be 

protonated, a red shift of the absorption band was observed. Moreover, at pH 12, for which 
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the N1 position of GMP should be deprotonated, the characteristic band of this nucleotide 

centred at about 260 nm and its shoulder became a single band. These results revealed that 

 

 

Figure 3.17. UV-vis absorption and emission spectra of (a) 38 and (b) GMP in D2O (blue) and 10 mM 

potassium phosphate-buffered D2O solution at pH 5 (green) and 8 (red), at 298 K. 

it is only at extreme acidic and basic pH, where changes in its protonation state are expected, 

that GMP exhibits a pH dependent UV-vis absorption spectrum. Concerning the emission 

spectrum, while 38 was found to be emissive independent of the pH, emission of GMP was 

only observed at pH 1 as it is well-known that the protonated form of the GMP is 

significantly more luminescent than the neutral nucleobase.340 

In the next section, infrared spectroscopic studies of the photoadduct 43 will be 

presented with the aim of gaining more information about the ground state of this molecule 

by looking at the transitions within the vibrational levels. 

3.6.2 Fourier-Transform Infrared Spectroscopic Studies of 43 

The ground state of the photoadduct 43 was also studied by IR spectroscopy. Thus, the 

Fourier-transform infrared (FTIR) spectrum of 43 (800 µM) was recorded in 10 mM 

potassium phosphate-buffered D2O solution at pH 5 and 8 (Figure 3.18a). Special care was 

taken to avoid moisture and thus sample preparation was carried out in a glove bag 

continuously filled with N2. At pH 5, a sharp and strong band was observed at 1673 cm−1 

and can be attributed to the carbonyl C6=O stretching (denoted νCO) localised in the guanine 

moiety. In addition, a series of weak bands were detected between 1350 and 1550 cm−1 and 

most likely correspond to vibrations within the polypyridyl ligands TAP. 

Interestingly, at pH 8, the carbonyl band was also found at 1673 cm−1. The absence 

of change in the position of the carbonyl band at both pH 5 and 8 is similar to the behaviour 

exhibited by free GMP at the same pH values (see below). By contrast, FTIR studies on the 

free GMP at pD 2 reported in the literature showed a shift of this band to a larger 
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wavenumber. This is due to protonation of the N7 position of the guanine base in acidic D2O 

solution (pD 2).340 Furthermore, the weak bands at lower wavenumbers found at pH 5 and 

 

 

Figure 3.18. (a) FTIR spectra of 43 in 10 mM potassium phosphate-buffered D2O solution at pH 5 (green) and 

8 (red), and (b) chemical structure of a G-quartet by 43 (R = ribose-phosphate). 

attributed to the TAP ligands were replaced by a broad and strong band centred at 1459 cm−1  

when the FTIR spectrum of 43 was recorded at pH 8. The origin of this particular band could 

correspond to some intrinsic vibration of the photoadduct at such pH. It should be noted that 

it could also be assigned to the HOD bending (δHOD = 1443 cm−1)349 due to the presence of 

some water despite the great care taken in the sample preparation. 

In order to gain a better understanding of the infrared features displayed by the 

photoadduct 43 at both pH 5 and 8, FTIR spectra of 38 and GMP were also recorded in the 

same conditions and are shown in Figure 3.19. Several bands of different intensity were 

detected between 1350 and 1650 cm−1 for complex 38 at both pH (Figure 3.19a) confirming 

the identification of the bands observed in that range in the FTIR spectrum of 43 at pH 5 as 

 

Figure 3.19. FTIR spectra of (a) 38 and (b) GMP at 800 µM in 10 mM potassium phosphate-buffered D2O 

solution at pH 5 (green) and 8 (red). 
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vibrations from the TAP ligands. No significant changes were observed in the FTIR 

spectrum of 38 at pH 5 and 8, indicating that there is no influence of the pH on the IR 

properties of this complex in the conditions tested. This was not unexpected since 38 

possesses a pKa value of −2.7, and thus neither protonation or deprotonation would occur at 

the pH values investigated in these experiments.348 Concerning the FTIR spectrum of GMP 

(Figure 3.19b), the band corresponding to the carbonyl C6=O stretching (νCO) was found at 

1664 cm−1 at both pH 5 and 8. A strong second band was also observed at 1579 cm−1 with a 

shoulder at 1567 cm−1 at both pH, and these have been assigned to purine ring vibrations, 

that is N3-C4 and C2-NH2 stretching (denoted νN3C4 and νC2NH2, respectively), within the 

guanine moiety.350 At pH 8, GMP showed an additional strong and broad band at 1460 cm−1 

as previously noticed for the photoadduct at that pH. Once again, no shift in the carbonyl 

band position was observed suggesting no protonation of the N7 position of the guanine 

nucleobase in the GMP at pH 5 as expected from its pKa value of 2.48.339 Furthermore, it 

has been described in the literature that protonation of the GMP in the N7 position has a 

dramatic impact in the band corresponding to the ring vibrations and thus the shoulder 

observed for that band disappears and a new band at higher frequency appears.340,350 This is 

not the case in the FTIR spectrum of the GMP recorded at pH 5 and gives further evidence 

of its non-protonated state at such pH which is not surprising according to its pKa value. 

FTIR has also been shown to be a powerful technique to identify guanine secondary 

structures that exist in solution, since the characteristic IR bands of GMP are expected to 

change in frequency and intensity when the nucleotide forms ordered structures.351-353 In this 

context, significant differences were observed when the FTIR spectra described above of 

both 43 and GMP were compared. Thus, the carbonyl band in the GMP was found to be 

broad which is characteristic of solvated carbonyl groups that do not participate in 

Hoogsteen-type hydrogen bonding with nearby guanine molecules.353 However, this band 

narrowed by about 40% and shifted from 1663 in GMP to 1673 cm−1 in the photoadduct 43. 

These changes imply more specific interactions of the carbonyl group and might be an 

indication of the guanine moiety being involved in Hoogsteen base-pairing or stacked tetrads 

formation (Figure 3.18b).340,353 Furthermore, the strong band at 1579 cm−1 corresponding to 

the ring vibrations in the GMP is typical of non-assembled guanines. Ring bands are, 

however, negligible in the FTIR of the photoadduct at both pH. A hypochromic effect on the 

intensity of the ring bands has been found to occur when the exocyclic NH2 group is 

participating in hydrogen bonding and is considered as another evidence of guanine self-

assembly.340,353 However, caution must be exercised when considering self-assembly as a 
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possible process occurring in the guanine-based ruthenium complex 43. Guanine self-

assembly has been shown to be concentration dependent and thus such process could not be 

extrapolatable to the results obtained by other spectroscopic techniques where much lower 

photoadduct concentrations were used. It must be noted that, although efforts have been 

made to record the FTIR spectrum of 43 at lower complex concentrations, the poor signal-

to-noise ratio did not allow to clear identification of the compound IR bands and as such 

photoadduct concentrations lower than 800 µM could not be employed in these studies. 

The presented FTIR studies of the ground state of 43 will be particularly valuable 

when studying its excited state by TRIR further in this chapter. To gain further insight into 

the nature of 43, the ground state of the photoadduct and its pH dependence was also 

investigated by circular dichroism and such studies will be discussed in the following 

section. 

3.6.3 Circular Dichroism Studies of 43 

Tris(bidentate) octahedral Ru(II) complexes are chiral owing to the configuration of the 

chelating ligands around the metal centre which results in the existence of two enantiomers, 

that is the left-handed Λ enantiomer and the right-handed Δ enantiomer (Figure 3.20a). 

Despite a racemic mixture of 38 being used in the photoreaction with GMP, the resulting 

complex was expected to be optically active due to the incorporation of the chiral D-ribose 

into the molecule. Therefore, it could be anticipated that the two enantiomers that form rac-

38 would become a mixture of diastereomers after reaction with GMP (Figure 3.20b). 

 

Figure 3.20. Chemical structure of (a) the left-handed Λ-38 and the right-handed Δ-38 enantiomers and (b) 

the Λ-43 and the Δ-43 diastereomers resulting from the photoreaction between rac-38 and GMP. Note that the 

ribose keeps the D configuration in both diastereomers. 

As was already discussed in Section 2.5.3, circular dichroism (CD) is a spectroscopic 

technique based on the differential absorption of left- and right- circularly polarised light by 

optically active molecules and it is extensively used to study structural changes of chiral 
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molecules. Thus, in order to investigate the conformation adopted by the resulting 

diastereomeric photoadduct mixture and the influence of the solution pH on the structure, 

the CD spectra of 43 (9 µM) were recorded in 10 mM potassium phosphate-buffered D2O 

solution at pH 5 and 8 as shown in Figure 3.21a. At pH 5, two strong bands of opposite sign 

were observed in the UV-region at 280 and 300 nm that correspond to the π-π* electronic 

transitions within the polypyridyl ligands, that is the two unmodified TAP and the GMP 

functionalised TAP ligands. In addition, another negative CD band of moderate intensity 

was found in the visible region at 390 nm and can be attributed to MLCT transitions. A 

comparable CD spectrum was observed at pH 8, although the band described above was 

shown to decrease in intensity. 

 

Figure 3.21. CD and molar absorption spectra of (a) 43 and (b) 77 at 9 µM in 10 mM potassium phosphate-

buffered D2O solution at pH 5 (green) and 8 (red). 

In order to confirm that the optical activity displayed by 43 was due to the presence 

of the chiral sugar, the CD spectrum of the photoadduct obtained after cleavage of the ribose-

phosphate moiety was also recorded using the same conditions (Figure 3.21b). Surprisingly, 

77 showed similar CD spectra to those found for 43 and thus, bands at 278 and 302 nm in 

the UV-region and at 385 nm in the visible region corresponding to π-π* intra-ligand and 

MLCT transitions, respectively, were detected. It can then be concluded that the D-ribose 

moiety is afterwards not participating in the optical activity observed for 43 and thus another 

reason must be the origin of such behaviour. For example, the existence of enantioselectivity 

of the photoreaction occurring between rac-38 and GMP would not be incongruous. Thus, 

the reaction of the guanosine radical cation (or neutral guanosine radical) with one of the 

enantiomers of the reduced metal complex (or protonated reduced complex) to form the 

photoadduct would be somewhat favoured in the encounter complex formed when both 

molecules approach each other through diffusion prior to the photoinduced electron transfer 

reaction. Furthermore, as was already mentioned in the previous section, the optical activity 
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exhibited by both 43 and 77 might be the result of the self-assembly of the guanine-based 

ruthenium complex molecules into ordered structures. Several examples have been reported 

in the literature about induced chirality from achiral molecules occurring after their self-

assembly.354-357 Indeed, circular dichroism is particularly sensitive to the formation of 

nucleic acid secondary structures and recent studies have shown that the topologies of some 

G-quadruplexes displayed a positive CD band at ca. 300 nm.358,359 This interpretation would 

be in agreement with the FTIR experiments discussed previously although it must be taken 

into account that the concentration of complex used in such experiments is much larger than 

the concentration used to record the CD spectra and thus aggregation could be a 

concentration effect. 

CD spectra of GMP and 38 were also recorded for comparison in 10 mM potassium 

phosphate-buffered D2O solution at pH 5 and 8 and are shown in Figure 3.22. As expected, 

rac-38 did not show any optical activity and proved that the photoadduct was synthesised 

through an unambiguously racemic mixture of the starting ruthenium complex. On the other 

hand, due to the chirality provided by the D-ribose, GMP showed CD signals in the UV 

region at 213 and 254 nm which are comparable with the CD spectrum reported in the 

literature for the nucleotide.360 No pH dependence on the CD spectra of either 38 or GMP 

was observed. 

 

Figure 3.22. CD and molar absorption spectra of (a) 38 (9 µM) and (b) GMP (74 µM) in 10 mM potassium 

phosphate-buffered D2O solution at pH 5 (green) and 8 (red). 

Although the origin of the optical activity observed for the photoadduct (with or 

without the ribose-phosphate moiety) could not be precisely explained, these studies gave 

further evidence of the particular and intriguing behaviour of such a molecule in its ground 

state. In order to further investigate the ground state of 43 using a different spectroscopic 

technique, NMR studies at different pH and concentration conditions were conducted and 

are presented next. 
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3.6.4 Nuclear Magnetic Resonance Spectroscopic Studies of 43 

NMR spectroscopy was also employed to study the influence of the pH on the ground state 

of the photoadduct 43, as the protons signals of this molecule are expected to be sensitive to 

changes in the environment, for example solution acidity. To date, the 1H NMR spectrum of 

the photoadduct (after sugar-phosphate cleavage) has only been reported once in the 

literature by Jacquet et al. and using DMSO-d6 as a solvent.223 To allow comparison with 

the conditions for the excited-state experiments discussed in the next section, the 1H NMR 

(800 MHz) spectrum of 43 was recorded at 400 µM concentration in 10 mM potassium 

phosphate-buffered H2O/D2O (95:5) solution at both pH 5 (Figure 3.23) and 8 (Figure 3.24). 

The sample concentration chosen for these experiments corresponds to that used in the 

transient spectroscopic studies that will be discussed in the following sections. It should be 

noted that, for clarity reasons, only the aromatic region is shown in the 1H NMR spectra 

presented here though the spectra corresponding to the sugar protons between 3.0 and 6.0 

ppm can be found in Figures A3.12 and A3.13 of the Appendices. Assignment of the proton 

signals was done through 2D NMR experiments (Figures A3.14–A3.17 of the Appendices) 

and by comparison with the NMR spectrum of the photoadduct in DMSO-d6 previously 

reported in the literature by Jacquet et al.223 

At pH 5, seventeen protons were observed between 8.0 and 9.0 ppm and were 

assigned to the unmodified TAP ligands (green) and to the GMP functionalised TAP moiety 

(red). Furthermore, the proton found at 7.90–7.91 ppm was attributed to the guanine 

nucleobase G8 proton. Interestingly, this signal appeared to be split into two peaks with 

similar contribution but different shape. This feature was also observed by Jacquet et al. for 

77 in the 1H NMR spectrum in DMSO-d6 and was attributed to the presence of a dynamic 

process in the molecule due to a slow rotation of the guanine moiety about the linking N 

atom.223 Another important observation was the presence of two different species in solution 

and as such all the proton signals were doubled. This is particularly evident when looking at 

the two singlets at 8.06 and 8.04 ppm corresponding to proton 3 of the GMP modified TAP 

ligand. The coupling constant would be too large to assign these two signals to a doublet and 

they should be attributed to two independent singlets with similar chemical shift and 

intensity. Thus, it must be noted that, in fact, the signal integration shown in this 1H NMR 

spectrum only corresponds to half of the protons present in the sample solution. The two 

species observed could be due to the existence of two diastereomers formed after addition 

of the GMP containing the D-ribose to the racemic mixture of 38 as discussed in the previous 

section. Although the two enantiomeric forms present in rac-38 must have protons with 
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identical chemical shifts, when they become diastereomers they should be easily 

distinguished by NMR spectroscopy. This explanation was supported by the 31P NMR 

spectrum of 43 (inset in Figure 3.23) recorded in the same conditions where two phosphorus 

signals of similar intensity were found at −0.93 and −1.16 ppm. 

 

Figure 3.23. 1H NMR (800 MHz) spectrum of 43 (400 µM, R = ribose-phosphate) in 10 mM potassium 

phosphate-buffered H2O/D2O (95:5) solution at pH 5 and 293 K. Signals corresponding to TAP ligands are in 

green and signals assigned to TAP-GMP ligand are in red. Inset: 31P NMR (162 MHz) spectrum of 43 (400 

µM) in 10 mM potassium phosphate-buffered H2O/D2O (95:5) solution at pH 5 and 298 K. 

Dramatic changes were observed in the 1H NMR spectrum of 43 recorded at pH 8 

when compared to that obtained at pH 5. The overlapping, splitting and broadening of some 

of the signals (almost until they disappeared) make it impossible to completely assign the 

protons signals at this pH. Interestingly, the protons most affected by the increase of the 

basicity of the solution were G8 in the guanine moiety and 3, 9 and 10 in the GMP modified 

TAP ligand which are the protons closest to the nucleobase. Several NMR studies on the 

self-assembly of GMP have shown that evidence of the formation of ordered structures is 

the splitting of the G8 proton into four non-equivalent major signals between 7.0 and 8.5 

ppm known as Hα, Hβ, Hγ and Hδ.
361-366 These signals have been attributed to the existence 

of different aggregates, that is G-quartets (Hα and Hδ), stacking of GMP dimers (Hβ) and 

stacking of monomers (Hγ).
366 Although the overlapping with the signals corresponding to 
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the TAP ligands makes it difficult to identify the G8 proton that was clearly observed when 

the 1H NMR spectrum of 43 was recorded at pH 5, the appearance of a number of small 

broad signals could be a sign of the splitting of the G8 signal at pH 8. In addition, four 

phosphorus signals were found at 3.21, 3.10, −7.54 and −9.38 ppm at basic pH (inset in 

Figure 3.24) in contrast to pH 5 where only two were observed. The presence of more than 

one phosphorus signal has already been reported in the literature for the self-association of 

GMP into ordered structures in neutral or basic solution.363,364,366,367 In particular, Wu et al. 

have attributed this observation to the formation of two different right-handed helical 

structures by GMP depending on the solution acidity.366,367 Since the phosphate group of 

GMP has a pKa of 6.25, it could be expected that it will be singly protonated at pH 5.339 The 

authors have proposed that the singly charged phosphate groups of the GMP would form a 

continuous hydrogen-bonded chain along the helical strand where the sugar moiety would 

be exclusively in C3’-endo conformation where all the phosphate groups are equivalent.367 

Therefore, a single phosphorus signal is observed in the 31P NMR spectrum of the GMP at 

acidic pH. On the other hand, doubly charged phosphate group can be presumed at pH 8. 

 

 

Figure 3.24. 1H NMR (800 MHz) spectrum of 43 (400 µM, R = ribose-phosphate) in 10 mM potassium 

phosphate-buffered H2O/D2O (95:5) solution at pH 8 and 293 K. Signals corresponding to TAP ligands are in 

green and signals assigned to TAP-GMP ligand are in red. Inset: 31P NMR (162 MHz) spectrum of 43 (400 

µM) in 10 mM potassium phosphate-buffered H2O/D2O (95:5) solution at pH 8 and 298 K. 
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The helical structure proposed in such conditions consists of individual GMP molecules with 

alternating C2’-endo and C3’-endo sugar pucker conformation and connected through 

hydrogen bonding between the deprotonated phosphate group of one GMP molecule and the 

hydroxyl group in the 2’ or 3’ position of the sugar moiety of the next GMP molecule.366 

The existence of the ribose phosphate group in two magnetically different environments 

result in the presence of two 31P NMR signals at pH 8. In the case of the photoadduct 43, the 

presence of two different diastereomers in solution could be the reason for the appearance 

of four phosphorus signals at basic pH since they are expected to be doubled. 

Self-assembly of the guanine moiety was also proposed as a possible explanation for 

some of the results of the experiments carried out on the ground state of 43 presented in 

previous sections. To further study the concentration effect on the photoadduct aggregation 

at acidic and basic pH, 1H NMR (800 MHz) dilution studies were performed at 400, 200 and 

100 µM concentrations in 10 mM potassium phosphate-buffered H2O/D2O (95:5) solution 

at both pH 5 and 8 and are shown in Figures 3.25 and 3.26, respectively. At pH 5, changes 

in the chemical shifts of the protons of 43 were observed upon dilution and, in particular, for 

 

Figure 3.25. 1H NMR (800 MHz) spectrum of 43 at 400, 200 and 100 µM in 10 mM potassium phosphate-

buffered H2O/D2O (95:5) solution at pH 5, at 293 K. Signals corresponding to TAP ligands are in green and 

signals assigned to TAP-GMP ligand are in red. 
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those corresponding to protons 3 and 6 of the unmodified TAP ligands. Thus, the group of 

signals attributed to protons 3 and 6 below 8.40 ppm showed a decrease in their chemical 

shifts. Furthermore, those between 8.40 and 8.45 ppm, which were well resolved at 400 µM 

concentration, coalesced at lower photoadduct concentrations. Finally, some of the signals 

above 8.45 ppm were found to move upfield until overlapping with the signals identified as 

protons 9 and 10 in the unmodified TAP ligands. In addition, at high concentration, the two 

peaks found for the G8 proton of the guanine moiety at 400 µM coalesced upon decreasing 

the concentration of 43 resulting in a single singlet at 100 µM. Minor changes were observed 

in the group of doublets corresponding to protons 2 and 7 localised in the ancillary TAP 

ligands upon dilution, with some of the signals moving to higher chemical shifts. 

Furthermore, at lower photoadduct concentrations, a slight decrease in the chemical shift 

was found for the signal at 8.28 ppm from the group of doublets assigned to protons 9 and 

10 in the GMP-functionalised TAP ligand. No noticeable changes were observed in the 

chemical shift of the protons 9 and 10 in the central phenyl ring of the unmodified TAP 

ligands, as well as in protons 7, 6 and 3 in the GMP functionalised TAP ligand. From this 

study, it can be concluded that there is aggregation of 43 at 400 µM concentration and at pH 

5 and the observed changes in the chemical shift of some of the signals would suggest that 

protons 3, 6 and G8 are the most likely to take part in such aggregation. It must be noted that 

no concentration effect was observed in the phosphorus signals (Figure A3.18 of the 

Appendices), indicating that the phosphate group is not affected by the aggregation of the 

photoadduct at acidic pH. 

Changes in the chemical shift of the protons were also observed upon dilution in the 

1H NMR spectrum of 43 recorded at pH 8 and pointed to aggregation of the photoadduct 

also occurring at basic pH. Thus, the chemical shift of signals above 8.9 ppm and identified 

as protons 2 and 7 in the TAP ancillary ligands moved slightly downfield at decreasing 

concentrations. Small changes with the concentration were also observed in the chemical 

shift of proton 7 in the TAP-GMP ligand and the non-identified signals between 8.5 and 

8.55 ppm. Concerning protons 9 and 10 in the unmodified TAP ligands, minor changes were 

also detected in their chemical shifts. Furthermore, some of the signals attributed to the 

protons 3 and 6 in the TAP ancillary ligands were better resolved at lower concentrations. 

Decrease in the chemical shift of proton 6 in the TAP-GMP ligand was also observed upon 

dilution. Finally, the most drastic changes were found in the chemical shift of some of the 

broad and low intensity peaks that appeared between 7.6 and 8.0 ppm and could potentially 

correspond to the unassigned protons 3 in TAP-GMP and G8. Interestingly, the chemical 
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shifts of the protons seem to be less affected by the change in the sample concentration at 

basic pH than at acidic pH and could suggest that the aggregation state of 43 at both pH is 

different in the concentration range tested. 

 

Figure 3.26. 1H NMR (800 MHz) spectrum of 43 at 400, 200 and 100 µM in 10 mM potassium phosphate-

buffered H2O/D2O (95:5) solution at pH 8, at 293 K. Signals corresponding to TAP ligands are in green and 

signals assigned to TAP-GMP ligand are in red. 

In addition, the 1H NMR spectrum of 43 was also recorded at 5 °C, at 400 µM 

concentration and at both pH 5 and 8 (Figures A3.19 and A3.20 of the Appendices), as 

association of guanine moieties is expected to increase with decreasing temperature. At pH 

5, the decrease in temperature resulted in major effects on the group of signals attributed to 

protons 3 and 6 in the TAP ancillary ligands, with dramatic broadening and overlapping of 

these signals observed. Changes were also evident in the signals corresponding to protons 9 

and 10 in the TAP-GMP ligand with coalescence of some of the peaks at low temperature. 

Furthermore, the signals assigned to proton G8 moved downfield when the temperature was 

decreased while those attributed to proton 6 in the TAP-GMP ligand moved to higher 

chemical shifts. No significant changes were observed for protons 2, 7, 9 and 10 in the 

unmodified TAP ligands and protons 3 and 7 in GMP functionalised TAP ligand. 

Concerning the temperature effect in the 1H NMR spectrum of 43 at pH 8, a decrease 

in temperature resulted in the broadening of all the signals. An increase of the chemical shift 
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of the signal attributed to proton 6 in the TAP-GMP ligand was observed. The broad and 

low intensity peaks found between 7.6 and 8.0 ppm that potentially correspond to the 

unassigned protons 3 in TAP-GMP and G8, were also found to move upfield, with no major 

changes observed in the chemical shift for the rest of the signals. Thus, the effect resulting 

from temperature variation in the 1H NMR spectrum of 43 at acidic and basic pH provides 

further evidence of the aggregation state of the photoadduct at 400 µM concentration and 

such aggregation is more likely to occur through the guanine moiety. 

In the same manner as in previous sections, NMR spectroscopic studies on free GMP 

were also performed for comparison. The 1H NMR spectrum of GMP was recorded at 400 

µM concentration in 10 mM potassium phosphate-buffered H2O/D2O (95:5) solution at pH 

values between 1 and 12 as shown in Figure 3.27. The sugar region between 3.0 and 5.0 ppm 

is not shown for clarity. The main changes were observed in the chemical shift of the G8 

proton and the anomeric proton at the most extreme pH values 1 and 12, where the N7 

position of the guanine nucleobase is expected to be protonated and the N3 position 

deprotonated, respectively, according to the pKa values reported in the literature for GMP.339 

Furthermore, less dramatic changes were found for these protons at pH 5, 7 and 8 where 

 

 

Figure 3.27. 1H NMR (400 and 600 MHz) spectrum of GMP (400 µM) in 10 mM potassium phosphate-buffered 

H2O/D2O (95:5) solution at pH 12, 8, 7, 5 and 1, at 298 K. 
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only deprotonation of the phosphate group is expected. Thus, the chemical shift of the signals 

corresponding to the G8 and anomeric protons moved slightly upfield and downfield, 

respectively, when decreasing the pH from 8 to 5. Interestingly, the N1H was visible at pH 

5, decreased in intensity at pH 7 and finally disappeared at pH 8. 

In addition, the 31P NMR spectrum of the GMP was recorded in the same 

concentration, solvent and pH conditions (Figure 3.28). It must be noted that chemical shift 

values at different pH could not be compared as an internal reference was not used when 

recording the NMR spectra. No phosphorus signal was observed at pH 1 maybe due to acidic 

hydrolysis of the phosphate group in the GMP. Furthermore, while only one phosphorus 

signal was detected at pH 5 at a positive chemical shift, a second phosphorus signal started 

to appear at a negative chemical shift as the basicity of the solution was increased to pH 7, 

8 and 12. As it was already observed for 43, different number of phosphorus signals at 

 

 

Figure 3.28. 31P NMR (162 MHz) spectrum of GMP (400 µM) in 10 mM potassium phosphate-buffered 

H2O/D2O (95:5) solution at pH 12, 8, 7, 5 and 1, at 298 K. 

different pH values could be due to a different self-assembly of the GMP at acidic or basic 

pH resulting in different helical structures.366,367 However, at the concentration used in the 

present study, self-assembly of free GMP is not expected as it only occurs at much higher 

concentration according to the literature.368 Therefore, gradual deprotonation of the 
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phosphate group in the GMP when increasing the basicity of the solution could result in the 

existence of two magnetically different phosphorus, that is protonated phosphate GMP and 

deprotonated phosphate GMP, and explains the appearance of a second phosphorus signal 

as the pH is increased. Same interpretation could also be applied to 43. However, in that 

case, aggregation of the photoadduct at 400 µM concentration was demonstrated by dilution 

studies and such guanine-based aggregation could be favoured by the covalently attached 

metallic complex. 

The NMR studies presented here again highlighted the complexity of the system 

resulting from the covalent attachment of the guanine-based nucleotide to the complex 38, 

even in its ground state. Thus, taking previous spectroscopic studies into consideration, it is 

evident that the ground state of the photoadduct 43 is pH-dependent, as shown by UV-vis 

absorption and NMR spectroscopy. Furthermore, although the pH effect on the vibrational 

transitions still remains unclear, FTIR experiments suggested no protonation of the N7 

position of the GMP moiety in the photoadduct at pH 5, as was previously proposed by 

Marcélis et al.213 This hypothesis is based on the absence of a shift in the carbonyl band 

position when the FTIR spectrum of the photoadduct was recorded at pH 5 and 8, which has 

been reported in the literature as an indication of protonation of the N7 position in free GMP 

at much lower pH.340 Indeed, preliminary theoretical IR spectra calculated by Dr Vincent 

Lemaurat at Université de Mons (not shown here) have shown different positions of the 

carbonyl band of the GMP moiety in the photoadduct when the N7 position was protonated 

or deprotonated, in agreement with that observed for protonated/deprotonated free GMP. 

The combined spectroscopic studies performed on the ground state of the 

photoadduct have also shown that this pH dependence is unique for the system resulting 

from a combination of both 38 and GMP (or G), as a pH effect was not observed for the 

unbound moieties. In addition, CD experiments have shown that the photoadduct 43 was 

optically active, independent of the presence of the ribose-phosphate moiety, although the 

origin of this chirality still remains unknown. Furthermore, NMR dilution studies indicated 

that aggregation of the photoadduct 43 occurs at 400 µM at both pH 5 and 8. According to 

the spectroscopic studies presented above, aggregation does not have an effect on the UV-

vis absorption spectrum of the photoadduct, although it may influence the IR properties of 

this compound. If this aggregation occurs through stacking of the GMP moieties or G-tetrads 

formation is still uncertain, but this is particularly relevant to the spectroscopic studies 

conducted on the excited state of the photoadduct 43 and described in the following section, 

as aggregation can have dramatic consequences on the photophysical properties of this 
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molecule. However, the original authors of this work did not consider aggregation in their 

studies and as such it will be assumed that aggregation of the photoadduct does not have a 

significant effect on the results obtained from the spectroscopic studies carried out on the 

excited state and presented next. 

3.7 Spectroscopic Studies of the Excited State of 43 at Different pH Values 

As was previously mentioned in Section 3.1, the main purpose of this research work was to 

build upon the previous studies conducted by Andrée Kirsch-De Mesmaeker and co-workers 

to further understand the mechanism by which the photoadduct 43 is able to react with a 

second molecule of GMP, despite its non-emissive character.213 These researchers found that 

the bi-photoadduct could only be generated at slightly acidic pH (pH 5–6), while addition of 

a second GMP to the mono-photoadduct 43 was not observed at basic pH. This pH-

dependent photoreactivity was proposed to be due to the existence of two different excited 

states, that is, reactive MLCT states at pH 5–6 and unreactive LLCT/ILCT states at pH 8. 

Therefore, this section will be focused on gaining more information about these excited 

states using different spectroscopic techniques. In this context, time-resolved spectroscopy 

has proved to be a useful technique in elucidating the excited-state processes occurring in 

Ru(II) polypyridyl complexes.166,211-213,227,279-284,341,344,369-377 In particular, transient 

absorption (TrA) and time-resolved infrared (TRIR) spectroscopy are the two ultrafast 

techniques employed in this section to investigate the electronic and vibrational transitions 

within the excited state of the photoadduct 43 at different pH values. 

Both TrA and TRIR uses pump-probe spectroscopy in which sample molecules are 

excited with a short pulse (pump) of light and, after a particular period of time, sample 

changes induced by the pump (e.g. formation of excited states or short-lived reaction 

intermediates) are monitored by a second pulse (probe) of visible light (400–800 nm) in TrA 

or mid-IR (1200–1800 cm−1) in TRIR. The intensity of the probe light transmitted by the 

sample is measured before and after photo-excitation. The ground-state spectrum is 

subtracted from that of the excited state, resulting in a difference spectrum in which the 

negative bands (bleach bands) correspond to regions of the spectrum where the ground state 

absorbs more strongly than the excited state and the positive bands (transient bands) are 

attributed to the excited state absorbing more strongly than the ground state. Varying the 

time delay between the pump and the probe pulses provides valuable kinetic information 

about the recovery time of the ground state and the lifetime of the transient species and any 

other intermediates formed. 
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Therefore, based on the potential of the time-resolved spectroscopic techniques, TrA 

and TRIR studies in the picosecond (both TrA and TRIR) and nanosecond (TRIR) time 

domains were performed on the photoadduct 43 in buffered D2O solution at different pH 

values and will be next discussed. It must be noted that, for reasons of signal to noise ratio, 

transient studies were carried out at 400 µM sample concentration. These experiments were 

conducted at the Central Laser Facility of the Science & Technology Facilities Council in 

the Rutherford Appleton Laboratory (UK). 

3.7.1 ps-Transient Absorption Studies of 43 

The main purpose of this project was to investigate the nature and the pH-dependence of the 

excited state of 43 and transient photoproducts by TRIR spectroscopy. In addition, TrA 

spectroscopy was also employed in order to directly compare these results with those from 

previously reported by Marcélis et al.213 The ps-TrA spectra of 43 (400 µM) were recorded 

in 50 mM potassium phosphate-buffered D2O solution at pH 5, 6, 7 and 8 and at various time 

delays after excitation at 373 nm. The TrA spectra at a short (10 ps) and a long (1500 ps) 

time delay after excitation of the photoadduct at the four pHs under investigation are shown 

in Figure 3.29 and confirm the influence of pH on the excited state of 43. A negative bleach 

 

Figure 3.29. ps-TrA spectra recorded at (a) 10 ps and (b) 1500 ps after 373 nm excitation of 43 (400 µM) in 

50 mM potassium phosphate-buffered D2O solution at different pH values. 

band centred at wavelengths between 435 and 450 nm (depending on the pH) was observed 

in the TrA spectra recorded at 10 ps after excitation at the four pH conditions tested (Figure 

3.29a) and corresponds to the loss of the MLCT absorbance of the ground state of 43. The 

pH-dependent shift observed in this bleach band was due to the changes in the UV-vis 

absorption spectra showed by the ground state of 43 at different pHs, as previously discussed 

in Section 3.6.1. In addition, a transient band at ca. 480 nm was present at acidic pHs, but 

less evident at neutral pH and absent at basic pH. This band overlapped with a second broad 
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transient band at wavelengths above 550 nm, which is assigned to the excited-state species 

generated after excitation of 43. A growth of the transient band at ca. 480 nm was observed 

at 1500 ps after excitation at acidic pH, while no significant changes were found for the 

second broad transient band (Figure 3.29b). However, at pH 7 and 8 the decay of the excited 

state to the ground state of 43 was observed, being almost complete by 1500 ps at basic pH, 

as evidence from the recovery of the bleach and the transient bands. 

Having shown that the TrA spectrum of 43 is sensitive to the pH, the rest of the 

discussion of this section will be focused only on the TrA spectra of 43 at both pH 5 and 8, 

as the photoadduct behaviour in its excited state was found to be very similar at pH 5 and 6, 

and the TrA spectrum at pH 7 seemed to be intermediate between acidic and basic pH. Thus, 

the ps-TrA spectra of 43 in the conditions described above at various time delays after 

excitation at 373 nm and at both pH 5 and 8 are shown in Figure 3.30 (with those at pH 6 

and 7 given in Figure A3.21 of the Appendices) and were found to be similar to those 

reported by Marcélis et al.213 The corresponding UV-vis absorption spectra of 43 in its 

ground state are also included for comparison. 

 

Figure 3.30. ps-TrA spectra recorded at the stated time delays after 373 nm excitation of 43 (400 µM) in 50 

mM potassium phosphate-buffered D2O solution at (a) pH 5 and (b) pH 8, and the corresponding ground-state 

absorption (GS-Abs) spectra. 

As was previously mentioned, the ps-TrA spectra of the photoadduct at pH 5 was 

characterised by a bleach band at 437 nm and a transient band at 477 nm with a broad 

shoulder from 550 nm (Figure 3.30a). This transient band was found to grow and blue shift 

to 470 nm over the timescale of the experiment, suggesting that the processes involved in 

the appearance of this band are not simple. The origin of this positive band was attributed to 

the presence of the GMP moiety in the photoadduct structure by Marcélis et al., as this band 

was absent in the reported TrA spectrum of the parent complex 38.213 Interestingly, no 

recovery of the ground state of 43 was observed during the timescale of the measurement, 
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which indicated the existence of a long-lived species at pH 5. The nature of this new species 

formed will be further discussed in the following section from TRIR measurements. It must 

be mentioned that, despite its long-lived character, this species is non-emissive and as such, 

no luminescence from the photoadduct is observed, as previously discussed in Section 3.6.1. 

Bi-exponential fit of the ΔOD at 437 nm gave lifetime values of 63 ± 16 ps (52%) and 348 

± 82 ps (48%) (Figure 3.31a). Furthermore, the kinetics of the grow-in of the transient band 

at 477 nm was fitted to a bi-exponential function and yielded a short lifetime value of 86 ± 

33 ps (31%) and a long lifetime value of more than 1500 ps (69%) (Figure 3.31b). It must 

be noted that, due to the complexity of the system and because the primary interest of this 

study was to analyse the long-lived species, kinetics were fitted from 10 ps. Before 10 ps a 

combination of cooling processes (intramolecular vibrational relaxation (IVR) and 

vibrational relaxation (VR)) were proposed to occur by Marcélis et al.213 

 

Figure 3.31. Bi-exponential fit to the ΔOD at (a) 437 nm, (b) 477 nm, (c) 448 nm and (d) 592 nm in the 

corresponding ps-TrA spectra (λexc = 373 nm) of 43 (400 µM) in 50 mM potassium phosphate-buffered D2O 

solution at pH 5 (a, b) and 8 (c, d). Note that data were fitted between 10–2800 ps (a, c, d) and 10–1500 ps 

(b). 

The ps-TrA spectra of the photoadduct 43 at pH 8 exhibited a bleach band at 448 nm 

and a broad transient band centred at ca. 590 nm (Figure 3.30b). In contrast to spectra 
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observed at pH 5, a decay of the transient band with a concomitant recovery of the bleach 

band was observed over the timescale of the experiment, which indicated that the ground 

state was reformed within the experimental timescale. Bi-exponential fit of the bleach band 

at 448 nm resulted in lifetime values of 57 ± 14 ps (42%) and 449 ± 79 ps (58%) (Figure 

3.31c), while the transient band at 590 nm was also observed to decay bi-exponentially with 

similar lifetime values of 23 ± 10 ps (32%) and 424 ± 51 ps (68%) (Figure 3.31d). 

As was previously demonstrated for the ground state, these results clearly show the 

influence of the solution pH on the nature of the excited state of the photoadduct 43 with the 

formation of long-lived species only at acidic pH. Further investigation into the excited state 

of 43 by ps- and ns-TRIR will be next discussed. 

3.7.2 ps- and ns-Time-Resolved Infrared Studies of 43 

The ps-TRIR spectra of 43 were recorded in the mid-IR (1300–1800 cm−1) using the same 

conditions as in the ps-TrA spectra described above, that is, at 400 µM sample concentration, 

in 50 mM potassium phosphate-buffered D2O solution at pH 5, 6, 7 and 8, and at various 

time delays after photo-excitation at 373 nm. The spectral range chosen for this experiment 

corresponds to the region where the aromatic ring breathing modes of the polypyridyl ligands 

appear as well as the carbonyl stretching and purine ring vibrations in the guanine 

moiety.340,378 Since H2O absorbs strongly in this region, D2O was required for the study. 

The TRIR spectra at a short (10 ps) and a long (1500 ps) time delay after excitation 

of 43 at the four pHs under investigation are shown in Figure 3.32. As was already noticed 

in the TrA experiments, a pH-dependence of the excited state of the photoadduct was also 

evidenced by TRIR measurements. At the time delay of 10 ps four main bands were observed 

 

Figure 3.32. ps-TRIR spectra recorded at (a) 10 ps and (b) 1500 ps after 373 nm excitation of 43 (400 µM) in 

50 mM potassium phosphate-buffered D2O solution at different pH values. 
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in the TRIR spectrum of 43 recorded at acidic pH (Figure 3.32a), two positive bands at ca. 

1465 and 1700 cm−1 corresponding to new vibrations of the transient species, and two 

negative bands at ca. 1530 and 1675 cm−1 assigned to the depopulation of the ground state. 

Interestingly, the transient band at ca. 1465 cm−1 observed at acidic pH appears as a strong 

bleach band when the TRIR spectrum of 43 was recorded at pH 8. Furthermore, the bleach 

band at ca. 1530 cm−1 was found to be weaker in intensity at basic pH than at acidic pH. 

Moreover, the bands at ca. 1675 and 1700 cm−1 present at acidic pH shifted to shorter 

wavenumbers at pH 8. In addition, the TRIR spectrum of 43 recorded at neutral pH was 

found to display an intermediate behaviour between those recorded at acidic and basic pHs. 

The TRIR spectra of 43 recorded at 1500 ps after excitation at acidic pH showed that 

the two bleach bands at ca. 1530 and 1675 cm−1 were stronger in intensity (Figure 3.32b). 

Moreover, no significant changes were observed for the transient band at ca. 1465 cm−1 

while the weak positive band at ca. 1700 cm−1 was found to disappear at this time delay. 

However, a recovery of the ground state was observed at pH 8 after 1500 ps, while the TRIR 

spectrum of 43 recorded at pH 7 showed intermediate features from both acidic and basic 

pH. 

Having demonstrated that the TRIR spectrum of 43 in strongly influenced by pH, 

further analysis will focus on the TRIR spectra of the photoadduct at both pH 5 and 8, as 

these are the most representative values to study the pH-dependent behaviour of 43 in its 

excited state. The ps-TRIR spectra of 43 recorded in the conditions described above, at 

various time delays after excitation at 373 nm and at both pH 5 and 8 are shown in Figure 

3.33 (those at pH 6 and 7 are given in Figure A3.22 of the Appendices), with the 

corresponding ground-state FTIR spectra included for comparison. As previously 

 

 

Figure 3.33. ps-TRIR spectra recorded at the stated time delays after 373 nm excitation of 43 (400 µM) in 50 

mM potassium phosphate-buffered D2O solution at (a) pH 5 and (b) pH 8, and the corresponding ground-state 

FTIR (GS-IR) spectra at 800 µM. 
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mentioned, at pH 5, two transient bands at 1468 and 1706 cm−1, and two bleach bands at 

1532 and 1678 cm−1 were mainly observed within 10 ps after photo-excitation (Figure 

3.33a). By comparison with the ground-state FTIR spectrum of 43, the bleach band observed 

at 1678 cm−1 was assigned to the carbonyl stretching in the guanine moiety. In addition, 

according to the literature, the appearance of a species absorbing at ca. 1700 cm−1 is 

consistent with the formation of the guanine radical cation (G•+).379-382 If this is the case, it 

means that, even within 10 ps, the TAP complex has already oxidised the guanine moiety. 

The intramolecular electron transfer in this system is faster than that occurring between the 

excited state of 38 and free GMP due to the intermolecular reaction between these two free 

molecules is diffusion limited.212 

The transient band at 1706 cm−1 was found to decay mono-exponentially with a 

lifetime of 128 ± 13 ps (Figure 3.34a). Interestingly, as this species disappeared, the bleach 

band corresponding to the guanine carbonyl stretching became more apparent with a similar 

lifetime of 110 ± 7 ps (Figure 3.34c) and indicated the formation of a long-lived species in 

which G•+ is not forming G when it decays. This behaviour suggests the existence of some 

structural change in G when forming the long-lived species which results in the loss of its 

carbonyl character. To further examine the nature of this long-lived species, the system was 

also investigated on the nanosecond timescale, which will be discussed later in this section. 

Furthermore, no significant changes were observed in the transient band at 1468 cm−1 within 

the first 1500 ps after excitation and only minor changes were observed by the strong bleach 

band at 1532 cm−1, which was found to increase in magnitude with a lifetime of 111 ± 21 ps 

(Figure 3.34e). This suggests minimal perturbation of the Ru(TAP) moiety while this new 

species is being formed within the first 1500 ps. Although the exact origin of these bands 

still remains unknown, according to the ground-state FTIR spectrum of 43, they could be 

assigned to vibrations within the TAP ligands. It must be noted that mono-exponential fits 

to the data were done from 10 ps (unless otherwise stated) in order to exclude very fast 

process and facilitate the analysis. 

Concerning the ps-TRIR spectra of 43 recorded at pH 8 (Figure 3.33b), one transient 

band at 1688 cm−1 and three bleach bands at 1463, 1529, and 1654 cm−1 appeared at 10 ps 

after photo-excitation. Similar to what was observed at pH 5, bands at 1688 cm−1 (transient) 

and 1654 cm−1 (bleach) were attributed to the formation of G•+ and to the guanine carbonyl 

stretching, respectively. However, these bands were shifted to shorter wavenumbers, when 

compared with those of the complex at pH 5. Furthermore, the decay to the ground state was 
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Figure 3.34. Mono-exponential fit to the ΔOD at (a) 1706 cm−1, (b) 1688 cm−1, (c) 1678 cm−1, (d) 1654 cm−1, 

(e) 1532 cm−1 and (f) 1463 cm−1 in the corresponding ps-TRIR spectra (λexc = 373 nm) of 43 (400 µM) in 50 

mM potassium phosphate-buffered D2O solution at pH 5 (a, c, e) and 8 (b, d, f). Note that data were fitted 

between 10–2800 ps (a), 10–2800 ps (c), 10–1250 ps (e), 50–2800 ps (b, d) and 10–2800 ps (f). For a better 

fit of the data, the baseline was corrected in the kinetics analysis of (a)–(d) by subtracting the ΔOD at 1749 

cm−1 from the ΔOD at 1706 cm−1 (a), 1678 cm−1 (c), 1688 cm−1 (b) and 1654 cm−1 (d) in the same spectrum. 

observed to occur in 216 ± 27 ps for the transient band at 1688 cm−1 (Figure 3.34b), and in 

377 ± 41 ps for the bleach band at 1654 cm−1 (Figure 3.34d). These results suggest that, in 

contrast to pH 5, G•+ converts to G without formation of a long-lived species, in agreement 

with the ps-TrA experiments previously discussed. The reason that the lifetime value 

determined by mono-exponential fit to the ΔOD at 1688 cm−1 was shorter than that calculated 

for the decay of the band at 1654 cm−1 is still unknown. Moreover, as was previously noted, 
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the transient band observed at 1468 cm−1 at pH 5 was replaced by a strong bleach band 

centred at 1463 cm−1 when the TRIR spectra were recorded at pH 8. This bleach band was 

found to decay with a lifetime of 371 ± 22 ps (Figure 3.34f), which was very similar to that 

determined for the bleach band at 1654 cm−1, and presumably correspond to a vibration 

within the TAP ligands. Interestingly, this strong bleach band appeared at the same 

wavenumber as the broad and strong band observed in the FTIR spectrum of 43 recorded at 

pH 8. Finally, the bleach band at 1529 cm−1 was found to be much weaker than the analogue 

bleach band recorded at pH 5. 

To further investigate the long-lived species formed at pH 5, TRIR measurements in 

the nanosecond time domain were conducted. Thus, the ns-TRIR spectra of 43 (400 µM) 

were also recorded in 50 mM potassium phosphate-buffered D2O solution at pH 5 and at 

various time delays after photo-excitation at 400 nm (Figure 3.35a). The corresponding ns-

TRIR spectra at pH 6 and 7 are given in Figure A3.23 of the Appendices and, as previously 

mentioned, those recorded at pH 6 showed to be similar to pH 5 while the ns-TRIR spectra 

at pH 7 seemed to be intermediate between acidic and basic pH and as such, they are not 

discussed here. 

 

Figure 3.35. (a) ns-TRIR spectra recorded at the stated time delays after 400 nm excitation of 43 (400 µM) in 

50 mM potassium phosphate-buffered D2O solution at pH 5 and the corresponding ground-state FTIR (GS-IR) 

spectra at 800 µM. (b) Proposed chemical structure of the long-lived biradical species formed after photo-

excitation of 43 at pH 5. 

The decay of the long-lived species to the ground state was found to occur within 

5000 ns after photo-excitation of 43, as evidenced from the recovery of the transient band at 

ca. 1460 cm−1 as well as the bleach bands at 1524 and 1676 cm−1 during this timescale. Bi-

exponential fit to the kinetics of the bleach band at 1676 cm−1 that corresponds to the guanine 

carbonyl stretching yielded a short lifetime of 29 ± 5 ns (37%) and long lifetime of 545 ± 

118 ns (63%) (Figure 3.36a). Similar lifetimes of 38 ± 14 ns (49%) and 526 ± 148 ns (51%) 
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were obtained from the decay of the bleach band at 1524 cm−1 (Figure 3.36b). Therefore, an 

average lifetime of ca. 535 ns can be estimated for the long-lived species formed after photo-

excitation of 43 in acidic solution. 

 

Figure 3.36. Bi-exponential fit to the ΔOD at (a) 1676 cm−1 and (b) 1524 cm−1 in the corresponding ps-TRIR 

spectra (λexc = 400 nm) of 43 (400 µM) in 50 mM potassium phosphate-buffered D2O solution at pH 5. Note 

that data were fitted between 10–5000 ns. 

Based on the results described above, two different mechanism can be proposed to 

occur at pH 5 and 8 (Schemes 3.4 and 3.5, respectively): 

1) At pH 5 it is assumed that the ground state of 43 existed in its non-protonated form 

at pH 5 (i.e. [RuII(TAP)2(TAPG)]+), as previous studies performed on the 

photoadduct in its ground state gave no evidence of protonation of the guanine 

moiety. Therefore, after excitation of the non-protonated 43 a 3MLCT excited state 

was generated (i.e. 3[RuIII(TAP)(TAP•−)(TAPG)]+*; Scheme 3.4 (1)). Within 10 ps, 

oxidation of the guanine moiety via an intramolecular electron transfer (ET) from the 

 

 

Scheme 3.4. Proposed mechanism of the dynamic processes that occur after excitation of 43 in 

deuterated aqueous solution at pH 5. *Deprotonation of the guanine radical cation may occur 

simultaneously to the oxidation reaction (i.e. PCET).208 Note that the lifetime values reported 

correspond to the average of those obtained by exponential fit to the different bands data. Only the 

long components of the bi-exponential fit to the bands data from ns-TRIR experiments were 

considered. It must be also noted that the overall charge of 43 in its ground state at pH 5 corresponds 

to the GMP moiety having a mono-protonated (neutral) phosphate group in agreement with the pKa 

values reported for this group in free GMP (pKa1 = 0.3, pKa2 = 6.25).339 
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reducing guanine moiety to the oxidising Ru(III) centre in its 3MLCT excited state 

resulted in the formation of the guanine radical cation (i.e. 

[RuII(TAP)(TAP•−)(TAPG•+)]+; Scheme 3.4 (2)). As the pKa of GMP•+ has been 

shown to be 3.9,215-217 proton transfer (PT) could take place from the guanine moiety 

to the TAP•− motif in ca. 116 ps giving rise to a long-lived biradical species (i.e. 

[RuII(TAP)(TAPH•)(TAP(G-H)•)]+; Scheme 3.4 (3)). The existence of a PT process 

is in agreement with the isotopic effect reported by Marcélis et al. at pH 5.9.213 As 

has been proposed for the system 38 and GMP, this PT could occur simultaneously 

to the ET (i.e. proton-coupled electron transfer (PCET)) as the oxidation potential of 

the guanine would decrease making the ET process more exergonic.208,218-220,383 The 

proposed structure of the biradical species in which the guanine has lost its carbonyl 

character is shown in Figure 3.35b. This biradical species lived for ca. 535 ns before 

decaying to the ground state (Scheme 3.4 (4)). It must be noted that this mechanism 

could also occur through a 3MLCT excited state where the electron would be placed 

on the GMP modified TAP ligand. 

2) At pH 8 a deprotonation of the ground state 43 could be proposed as a pKa of 6.8 was 

determined for the photoadduct by Marcélis et al. using UV-vis absorption 

spectroscopy.213 The deprotonation site is still unknown but it should involve the 

guanine moiety and not the sugar-phosphate group, as the same pH effect was 

observed in the UV-vis absorption spectrum of the hydrolysed photoadduct 77. Thus, 

after excitation, the excited state of the deprotonated form of 43 was formed (i.e. a 

LLCT excited state 3[RuII(TAP)(TAP•−)(TAP(G-H)•)]−*; Scheme 3.5 (1a); or an 

 

 

Scheme 3.5. Proposed mechanism of the dynamic processes that occur after excitation of 43 in 

deuterated aqueous solution at pH 8. Note that the lifetime values reported correspond to the average 

of those obtained by exponential fit to the data of the bands at 1654 and 1463 cm−1. It must be also 

noted that the overall charge of 43 in its ground state at pH 8 corresponds to the GMP moiety having 

a fully deprotonated phosphate group in agreement with the pKa values reported for this group in free 

GMP (pKa1 = 0.3, pKa2 = 6.25).339 
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ILCT excited state 3[RuII(TAP)2(TAP•−(G-H)•)]−*; Scheme 3.5 (1b)). The nature this excited 

state is still unclear although Marcélis et al. have suggested that it has LLCT or ILCT 

characteristics. As the guanine radical was already deprotonated, a second deprotonation was 

not expected to take place and as such a proton transfer did not occur at basic pH, in 

agreement with the absence of isotopic effect shown by Marcélis et al. at pH 8.213 The 

generated radical species decayed then after ca. 374 ps (Scheme 3.5 (2a and 2b)). 

It must be noted that the mechanisms suggested here are only hypothesis and 

represent an alternative to those proposed by Marcélis et al. and discussed in Section 3.1.213 

While the processes by which 43 reacts with a second GMP molecule to form bi-

photoadducts have not been fully understood yet, the time-resolved spectroscopic studies 

presented here gives a plausible explanation about how the second photoreaction can take 

place at pH 5 but not at pH 8. Thus, different excited states would exist depending on the 

solution pH, in agreement with previous investigations performed by Marcélis et al.213 The 

3MLCT excited state of 43 generated at pH 5 would give rise to the formation of a long-lived 

biradical species capable of reacting with a second GMP molecule and form bi-photoadducts 

involved in DNA strands photocrosslinking. However, at pH 8, a long-lived species would 

not be formed due to a different excited state of 43 (LLCT or ILCT) and as such, bi-

photoadducts could not be produced at this pH. Further experiments will be required to gain 

more precise information about this system. 

3.8 Conclusion and Future Perspectives 

The initial rationale behind the work discussed in this chapter was to further investigate the 

photophysical processes occurring in the photoadduct formed between the complex 38 and 

the guanine-containing nucleotide GMP, with a view to elucidate the mechanism by which 

such photoadduct can react with a second GMP unit only at slightly acidic pH, despite its 

non-emissive character. Understanding this system is of particular relevance as 43 represents 

a model to study the ability of π-deficient Ru(II) polyaazaromatic complexes to induce 

photocontrolled cell damage via irreversible crosslinking of the two DNA strands. Therefore, 

the photosynthesis of 43 was first achieved using a unique advance laser photoreactor 

specially designed and manufactured by Prof. Guillermo Orellana and Dr Maximino Bedoya 

at Universidad Complutense de Madrid (UCM) for its use in this photoreaction. To the best 

of our knowledge, this is the first time that diode lasers have been employed as illumination 

sources for photoreactions involving π-deficient Ru(II) polypyridyl complexes and 

biomolecules, replacing the traditional Xenon lamps previously used for these 
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systems.168,211,213,219,223,227-229,344,345 A series of consecutive HPLC purification steps allowed 

the isolation of 43 in high purity. Successful production and isolation of this photoadduct 

was corroborated by MALDI-TOF mass spectrometry. 

Spectroscopic studies were then conducted on 43 at different pH in order to further 

examine the pH effect on the spectroscopic properties of 43 in its ground state, previously 

reported by Kirsch-De Mesmaeker and co-workers.213 UV-vis absorption spectroscopy 

showed that, in contrast to the parent compounds 38 and GMP, the absorption spectrum of 

43 recorded at both pH 5 and 8 was influenced by the solution pH, indicating the existence 

of an acid-base reaction. This pH effect was found to be independent of the 

protonation/deprotonation of the phosphate group in the GMP moiety as the same pH 

dependence was observed for the hydrolysed photoadduct 77. Based on DFT calculations, 

Marcélis et al. proposed the protonation of the N7 position in the GMP moiety of 43 at pH 

5.9 as the origin of such particular behaviour.213 However, our FTIR studies did not show 

significant changes in the carbonyl band position when the FTIR spectrum of 43 was 

recorded at pH 5 and 8. Previous FTIR investigations on free GMP have shown that a shift 

of the carbonyl band position is expected when the N7 position of the guanine moiety is 

protonated.340 Taking this into consideration, the FTIR studies presented in this chapter 

suggest that the guanine moiety of 43 is not protonated, or at least not in the N7 position. 

Other observations supporting this hypothesis are the low pKa value reported for the N7 

position in free GMP (pKa = 2.48)339 to be protonated at pH 5, and the negative effect that 

the protonation of the imidazole ring of GMP would have on the exergonicity of the electron 

transfer, making the formation of a bi-photoadduct very difficult.341 This means that another 

explanation for the pH-dependent spectroscopic properties exhibited by 43 needs to be 

found. 

Furthermore, when the FTIR spectrum of 43 was compared to that obtained for free 

GMP in the same conditions, an absence of purine ring vibrations, as well as shifting and 

narrowing of the carbonyl band were observed. These features have been described in the 

literature as evidence of GMP self-assembly.340,353 Aggregation of 43 was further confirmed 

by 1H NMR dilution studies. However, if such aggregation occurs via stacking of the GMP 

moieties or formation of G-tetrads is still uncertain. These NMR studies have also proved 

the existence of 43 in different ground states depending on the solution pH. In addition, 31P 

NMR experiments have shown that the phosphorus signals are also sensitive to the solution 

pH, although their implication in the photoadduct ground state structure also remains 

unknown. Finally, CD experiments performed on the ground state of 43 revealed the chirality 
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of the molecule, which was found to be independent of the presence of the chiral ribose 

moiety as similar optical activity was observed for the hydrolysed photoadduct 77. 

Time-resolved spectroscopic studies were conducted in order to gain further 

information about the excited state of 43. TrA spectra were found to be similar to those 

reported previously by Marcélis et al. and showed the formation of a long-lived species only 

at pH 5.9.213 The authors proposed this species to be responsible for the reactivity of the 

photoadduct with a second GMP molecule at slightly acidic pH. Furthermore, TRIR 

experiments showed that the electron transfer occurred at pH 5, as was evidenced from the 

formation of the guanine radical cation. However, while at pH 8 the generated radical species 

decayed to the ground state after ca. 374 ps, the biradical species formed at pH 5 were found 

to live for ca. 535 ns. These results confirmed the existence of a long-lived biradical species 

at pH 5 which could further react with a second guanine-containing molecule. Therefore, it 

can be concluded that different nature excited states (i.e. reactive MLCT or unreactive 

LLCT/ILCT) will be generated at pH 5 and 8, and this fact would explain the pH-dependent 

photoreactivity of 43. 

Although the exact mechanism by which 

the formation of a bi-photoadduct occurs could 

not yet be proved due to the complexity of the 

system, the results presented here represent a 

contribution to the understanding of the 

underlying photophysical processes taking place 

in 43. However, further experiments are required 

to confirm the proposed mechanism of bi-

photoadduct formation at pH 5. Therefore, future 

work will be focused on elucidating the 

protonation state of 43 in its ground state at 

different pH. For example, recording the FTIR of 43 at pH 1 could corroborate the non-

protonated state of the N7 position in the GMP moiety as at pH 1 this position would 

certainly be protonated and as such a shift of the carbonyl band would be expected.340 In 

addition, preliminary pKa calculations on the TAP-GMP ligand using the free software 

MarvinSketch (ChemAxon) gave a pKa value of ca. 7 for the N3 position in a different 

guanine tautomer (Figure 3.37). Indeed, it has been shown that the presence of water could 

promote the formation of some rare guanine enantiomers by reducing the energy barrier of 

tautomeric conversion.384 This pKa value is very close to that experimentally determined for 

Figure 3.37. Chemical structures of the ligand 

TAP-GMP containing guanine in a different 

tautomer and showing the pKa values for different 

positions in the GMP moiety calculated using the 

free software MarvinSketch (ChemAxon). 
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43 by Marcélis et al. (pKa = 6.8)213 and, therefore, deprotonation of the N3H group in the 

GMP moiety could be envisioned. DFT calculations could also provide more information 

about the exact protonation/deprotonation site in this photoadduct. 

Concerning the optical activity observed for 43, CD experiments performed at 

different temperatures would prove if the chirality of the photoadduct is due to an 

enantioselectivity of the photoreaction or because of a self-assembly process. CD could be 

also employed in the monitoring of the photoreaction to study the enantioselective character 

of the process. 

In the last two chapters, the ability of Ru(II) polypyridyl complexes to bind to DNA 

via both non-covalent and covalent binding modes for use in a biological context has been 

extensively investigated for single complex molecules. With a view to extend the biological 

potential of these complexes, the following two chapters will concentrate on the 

development of systems involving more than one Ru(II) complex molecule. In particular, in 

the next chapter the synthesis of a family of amphiphilic Ru(II) polypyridyl complexes which 

contain alkyl chains of different lengths will be described along with studies of their ability 

to self-assembly into micelles and act as luminescent surfactants. The influence of such alkyl 

chain on their DNA binding ability as well as on their cellular internalisation and 

phototoxicity will be also evaluated in the interest of developing new DNA binders and PDT 

agents. 
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4.1 Introduction 

As has been highlighted in previous chapters, Ru(II) polypyridyl complexes have attracted 

much interest in the last number of decades for their interesting photophysical and 

photochemical properties. These properties make them suitable for application as therapeutic 

agents and imaging probes, especially for targeting DNA but also in a cellular 

environment.2,62,63,91,93,134,296,385 Therefore, the design of ruthenium-based systems with the 

ability to be taken up by the cells has become a crucial matter for such biological 

applications. Among other factors such as molecule size and charge, lipophilicity has been 

shown to play a key role in the cellular uptake and localisation of Ru(II) polypyridyl 

complexes and thus, as previously discussed in Section 1.6.2, different strategies have been 

developed over the years with the aim of improving the cellular uptake of these complexes. 

Among them, coordination of lipophilic ligands such as 4,7-diphenyl-1,10-phenanthroline 

(dip) or alkyl chain-based derivatives to the Ru(II) centre has been shown to increase the 

intracellular internalisation when compared to their more hydrophilic analogues.178,180 

The incorporation of lipophilic tails to the hydrophilic ruthenium-based core also 

provides the resulting molecule with an amphiphilic character and a general structural 

resemblance to biological lipids thus facilitating their insertion into the lipid bilayer that 

constitutes the cell membrane.386 Therefore, their lipid similarity makes them suitable 

molecules to be use as luminescent membrane probes for structural and biophysical analysis 

of the cellular membrane of live cells. In this research area, several fluorescent dyes such as 

rhodamine, fluorescein or coumarin derivatives (Figure 4.1) have been functionalised with 

lipophilic chains, which are commercially available, and used to stain lipid membranes by 

insertion of the lipophilic tail into the membrane and with the polar fluorophore remaining 

 

 

Figure 4.1. Chemical structures of several commercially available fluorescent dyes used to stain lipid 

membranes. 
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on the surface.386 In addition, lipid mimetic luminescent Ru(II) polypyridyl complexes have 

also been developed for their potential use in labelling liposomes and phospholipids 

membranes.387-389 

On the other hand, the incorporation of hydrophobic alkyl chains into the water-

soluble ruthenium moiety will have an effect not only on their lipophilicity, but also on their 

ability to form supramolecular structures in aqueous solution because of their spontaneous 

self-assembly in order to lower the solution free energy. Such structures are known as 

metallosurfactants and their simplest aggregation is the formation of spherical-shaped 

micelles which have been extensively used in recent years in imaging and drug delivery 

applications.390-392 Furthermore, the presence of metals in the headgroup of these 

amphiphilic structures confers them with advantageous properties that are concentrated at 

the interface.393 In this context, surfactants containing lanthanides and transition metals have 

received special attention due to their tuneable magnetic, luminescent and photooxidant 

properties which make them suitable for use in a number of applications such as luminescent 

probes, thin film optoelectronic devices, homogeneous catalysis, templating of mesoporous 

materials or antibiotic drugs.181,394-399 In particular, ruthenium-based metallosurfactants have 

shown great potential in several biological applications such as in the imaging of 

physiological hypoxia, phospholipid membranes labelling, gene therapy or anticancer 

agents.389,400-402 

With the aim of exploring the properties of amphiphilic molecules and their resulting 

supramolecular structures, the work presented in this chapter will be focused on the  

 

 

Figure 4.2. Chemical structures of the water-soluble amphiphilic Ru(II) polypyridyl complexes 78–83 studied 

in this chapter. 
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synthesis, characterisation and photophysical evaluation of a new family of Ru(II) 

polypyridyl complexes containing different lengths of alkylamide functionalised 

phenanthroline ligands and phen and TAP as ancillary ligands (78–83) (Figure 4.2). 

Their ability to self-assembly and form aggregates such as micelles will be also 

evaluated by using different techniques including surface tension, dynamic light scattering 

(DLS) and luminescence lifetimes measurements. Furthermore, the influence of the alkyl 

chain length on their applicability in a biological environment will be investigated. UV-vis 

absorption and emission spectroscopy, thermal denaturation and circular dichroism (CD) 

will be employed to assess their DNA binding response. Finally, their ability to be used as 

PDT agents will be examined by determining their quantum yields of singlet oxygen 

production followed by cellular uptake and photoactivated toxicity studies in live cells. 

4.2 Synthesis and Characterisation of 78–83 

Ruthenium(II) polypyridyl complexes 78–83 were synthesised according to literature 

procedures for [Ru(L)2(L’)]2+ di-heteroleptic complexes, where L = 1,10-phenanthroline 

(phen) or 1,4,5,8-tetraazaphenanthrene (TAP), and L’ = N-1,10-phenanthrolin-5-yl-

alkylamide (84–86).301,302 First, synthesis of ligands 84–86 was achieved according to a three 

step synthetic route as shown in Scheme 4.1. The synthesis of the TAP ligand was performed 

as described in Section 2.2. 

 

Scheme 4.1. Synthetic pathway for 84–86, where R = CH3 (84), (CH2)9CH3 (85) and (CH2)20CH3 (86): (i) 

H2SO4, HNO3, 160 °C, 4 h; (ii) N2H4·H2O, 10% Pd/C, EtOH, reflux, 16 h; (iii) CH3CN, r.t., 2 days; (iv) EDC, 

DMAP, CH2Cl2, r.t., 2 days. 

The first step involved nitration of 1,10-phenanthroline using a mixture of 

concentrated H2SO4 and fuming HNO3 at 160 °C for 4 h. Neutralisation of the reaction 
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mixture with NaOH yielded 5-nitro-1,10-phenanthroline (87) as a pale-yellow solid in 72% 

yield. Reduction of 87 with hydrazine in the presence of 10% Pd/C in EtOH under reflux for 

16 h followed by filtration of the reaction mixture through celite and solvent removal under 

reduced pressure gave 5-amino-1,10-phenanthroline (88) as a yellow solid in 76% yield. The 

final step consisted of a coupling reaction between 5-amino-1,10-phenanthroline (88) and 

the appropriate carboxylic anhydride (84) in MeCN or carboxylic acid (85 and 86) in DCM 

using N-ethyl-N′-(3-dimethylaminopropyl)carbodiimide hydrochloride (EDC) in the 

presence of 4-dimethylaminopyridine (DMAP).403 Ligands 84–86 were obtained as beige 

solids in 62%, 57% and 95% yield, respectively, after solvent removal under reduced 

pressure (84) or H2O precipitation followed by washing with MeCN (85 and 86). 

The three ligands 84–86 were characterised by 1H NMR, 13C NMR, HRMS, melting 

point analysis and IR spectroscopy. The 1H NMR spectrum (600 MHz, DMSO-d6) of 85 is 

shown in Figure 4.3 with those of 84 and 86 given in Figures A4.1 and A4.4 of the 

 

 

Figure 4.3. 1H NMR (600 MHz, DMSO-d6) spectrum of 85. 

Appendices. The successful formation of the amide bond was confirmed by the characteristic 

NH signal at 10.07 ppm in DMSO-d6. Seven proton signals were observed in the aromatic 

region between 7.6 and 10.2 ppm and were assigned to the phen moiety of the ligand. 
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Likewise, the twenty-one protons corresponding to the ten carbon alkyl chain in ligand 85 

were observed in the aliphatic region of the 1H-NMR spectrum between 0.5 and 3.0 ppm. 

Evidence of successful formation of ligands 84–86 was also observed by ESI+-

HRMS which showed peaks at m/z 238.0973, 386.2206 and 540.3915 corresponding to the 

[M+H]+, [M+Na]+ and [M+Na]+ ions, respectively. 

In a similar way to that described in Section 2.2, complexes 78–83 were then 

prepared by microwave-assisted synthesis using the appropriate Ru(II) bispolypyridyl 

dichloride (74 and 75) as a precursor complex and the corresponding N-1,10-phenanthrolin-

5-yl-alkylamide as ligand in a mixture of H2O/EtOH (1:1) at 140 °C for 40 (78–80) or 10 

min (81–83) (Scheme 4.2). The chloride salts of 78–83 were obtained as red solids in 60%, 

60%, 50%, 52%, 43% and 42% yield, respectively, after purification by column 

chromatography using neutral alumina and MeCN/H2O (10:0 to 9:1) as eluent. 

 

Scheme 4.2. Synthetic pathway for 78–83: (i) 1,5-cyclooctadiene, EtOH, reflux, 3 days; (ii) DMF, microwave 

reaction, 140 °C, 40 min; (iii) EtOH/H2O (1:1), microwave reaction, 140 °C, 40 min (78–80) or 10 min (81–

83). 
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Complexes 78–83 were characterised by 1H NMR, 13C NMR, elemental analysis, 

HRMS, melting point analysis and IR spectroscopy. The 1H NMR spectrum (400 MHz, 

CD3CN) of 79 is shown in Figure 4.4 and those of 78, 80 and 81–83 in Figures A4.10, A4.17, 

A4.12, A4.15 and A4.19 of the Appendices. Additional 2D NMR experiments allowed the 

identification of most of the signals. Twenty-one protons were observed between 0.5 and 3.0 

ppm corresponding to the alkyl chain protons in ligand 85. The twenty-three protons 

observed between 7.0 and 10.0 ppm were assigned to the phen moieties and the signal at 

11.33 ppm was attributed to the amide proton. A total of forty-five protons was consistent 

with the molecular formula of the compound. However, the overlap of proton resonances in 

the phen ligands and in ligand 85 did not allow for a complete identification of all the signals. 

 

Figure 4.4. 1H NMR (400 MHz, CD3CN) spectrum of 79. Signals corresponding to phen ligands are in green 

and signals assigned to ligand 85 are in red. 

Successful formation of complexes 78–83 was also observed by ESI+- or MALDI+-

HRMS displaying peaks at m/z 349.5676, 412.6378, 489.7232, 703.1135, 414.6258 and 

983.4290, respectively, corresponding to their [M]2+ or [M]+ ion depending on the mass 

spectrometry technique used. A comparison of the theoretical and experimental isotopic 

distribution pattern of complexes 79 and 82 are shown in Figure 4.5 and those of 78, 80, 81 
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and 83 in Figure A4.21 of the Appendices, with each showing the typical isotopic profile of 

ruthenium complexes. 

 

Figure 4.5. Comparison between the calculated (blue) and experimental (black) isotopic distribution pattern 

for (a) 79 and (b) 82 from electrospray ionisation (positive mode) high resolution mass spectrometry analysis. 

Further details of synthetic procedures and the full characterisation of the six 

ruthenium complexes and the three ligands can be found in Section 7.9 of Chapter 7 and 

Figures A4.1–4.20 of the Appendices. 

These complexes were synthesised as their chloride salts and despite the long alkyl 

chains present in some of the complexes, all were water-soluble and their photophysical 

behaviour was next studied in 10 mM sodium phosphate-buffered aqueous solution at pH 

7.4. 

4.3 Photophysical Characterisation of 78–83 

The photophysical properties of the six complexes were investigated in 10 mM sodium 

phosphate-buffered aqueous solution at pH 7.4. UV-vis absorption, excitation and emission 

 

Figure 4.6. UV-vis absorption, excitation and emission spectra of (a) 79 and (b) 82 in 10 mM sodium 

phosphate-buffered aqueous solution at pH 7.4, at 298 K. 



Chapter 4 – Water-soluble Amphiphilic Ruthenium(II) Polypyridyl Complexes 

140 

 

spectra of 79 and 82 are shown in Figure 4.6. Spectra for 78, 80, 81 and 83 can be found in 

Figures A4.22 of the Appendices. 

Complexes containing phen as ancillary ligands (78–80) showed similar absorption 

spectra to that reported in the literature for the complex 42.348 The π-π* intra-ligand 

transitions of the phen ligand are localised at ca. 220 and 260 nm, while the broad band 

centred at ca. 440 nm is attributed to the characteristic MLCT transition in the metallic 

complexes. Likewise, similar absorption maxima to those reported for 39 were observed for 

complexes containing TAP as ancillary ligands (81–83).166 Thus, intense bands at ca. 230 

and 270 nm are attributed to π-π* intra-ligand transitions in the TAP ligand, and the broad 

band centred at ca. 410 nm corresponded to the MLCT transition of the Ru(II) centre. The 

molar absorptivity values determined at these absorption maxima for these complexes are 

shown in Table 4.1. 

Table 4.1. Absorption properties of 78–83 in 10 mM sodium phosphate-buffered aqueous solution at pH 7.4, 

at 298 K. 

Complex 

Absorbance λmax, nm (ε, 104 M−1cm−1)[a] 

π-π* IL π-π* IL π-π* MLCT 

phen 

78 221 (7.83 ± 0.09) 262 (9.9 ± 0.1) 447 (1.67 ± 0.02) 

79 221 (7.9 ± 0.1) 262 (10.0 ± 0.1) 448 (1.76 ± 0.02) 

80 222 (6.60 ± 0.02) 263 (7.60 ± 0.03) 451 (1.601 ± 0.003) 

TAP 

81 232 (5.78 ± 0.06) 272 (6.64 ± 0.07) 414 (1.56 ± 0.02) 

82 232 (6.07 ± 0.08) 273 (7.08 ± 0.09) 413 (1.74 ± 0.02) 

83 230 (5.18 ± 0.02) 274 (6.06 ± 0.02) 418 (1.590 ± 0.002) 

[a] Molar absorptivity values correspond to the mean ± SEM. 

Upon excitation into the MLCT bands of each complex, broad bands centred at 606 

and 603 nm were observed for 78 and 79, respectively. These values are very close to the 

emission maximum observed for the complex 42.348 However, 80 showed a slightly red 

shifted emission band at 614 nm. Similarly, the emission spectra of 81 and 82 exhibited 

broad bands centred at 636 nm, while the emission maximum at 643 nm of complex 83 was 

found to be slightly red shifted compared to that observed for 39, this being in agreement 

with the emission behaviour exhibited by the analogous phen complex 80 with the twenty-

one carbon alkyl chain.166 The excitation spectra recorded for the six complexes were found 

to be identical to their absorption spectra. 
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Luminescence quantum yields and lifetimes were determined in air-saturated or 

deaerated 10 mM sodium phosphate-buffered aqueous solution at pH 7.4 (Table 4.2) using 

the optically dilute solution method with [Ru(bpy)3]Cl2 as a reference compound and single-

photon timing (SPT) (λexc = 458 nm, AMLCT = 0.05), respectively.307,308 The reported values 

are the result of the average of a minimum of three independent measurements. The different 

alkyl chain length of ligands 84–86 were shown to influence the emission properties. Thus, 

quantum yield values of 0.040, 0.042 and 0.049 were observed for 78–80 with one, ten and 

twenty-one carbon alkyl chains, respectively. Similarly, TAP analogous complexes 81–83 

showed quantum yields values of 0.023, 0.024 and 0.012, respectively. The values observed 

Table 4.2. Emission properties of complexes 78–83 in 10 mM sodium phosphate-buffered aqueous solution at 

pH 7.4, at 298 K. Complexes 42 and 39 are included for comparison. 

Complex 
λmax

em (nm) 

buffer 

Φem
[a] 

buffer (air) 

τem (ns)[b] 

buffer (air) 

τem (ns)[b] 

buffer (N2) 

𝑷𝑶𝟐

𝑻  

buffer (Air-satd.) 

phen 

42 
604[c] 0.035 480[c] 990[c] 0.52 

78 606 0.040 644 1300 0.50 

79 603 0.042 650 1270 0.49 

80 614 0.049 1085[d] 1354[d] 0.20 

TAP 

39 645[e] 0.020 690[e] 835[e] 0.17 

81 636 0.023 538 636 0.15 

82 636 0.024 570 674 0.15 

83 643 0.012 587[d] 696[d] 0.16 

[a] Air-saturated aqueous solution of [Ru(bpy)3]Cl2 as reference (Φem = 0.028).308 Estimated errors ±5%. 
[b] If not otherwise indicated, the luminescence decays are mono-exponential. Estimated errors ±10%. 
[c] From reference 348. The reported values are in aqueous solution. 
[d] The luminescence decays are bi-exponential; reported data correspond to the pre-exponential weighted mean 

lifetimes (τM).329 
[e] From reference 166. The reported values are in aqueous solution. 

for complexes 78 and 79 and for 81 and 82 are similar to those reported in the literature for 

42 and 39 in pure water, respectively.166,348 Interestingly, when compared to the quantum 

yield values displayed by the one and ten carbon alkyl chain derivatives containing phen 

and TAP (78, 79, 81 and 82), the phen complex 80, containing the twenty-one carbon alkyl 

chain, exhibited a slightly higher value, while the twenty-one carbon alkyl chain-containing 

TAP complex 83 showed the opposite effect and a lower quantum yield value was observed, 

revealing the influence of alkyl chain length on the quantum yield. Thus, long lipophilic 

chains could exercise an auto-protection of the excited state of the complex from oxygen 
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quenching and deactivation by the solvent, thus explaining the behaviour observed for 80. 

However, it is known that for TAP complexes the quenching of their excited states by 

dissolved oxygen is less significant.197,211,212,404 Thus, in the case of complex 83, the lower 

quantum yield could be caused by a self-quenching process, that is a deactivation of the 

excited state of a complex molecule by interaction with the ground state of another complex 

molecule in close proximity possibly due to their association as a result of the amphiphilic 

character of these complexes.405 

Concerning luminescence lifetimes, 78 and 79 showed values of 644 and 650 ns in 

air-saturated 10 mM sodium phosphate-buffered aqueous solution at pH 7.4, respectively. 

Similarly, luminescence lifetimes values of 538 and 570 ns were observed for the TAP 

analogue complexes 81 and 82, respectively, in the same conditions. In addition, deaerated 

solutions of 78 and 79 resulted in a significant increase in the excited-state lifetimes with 

values of 1300 and 1270 ns, respectively. In contrast, only slightly longer lifetimes were 

observed for the deaerated solutions of 81 and 82 (636 and 674 ns, respectively). As already 

mentioned, these results demonstrated that the luminescence of the excited state of TAP 

complexes is less affected by the presence of dissolved oxygen than for complexes 

containing phen as ancillary ligands, in which the luminescence quenching by oxygen is 

more evident.197,211,212,404 This behaviour was corroborated through calculation of the values 

of the proportion of triplet excited states quenched by O2 (𝑃𝑂2

𝑇 ) for both phen and TAP 

complexes using equation (2.6) described in Section 2.6.326 Hence, phen derivatives 

displayed 𝑃𝑂2

𝑇  values of ca. 0.50 while the TAP analogues exhibited smaller values of ca. 

0.15 and thus showed a larger efficiency of quenching of the excited states of the phen 

complexes by oxygen than of the TAP ones. 

Furthermore, whereas luminescence lifetime data for complexes 78, 79, 81 and 82 

could be fitted to a mono-exponential function, emission decay curves for 80 and 83 required 

bi-exponential fits, and as such the values reported in Table 4.2 correspond to the pre-

exponential weighted mean lifetimes (τM) while τ1 and τ2 values and the corresponding pre-

exponential factors are given in Table A4.1 of the Appendices.329 Since these compounds 

contain long alkyl chains, aggregates can be formed and different emitting species can co-

exist in solution. Thus, the phen complex 80 showed τM values of 1085 and 1354 ns in 

aerated and deaerated aqueous solutions, respectively, which are longer than those reported 

for complexes 78 and 79 and where the shorter lifetime (τ1) would correspond to the isolated 

molecules of a Ru(II) complex and the longer lifetime (τ2) could be attributed to aggregates 
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formed in which the excited state would be protected from oxygen quenching and solvent 

deactivation. 

This behaviour has previously been reported in the literature for similar Ru(II) 

complexes.406 The lower 𝑃𝑂2

𝑇  value exhibited by this complex when compared to 78 and 79 

also supports the protection of the excited state of the complex from oxygen quenching by 

the long alkyl chain. On the other hand, τM values of 587 and 696 ns were observed for the 

TAP analogue 83 in both aerated and deaerated aqueous solutions, respectively, being 

similar to the values measured for 81 and 83. Furthermore, the 𝑃𝑂2

𝑇  value displayed by 

complex 83 was comparable to those determined for 81 and 82 again confirming the 

negligible contribution of dissolved oxygen to the quenching of their excited state and thus 

the long alkyl chain did not have a significant effect on the protection of the luminescence 

of complex 83. Additional lifetimes studies of 80 and 83 carried out at different complex 

concentrations will be discussed further later in this chapter. 

The photophysical study of complexes 78–83 presented above allowed a better 

understanding of the impact the alkyl chains could have on the absorption and emission 

properties of the resulting Ru(II) complexes. Thus, although no significant effect was 

observed for complexes 78, 79, 81 and 82 when compared to the well-known 42 and 39, 

respectively, the extension of the alkyl chain to twenty-one carbons seemed to affect the 

luminescence quantum yields and lifetimes of complexes 80 and 83, most likely due to their 

ability to self-assemble in solution as a result of their amphiphilic character. Therefore, with 

a view to further investigate the capacity of complexes 80 and 83 to form aggregates in 

solution and study the influence of such behaviour on their photophysical properties, surface 

tension and dynamic light scattering (DLS) experiments were performed, followed by 

additional UV-vis absorption and emission spectroscopic studies as well as luminescence 

lifetime measurements at different concentrations of Ru(II) complex. Results from such 

experiments will be discussed in the next section. 

4.4 Self-aggregation Ability of 78–83 

As explained in Section 4.1 of this chapter, complexes 79, 80, 82 and 83 show an amphiphilic 

nature as they contain both a hydrophilic head-group (luminescent ruthenium core) and a 

hydrophobic tail (ten or twenty-one carbon alkyl chains) within their structure and so they 

are expected to self-assemble and form aggregates such as micelles. In this section, the 

ability of these complexes to act as luminescent surfactants will be investigated using 

different techniques such as surface tension, UV-vis absorption and emission spectroscopy, 
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luminescent lifetimes measurements and dynamic light scattering (DLS). It must be 

mentioned that the studies presented in this section are only focused on complexes 80 and 

83 (twenty-one carbon alkyl chain). Preliminary studies carried out on complexes 79 and 82 

(ten carbon alkyl chain) suggested incomplete micelle formation as might be expected 

because of the shorter alkyl chains. 

4.4.1 Critical Micelle Concentration Determination of 80 and 83 by Surface Tension 

Studies 

Critical micelle concentration (cmc) is one of the most significant parameters when studying 

the self-assembly process of surfactant molecules in aqueous solution. The cmc is defined 

as the concentration above which surfactant monomers self-organise into micellar species.407 

Typically, micelles have cmc values in the µM to mM range depending on the surfactant 

structure (i.e. hydrophilic head charge and hydrophobic tail nature) and such values are 

affected by a large number of factors including temperature, pH or ionic strength of the 

aqueous solution.408,409 Several methods to determine the cmc of different types of 

surfactants have been described in the literature, including tensiometry, conductometry, and 

fluorimetry.407,410,411 However, not all the methods mentioned are always suitable, it being 

necessary to consider the surfactant properties when choosing a cmc determination 

technique.407 For example, popular spectroscopic methods based on fluorescent probes such 

as pyrene are not convenient for luminescent molecules and thus, their use will depend on 

the photophysical properties of the surfactant. Tensiometry is, however, one of the most 

classical methods for determining the cmc with high sensitivity for a wide range of cmc 

values and does not interfere with the surfactant photophysical properties. In this context, 

the critical micelle concentration of complexes 80 and 83 has been calculated through 

surface tension measurements carried out in collaboration with Prof. Rachel Evans group at 

Trinity College Dublin. The procedure consists on measuring the changes in the absolute 

surface tension of water in the presence of different concentrations of the surfactant for 

which the cmc is being determined. This often used a Wilhelmy plate method but here a 

cylindrical rod (0.5 mm diameter) made of an inert metal alloy was employed instead of a 

plate as this allows measurements to be carried out in smaller samples volumes.412,413 The 

force between the cylindrical rod of the tensiometer and the aqueous sample solution is 

measured and is proportional to the surface tension exerted by the surfactant solution 

according to equation (4.1): 

𝛾 =
𝐹

𝑙×𝑐𝑜𝑠𝜃
                                                     (4.1) 
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Where γ is the surface tension, F is the forced measured, l is the wetted length, and 

θ is the contact angle. When complete wetting is assumed, the contact angle is 0°, and no 

correction factors have to be applied to calculate the surface tension. 

Therefore, individual aqueous solutions at different concentrations were prepared for 

both complexes and left to equilibrate overnight before the surface tension of each 

concentration was measured. The variation of the surface tension of 80 and 83 as a function 

of the metal complex concentration is shown in Figure 4.7. 

 

Figure 4.7. Determination of the critical micelle concentration by surface tension measurements of aqueous 

solutions of (a) 80 and (b) 83 at different concentrations, at 293 K.  

As expected for tensioactive molecules, below the cmc when surfactant monomers 

exit in solution, the surface tension decreased gradually with the surfactant concentration, 

until a plateau was reached above the cmc indicating micelle formation. The cmc values for 

both complexes were determined by linear fitting of these two well-defined parts of the graph 

followed by calculation of the intersection of the two obtained lines. Thus, self-aggregation 

of complexes 80 and 83 was found to occur at 112 and 114 µM, respectively. These cmc 

values are in the hundred µM range and in agreement with those reported in the literature 

for structurally similar Ru(II) polypyridyl complexes-based surfactants.414,415 The similarity 

of the cmc values determined for both complexes shows that replacement of the phen ligands 

by the TAP ones that comprise the polar head of the surfactant has no influence on the self-

assembly process and suggests that the cmc value is determined by the length of the alkyl 

chain. 

Once the cmc was determined for both 80 and 83, the size of the resulting aggregates 

at concentrations about and above the cmc was investigated through dynamic light scattering 

(DLS) measurements and such results will be presented in the next section. 
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4.4.2 Dynamic Light Scattering Studies of 80 and 83 

In order to further characterise the 80 and 83 based aggregates, the size of such as micellar 

species was estimated using dynamic light scattering (DLS) measurements. DLS is a non-

invasive photon-based technique employed for measuring the size and size distribution of 

molecules and particles in solution.416,417 The principle of this technique is based on the 

Brownian motion that particles undergo as a result of their bombardment by solvent 

molecules.417 When the particles are illuminated with a light source such a laser, the light is 

scattered at different intensities due to the size dependent Brownian motion of the particles. 

Particle size can then be determined from the analysis of the intensity fluctuations that yields 

the velocity of the Brownian motion. The diameter measured by using DLS refers therefore 

to how a particle diffuses within a fluid and it is called hydrodynamic diameter.417 

Thus, DLS measurements were carried out on filtered samples of 80 and 83, at 

concentrations about and above their respective cmc values (Figure 4.8 and Figure A4.23 of 

the Appendices, respectively). 

 

Figure 4.8. Micelle size distribution determined by DLS analysis for (a) 80 at 116 µM (about the cmc) and (b) 

83 at 130 µM (about the cmc) in aqueous solutions at 298 K. 

Complexes 80 and 83 showed hydrodynamic diameters of 10.6 and 10.5 nm, 

respectively, at approximately the cmc. In both cases, peak distributions corresponded to 

more than 99% in the volume distribution profiles and displayed a narrow size distribution 

within the range of 7.5–15.7 nm and 5.6–18.2 nm for 80 and 83, respectively. Furthermore, 

slightly smaller hydrodynamic diameters values of 9.4 and 8.2 nm for 80 and 83, 

respectively, were found at a concentration higher than the cmc. These small size differences 

suggest the stability of the micellar aggregates and, in particular, for the phen derivative for 

which the diameter difference at both concentrations is lower, indicating that the micellar 

species do not collapse into larger species at higher concentration, which has been shown 

for certain surfactants. 



Chapter 4 – Water-soluble Amphiphilic Ruthenium(II) Polypyridyl Complexes 

147 

 

In the following sections, additional spectroscopic studies carried out at different 

surfactant concentrations of 80 and 83 will be discussed. 

4.4.3 UV-vis Absorption and Emission Spectroscopic Studies of 80 and 83 

In order to further investigate the effect of aggregation on the photophysical properties of 80 

and 83, the normalised UV-vis absorption and emission spectra of these compounds were 

recorded in aqueous solution at concentrations below and above the cmc values determined 

previously for both ruthenium complexes and are shown in Figures 4.9 and 4.10. 

 

Figure 4.9. Normalised UV-vis absorption spectra of aqueous solutions of (a) 80 and (b) 83 at 10, 50, 100 and 

200 µM concentrations, at 298 K. A quartz cuvette with an optical path length of 0.1 cm was used. 

The UV-vis absorption spectra of both complexes 80 and 83 showed to be 

concentration independent as no shift of the absorption bands was observed at concentrations 

below and above the cmc. 

 

Figure 4.10. Normalised emission spectra of aqueous solutions of (a) 80 and (b) 83 at 10, 50, 100 and 200 µM 

concentrations, at 298 K. A quartz cuvette with an optical path length of 0.1 cm was used and it was placed 

diagonally in the spectrophotometer holder. 

Concerning the emission spectra obtained upon excitation into the MLCT bands of 

each complex, while no significant change was observed for complex 83, the maximum of 
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emission intensity of complex 80 at concentrations below the cmc (ca. 602 nm) is shifted 

slightly toward the red at a concentration above the cmc (ca. 605 nm). 

Despite the self-aggregation of complexes 80 and 83 does not seem to significantly 

affect their UV-vis absorption and emission spectra, the influence on the surfactant 

concentration in the luminescent lifetimes was next examined. 

4.4.4 Lifetimes versus Concentration Studies of 80 and 83 

Luminescence lifetime is an intrinsic property of a luminophore that is very often 

independent of the luminescence intensity and luminophore concentration. Ideally, a pure 

luminophore should exhibit a single exponential luminescence decay. However, as was 

shown earlier in Section 4.3, the luminescence decays of both complexes 80 and 83 required 

a bi-exponential fit, suggesting that more than one species is involved for both systems. It 

was previously discussed at the beginning of this section that these complexes were expected 

to spontaneously self-aggregate due to their amphiphilic nature. In addition, surface tension 

measurements allowed the determination of the concentration at which these complexes 

form aggregates. In order to further investigate this phenomenon, luminescence lifetimes of 

aerated aqueous solutions of complexes 80 and 83 at different concentrations (below and 

above their cmc) were measured using single-photon timing (λexc = 405 nm) in collaboration 

with Prof. Guillermo Orellana at Universidad Complutense de Madrid (UCM). As expected, 

bi-exponential fits were needed for the luminescence decay kinetics and thus pre-exponential 

weighted mean lifetimes (τM)329 were calculated according to equation (4.2) and plotted as a 

function of the complex concentration (Figure 4.11). 

𝜏𝑀 = ∑
𝑎𝑖

∑ 𝑎𝑖
𝑛
𝑖=1

𝑛
𝑖=1 𝜏𝑖                                                      (4.2) 

Values of τ1 and τ2 and the corresponding pre-exponential factors at each complex 

concentration used to determine the τM values are given in Tables A4.2 and A4.3 of the 

Appendices. 

Interestingly, the increase of the complex concentration had an opposite effect on the 

τM values of both 80 and 83. Thus, while the phen complex showed larger τM values when 

the concentration of complex was increased, the τM values of the TAP analogue were shorter 

at larger complex concentrations. As previously mentioned in Section 4.3, the behaviour 

observed for complex 80 can be explained by a protection of its excited state from oxygen 

quenching and solvent deactivation that resulted from aggregation of the complex at 
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increasing concentrations.406 However, it has been shown that oxygen quenching is less 

efficient in complexes containing TAP as ancillary ligands.197,211,212,404 Therefore, it can be 

assumed that the formation of aggregates does not have any influence on the protection of 

the excited state of 83 from oxygen quenching. The decrease of the luminescence lifetime 

with the concentration could then be due to a self-quenching process by which the excited 

state of a complex molecule would be deactivated by interaction with the ground state of a 

nearby molecule of complex, and such effect would be more significant at larger 

concentrations of luminophore.405 Although self-quenching could also be expected for 80, 

the oxygen quenching protection effect seems to have a greater impact in the luminescence 

lifetime of the complex. 

 

Figure 4.11. Evolution of the pre-exponential weighted mean lifetime (τM) of aerated aqueous solutions of (a) 

80 and (b) 83 at different concentrations, at 298 K. 

To summarise this section, it was demonstrated that complexes 80 and 83 are able to 

self-assemble and form micelles above a particular concentration that was determined by 

surface tension measurements. The size of such aggregates was estimated by DLS. 

Furthermore, while no significant differences were found in the UV-vis absorption and 

emission spectra of 80 and 83 at concentrations below and above the cmc, a concentration 

effect was observed in the lifetime values of such complexes suggesting the existence of 

different aggregation states. 

Therefore, having photophysically characterised complexes 78–83 and after 

demonstrating that 80 and 83 have the ability to aggregate and form micelles, the following 

sections will be focused on their applicability in biological systems. As was shown in 

Chapter 2 for complexes 63 and 64, the photophysical properties of complexes 78–83 are 

expected to be sensitive to their interaction with DNA. Therefore, the affinity of such 

complexes for DNA will next be evaluated using different spectroscopic techniques with the 
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aim of exploring their use as DNA targeting molecules for both therapeutic and imaging 

applications. 

4.5 DNA Binding Interactions of 78–83 

Despite complexes 78–83 not containing extended aromatic ligands that can intercalate 

between the DNA base pairs such as complexes presented in Chapter 2, their cationic nature 

still makes them suitable to electrostatically interact with the negatively charged phosphate 

backbone in the nucleic acid. Furthermore, groove binding or partial intercalation of the 

polypyridyl ancillary ligands phen and TAP could also be possible as well as hydrophobic 

interactions with the double helix provided by the long alkyl chains for some of the 

complexes. In the following sections, the nature and binding affinity of complexes 78–83 

for DNA will be examined using several spectroscopic techniques such as absorption and 

emission DNA titrations, thermal denaturation and circular dichroism (CD). 

4.5.1 Spectroscopic Titrations of 78–83 

The interaction of complexes 78–83 with stDNA was first investigated using UV-vis 

absorption and emission spectroscopy. Thus, DNA titrations were performed in a similar 

way to that described in Section 2.5.1 by gradual addition of aliquots of stDNA to a 10 mM 

sodium phosphate-buffered aqueous solution (pH 7.4) containing the corresponding Ru(II) 

complex. Changes in the MLCT absorption band as well as in the emission intensity were 

monitored spectroscopically until no significant changes were detected at increasing stDNA 

concentrations. It should be noticed that at the complex concentration used in the DNA 

titrations (from 5 to 10 µM), self-aggregation of 80 and 83 is not expected according to 

previous experiments. All titrations were repeated at least three times to ensure 

reproducibility. 

The changes in the UV-vis absorption and emission spectra of complexes containing 

phen as ancillary ligand (78–80) upon addition of stDNA are shown in Figure 4.12. 

Complexes 78 and 79 exhibited a 14% and 33% decrease of the absorption in the MLCT 

band at 447 and 448 nm, respectively, upon addition of stDNA. However, a more complex 

behaviour was observed for complex 80. A decrease of the absorption in the MLCT band at 

451 nm was first observed after addition of 0.5 eq. of stDNA followed by a strong increase 

when stDNA was added up to 2.2 eq. ending in a slight decrease until the absorption plateau 

was reached. Concomitantly, a red shift of ca. 15 nm of the MLCT band was observed. 

Concerning the changes observed in the emission spectra upon addition of stDNA, 

complex 78 displayed an enhancement in the MLCT emission intensity centred at 603 nm, 
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together with a blue shift of ca. 6 nm. A triphasic behaviour was, however, exhibited by 

complex 79 for which the emission intensity at 604 nm enhanced upon the addition of 2.1 

eq. of stDNA followed by a decrease up to 7.4 eq. of stDNA, and an increase again until 

emission intensity did not experience significant changes upon further increasing in the 

stDNA concentration. Complex 80 also showed a triphasic behaviour starting with a 

 

 

Figure 4.12. Changes in the UV-vis absorption and emission spectra of (a, b) 78 (7.16 µM, λexc = 447 nm), (c, 

d) 79 (6.94 µM, λexc = 448 nm) and (e, f) 80 (6.79 µM, λexc = 451 nm) with increasing concentration of stDNA 

(0–309 µM, 0–256 µM and 0–198 µM, respectively) in 10 mM sodium phosphate-buffered aqueous solution at 

pH 7.4. Inset: Plot of εa (M−1cm−1) or Ia (a.u.) vs. [DNA] (M, bases) using data from absorbance at (a) 447 nm 

(c) 448 nm and (e) 451 nm or integrated MLCT emission intensity (b, d, f) and the best fit of the data, when 

possible, using a modification of the Bard Equation. 
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a decrease of the emission intensity at 612 nm after the addition of 0.5 eq. of stDNA, and 

then an increase up to 1.1 eq. of stDNA. This was then followed by a decrease in the emission 

intensity until a plateau was reached. For both complexes, the maximum of emission 

intensity was blue shifted ca. 7 nm. 

Complexes containing the TAP moiety as ancillary ligands (81–83) also exhibited 

significant changes in their UV-vis absorption and emission spectra upon addition of stDNA, 

 

Figure 4.13. Changes in the UV-vis absorption and emission spectra of (a, b) 81 (7.16 µM, λexc = 414 nm), (c, 

d) 82 (7.85 µM, λexc = 413 nm) and (e, f) 83 (7.03 µM, λexc = 418 nm) with increasing concentration of stDNA 

(0–710 µM, 0–666 µM and 0–90 µM, respectively) in 10 mM sodium phosphate-buffered aqueous solution at 

pH 7.4. Inset: Plot of εa (M−1cm−1) or Ia (a.u.) vs. [DNA] (M, bases) using data from absorbance at (a) 414 nm 

(c) 413 nm and (e) 418 nm or integrated MLCT emission intensity (b, d, f) and the best fit of the data, when 

possible, using a modification of the Bard Equation. 
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as shown in Figure 4.13. Here, complexes 81 and 82 displayed a 10% and 15% 

hypochromism in the MLCT band at 414 nm and 413 nm, respectively. As was seen for the 

phen analogue, complex 83 containing the twenty-one carbon alkyl chain, showed an initial 

decrease of the absorption at the MLCT band upon the addition of 0.3 eq. of stDNA, 

followed by a strong increase up to 2.0 eq. of stDNA and a slight decrease until reaching the 

absorption plateau. A red shift of ca. 6 nm of the MLCT band was simultaneously observed. 

Furthermore, emission titrations of complexes 81 and 82 with stDNA showed a 

quenching of the MLCT emission intensity at 636 nm by 53% for both complexes, following 

the trend observed for ruthenium complexes containing at least two π-deficient TAP ligands 

for which their excited state is quenched as a consequence of a photo-electron transfer 

between the guanine moieties contained by the DNA and the MLCT excited state of the 

complex.166,203,212 Unexpectedly, the typical quenching of the emission intensity was not 

observed for complex 83. In contrast, 83 exhibited a triphasic behaviour consisting of a 

strong decrease in the MLCT emission intensity centred at 643 nm after the addition of 0.3 

eq. of stDNA, followed by an emission enhancement up to 2.3 eq. of stDNA. A decrease 

was seen again until no more changes were observed upon further addition of stDNA. A less 

obvious blue shift of ca. 4 nm was exhibited by this complex. 

From the spectroscopic changes monitored upon addition of stDNA, binding 

parameters such as the binding constant (Kb) and the binding size (n) for some of these 

complexes were calculated using a modified Bard et al. model and in a similar way to that 

described in Section 2.5.1.310,311 Plots of εa vs. [DNA] and the corresponding best fit of the 

data, when possible, to the reorganised Bard equation are shown as insets in Figures 4.12a, 

4.12c, 4.12e, 4.13a, 4.13c and 4.13e with those of Ia vs. [DNA] given in Figures 4.12b, 4.12d, 

4.12f, 4.13b, 4.13d and 4.13f. The values of the obtained binding parameters are summarised 

in Table 4.3. A first observation of the values presented above revealed a higher affinity of 

the phen complexes for DNA when compared with their TAP analogues and a difference of 

one order of magnitude was found for complexes containing the same N-1,10-phenanthrolin-

5-yl-alkylamide ligand and either phen or TAP as ancillary ligands. Thus, 78 and 81 

exhibited Kb values in the order of 105 and 104 M−1, respectively, while 79 and 82 showed 

Kb values in the of 106 and 105 M−1, respectively. This behaviour could be anticipated from 

the fact that TAP complexes displayed a smaller hypochromic effect in their MLCT band 

upon addition of stDNA than the phen complexes, and a lower curvature of the titration 

curve (Figures 4.12 and 4.13). This might be due to partial intercalation of the phen ligands 

between the DNA base pairs or their insertion into the minor groove, as was reported in the  
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Table 4.3. DNA binding parameters of 78–83 calculated from fits to absorbance and emission data in 10 mM 

sodium phosphate-buffered aqueous solution at pH 7.4, at 298 K. 

Complex 
Absorption Emission 

Kb
[a] 

(104 M−1) 

n (base 

pairs)[a] 
R2 Kb

[a] 

(104 M−1) 

n (base 

pairs)[a] R2 

phen 

78 42 ± 8 3.6 ± 0.3 0.99 34 ± 2 3.4 ± 0.1 0.99 

79 553 ± 99 3.5 ± 0.3 0.99 - - - 

80 - - - - - - 

TAP 

81 8.1 ± 0.4 3.5[b] 0.99 9.4 ± 0.5 3.5 0.99 

82 15 ± 2 3.5[b] 0.98 9.7 ± 0.3 3.5 0.99 

83 - - - - - - 

[a] Results correspond to the mean ± SEM. 
[b] n (base pairs) is fixed to 3.5, as the weak binding of the complex to DNA did not allow to keep n as a free 

parameter. 

literature for 42.418,419 Plots of the change in both MLCT absorption and emission of 

complexes 78, 79, 81 and 82 upon addition of stDNA are shown in Figure 4.14 and 

highlighted that the largest changes were observed for the phen based complexes. 

 

Figure 4.14. Plot of (a) Aa/A0 and (b) Ia/I0 of 78, 79, 81 and 82 upon addition of stDNA in 10 mM sodium 

phosphate-buffered aqueous solution at pH 7.4, at 298 K. 

Furthermore, the presence of the alkyl chain was found to improve the affinity of the 

complexes for DNA since larger Kb values were observed for 79 and 82 when compared 

with their short chain analogues 78 and 81. These results suggest that additional hydrophobic 

interaction could also occur and contribute to the DNA binding event of such complexes as 

it was previously discussed in the literature for cationic surfactants.420-422 

In addition, comparable results were obtained from both absorption and emission 

data within the range of the error, although the triphasic behaviour exhibited by 79 did not 

allow determination of the binding parameters using the emission data. Furthermore, values 
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of n were estimated to be of ca. 3.5 base pairs for complexes containing phen as ancillary 

ligands. It must be noted that, in the case of TAP complexes, due to their weak DNA binding, 

n could not be kept as a free parameter when the data were fitted and it was fixed to 3.5 

assuming that both phen and TAP containing complexes have similar binding sizes. 

However, caution must be exercised when taking such Kb values into consideration as the 

replacement of the CH in positions 4 and 7 in the phen ligand by N in the TAP ligand is 

expected to have consequences in the binding event and, therefore, n values can be different. 

Unfortunately, DNA binding parameter for complexes 80 and 83 containing the twenty-one 

carbon alkyl chain could not be determined as a result of their complicated spectroscopic 

behaviour in the presence of stDNA. 

After having obtained information about the interaction occurring between 78–83 

and DNA through UV-vis absorption and emission titrations, the following sections will 

focus on gaining a further understanding of the DNA binding ability of such complexes by 

using various other spectroscopic techniques. 

4.5.2 Thermal Denaturation Studies of Complexes 78–83 

Thermal denaturation studies were also carried out to further investigate the interaction of 

78–83 with stDNA in 10 mM sodium phosphate aqueous buffer at pH 7.4, as described in 

Section 2.5.2. Therefore, the absorbance at 260 nm of stDNA (150 µM) in the presence of 

78–83 at P/D ratios of 50, 20 and 10 was monitored as the temperature was gradually 

increased from 30 °C to 90 °C. Experiments were repeated at least three times to ensure 

reproducibility. Thermal denaturation curves recorded in the presence of 78–83 at a P/D ratio 

of 10 are shown in Figure 4.15 and those at P/D ratios of 50 and 20 for each complex in 

Figure A4.24 of the Appendices. 

 

Figure 4.15. Thermal denaturation curves of stDNA (150 μM) in 10 mM sodium phosphate-buffered aqueous 

solution at pH 7.4, in the absence and presence of (a) 78–80 and (b) 81–83 at a P/D ratio of 10. 
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In the absence of Ru(II) complexes, the Tm value determined for stDNA was 69.1 °C. 

In the presence of DNA binding species, this value might increase due to stabilisation of the 

DNA helical structure as shown in Chapter 2 for the DNA intercalators 63 and 64. 

Complexes 78–83 do not contain π-extended aromatic ligands that make them suitable to 

bind to DNA by intercalation. However, as discussed in the previous section, other binding 

modes such as groove binding or partial intercalation are still possible. Variation of the Tm 

values for thermal denaturation of stDNA in the presence of complexes 78–83 at P/D ratios 

of 50, 20 and 10 are shown in Table 4.4. At a P/D of 50, complexes 78 and 81 containing 

the acetamide functionalised phenanthroline ligand were shown to slightly increase 

increased the Tm of stDNA. At a P/D of 20, more appreciable changes in the stDNA Tm were 

observed. Furthermore, at a P/D ratio of 10, these complexes were found to increase the Tm 

of stDNA by 10.4 and 6.2 °C, respectively, demonstrating their binding to DNA. No 

significant changes in the stDNA Tm were observed for complexes 79, 80, 82 and 83 at P/D 

ratios of 50 and 20. However, at a P/D of 10, while complexes 79 and 82 containing a ten 

carbon alkyl chain displayed a slight increase of stDNA Tm of 2.1 and 2.6 °C, respectively, 

complexes 80 and 83 containing twenty-one carbon alkyl chain did not induce a significant 

increase in the stDNA Tm and, therefore, they do not stabilise the DNA double helix 

structure. 

Table 4.4. Variation of the melting temperature values for thermal denaturation of stDNA (150 μM) in 10 mM 

sodium phosphate-buffered aqueous solution at pH 7.4, in the presence of 78–83 at different P/D ratios. Tm 

value without complex is 69.1 °C. 

Complex 
∆Tm (°C)[a] 

P/D = 50 P/D = 20 P/D = 10 

phen 

78 0.9 ± 0.1 5.0 ± 0.3 10.4 ± 0.9 

79 0.2 ± 0.1 0.7 ± 0.2 2.1 ± 0.2 

80 0.2 ± 0.1 0.2 ± 0.1 0.4 ± 0.2 

TAP 

81 0.8 ± 0.1 2.6 ± 0.1 6.2 ± 0.2 

82 0.2 ± 0.1 0.9 ± 0.1 2.6 ± 0.2 

83 −0.1 ± 0.1 0.0 ± 0.0 0.1 ± 0.1 

[a] Results correspond to the mean ± SEM. 

These results suggest that the ability of these complexes to stabilise the DNA helix 

decrease with increasing alkyl chain length and are in contrast with the DNA binding studies 

performed by UV-vis absorption and emission spectroscopy discussed in the previous 



Chapter 4 – Water-soluble Amphiphilic Ruthenium(II) Polypyridyl Complexes 

157 

 

section where complexes 79 and 82 with the ten carbon alkyl chain showed a greater affinity 

for DNA than their analogues 78 and 81 which contain the acetamide functionalised 

phenanthroline ligand. Thus, in order to shed more light on the binding of these complexes 

to DNA, circular dichroism studies were carried out and they will be discussed in the next 

section. 

4.5.3 Circular Dichroism of Complexes 78–83 in the Presence of DNA 

In an attempt to further study the interaction of 78–83 with DNA, circular dichroism 

titrations were performed in 10 mM sodium phosphate aqueous buffer at pH 7.4, in the same 

way as described in Section 2.5.3 for complexes 63 and 64. Thus, the concentration of 

stDNA was kept constant (150 µM) and that of the racemic mixture of complexes was varied 

with P/D ratios of 50, 20, 10 and 5. CD titrations were repeated at least three times to ensure 

reproducibility. CD spectra of 79 and 82 are shown in Figure 4.16 with those of 78, 80, 81 

and 83 shown in Figure A4.25 of the Appendices. 

 

Figure 4.16. Circular dichroism spectra of stDNA (150 μM) in 10 mM sodium phosphate-buffered aqueous 

solution at pH 7.4, in the absence and presence of (a) 79 and (b) 82 at different P/D ratios. 

In the presence of 78 and 81, the appearance of a negative band was observed in the 

DNA absorption region with a maximum at approximately 293 nm for both 78 and 81, which 

corresponds to π-π* intra-ligand transitions of the ancillary phen and TAP ligands. As these 

transitions from both complexes are in the UV region and overlap with the DNA absorption 

bands, it is difficult to discern if these bands result from an ICD or from structural changes 

in the DNA as a result of complexes interacting with the double helix structure. Similarly, 

the CD spectra of stDNA obtained in the presence of complexes 79 and 82 showed the 

evolution of a negative band at 285 and 296 nm for 79 and 82, respectively. In addition, the 

phen derivative 79 also exhibited a small positive ICD signal at about 475 nm that can be 

attributed to the typical MLCT absorption band of the Ru(II) polypyridyl complexes. These 
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changes normally indicate the existence of an interaction between the complex and the DNA 

by intercalation or groove binding.322 However, minor changes were observed upon addition 

of complexes 80 and 83 to stDNA with only a small negative band in the UV region, resulting 

in an almost complete disappearance of the characteristic DNA CD signal at a P/D ratio of 

5. Once again, the phen derivative 80 showed a small positive ICD signal at ca. 480 nm in 

the charge-transfer region. 

Overall, these results show that in all cases the CD spectrum of DNA was affected 

by the presence of the complexes. However, these changes are mainly in the UV region, 

where the absorption bands of complexes and DNA overlap, and are less dramatic than those 

observed for the intercalating Ru(II) complexes 63 and 64 studied in Chapter 2. Although 

these observations point to the existence of an interaction between the metallic complexes 

and the biomolecule, a further confirmation of this conclusion needs to be supported by other 

DNA binding studies. Thus, taking previous spectroscopic studies into consideration, it can 

be concluded that complexes 78, 79, 81 and 82 bind to DNA and such interactions are likely 

to occur by a combination of electrostatic attraction between the cationic Ru(II) complex 

and the negatively charged phosphate backbone of DNA, and partial intercalation into the 

DNA base pairs or insertion into the grooves of the ancillary ligands, as has been 

demonstrated in the literature for systems such as 42.418,419 Furthermore, additional 

hydrophobic interactions between 79 and 82 and the nucleic acid are expected. Interestingly, 

the DNA binding strength seems to be affected by the alkyl chain length and such effect was 

different depending on the spectroscopic technique used to study the binding event. Thus, 

while complexes 79 and 82 containing a ten carbon alkyl chain displayed larger Kb values 

than their analogues 78 and 81 with an acetamide functionalised phenanthroline ligand, an 

increase of the alkyl chain length had a negative impact on the stabilisation of the double 

helix as established by DNA melting temperature studies. Therefore, it is not conclusive 

whether the DNA binding strength of these complexes increases or decreases with 

lengthening the alkyl chain. In addition, overall results indicate that TAP complexes have a 

lower affinity for DNA than the phen analogues. Both 80 and 83, containing the longest 

alkyl chains, exhibited complicated spectroscopic behaviour upon addition of DNA, as such 

Kb values could not be determined for these compounds and thus the strength of their 

interaction with DNA could not be quantified. However, DNA denaturation and circular 

dichroism studies with both complexes have shown no significant stabilisation and changes 

in the conformation of the DNA helical structure suggesting a low affinity of complexes 80 

and 83 for DNA. 
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Once the DNA binding of complexes 78–83 was evaluated, lipophilicity studies were 

then performed with a view to test their ability to cross the cell membrane and be used in 

live cell imaging and therapeutic applications. 

4.6 Lipophilicity Studies of 78–83 

Evaluation of the lipophilicity of molecules designed to be used in a cellular context is very 

important as this parameter plays a key role in the cellular uptake mechanism of such 

molecules and can influence their toxicity and cellular localisation. In this context, 

complexes containing long alkyl chains discussed in this chapter were expected to be highly 

lipophilic and be able to cross the cell membrane. In order to evaluate the lipophilicity of 

complexes 42, 39 and 78–83, the logarithm of their partition coefficient (log P) was 

determined by using the “shake-flask” method.423 It must be noted that since the complexes 

studied in this chapter do not contain ionisable groups, they are not expected to be 

protonated/deprotonated at physiological pH, and as such log P values were calculated 

instead of the logarithm of their distribution coefficient (log D). Thus, the complexes were 

dissolved in water (previously presaturated with 1-octanol) and mixed with an equal volume 

of 1-octanol (previously presaturated with water). The resulting mixture was shaken 

overnight before the two layers were carefully separated by centrifugation. The 

concentration of ruthenium in the aqueous phase was then determined by UV-vis absorption 

 
Figure 4.17. Partition studies of (a) 42 and 78–80 (50 µM) and (b) 39 and 81–83 (50 µM) between 1-octanol 

and water phases. UV-vis absorption spectra of (c) 80 and (d) 83 in water (black) and 1-octanol (red) phases 

at 298 K, showing the preference of both complexes by the 1-octanol phase. 
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spectroscopy and the log P values for each complex were calculated by taking into account 

the initial concentration of ruthenium complex in the water phase before the shaking step 

with 1-octanol. Preference of complexes 80 and 83 by the 1-octanol phase can be observed 

in Figure 4.17. UV-vis absorption spectra of complexes 42, 78, 79, 39, 81 and 82 in both 

aqueous and 1-octanol phases are shown in Figure A4.26 of the Appendices. 

The log P values determined for complexes 42, 39 and 78–83 are shown in Table 4.5 

and reveal that the alkyl chain length as well as the ancillary ligands coordinated to the 

ruthenium centre have an influence on the lipophilicity of the complexes.  

Table 4.5. The log P values of 42, 39 and 78–83 at 298 K, showing the influence of the alkyl chain length and 

the ancillary ligands of the complex in their lipophilicities. 

Complex Alkyl chain (R) log P[a] 

phen 

42 - −2.28 ± 0.12 

78 CH3 −2.52 ± 0.08 

79 (CH2)9CH3 −1.40 ± 0.05 

80 (CH2)20CH3 1.07 ± 0.08 

TAP 

39 - −2.76 ± 0.02 

81 CH3 −2.76 ± 0.22 

82 (CH2)9CH3 −1.97 ± 0.05 

83 (CH2)20CH3 0.49 ± 0.07 

[a] Results correspond to the mean ± SEM. 

The log P values obtained for complexes 78–80 containing phen as ancillary ligands 

showed an increase of the lipophilicity with the increasing alkyl chain length. In this manner, 

complex 80, containing a twenty-one carbon alkyl chain, displayed the highest lipophilicity 

with a log P value of 1.07, followed by 79, with a ten carbon alkyl chain and a log P value 

of −1.40. On the other hand, the reference complex 42 and complex 78, containing the 

acetamide functionalised phenanthroline ligand, were found to be the least lipophilic 

complexes with log P values of −2.28 and −2.52, respectively. Modulation of the lipophilicity 

of Ru(II) polypyridyl complexes by varying the number of methylene groups contained by 

the polypyridyl ligands have already been reported by researchers.188 

A similar behaviour was observed for the TAP analogues (81–83). Thus, while 

complexes 83 and 82, with twenty-one and ten carbon alkyl chains, respectively, showed the 

highest log P values, 0.49 and −1.97, respectively, both the reference complex 39 and 
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complex 81 containing only one methyl group, displayed the lowest log P values, −2.76 in 

both cases. However, when compared phen and TAP derivatives, complexes containing 

phen as ancillary ligands were shown to be more lipophilic than those containing TAP. It 

has been demonstrated that substitution of phen ancillary ligands by bpy results in a 

significant reduction in the lipophilicity of the complex.172 However, to the best of our 

knowledge, log P values of TAP containing complexes have not been reported in the 

literature. Although lipophilicity of TAP complexes has not been quantified, it has been 

demonstrated that the complex 42 tethered to the cell-penetrating peptide TAT exhibited a 

greater uptake in HeLa cells than its TAP analogue, as shown by ICP-MS measurements.197 

This suggests that TAP complexes are more hydrophilic than their phen analogues, in 

agreement with the results presented here for complexes 42, 39 and 78–83. 

These observations are significant for the biological evaluation of these complexes 

and to further understand their cellular uptake, which will be discussed later in this chapter. 

The results also suggest that the most lipophilic complexes 80 and 83 are expected to be the 

best candidates to be able to cross the cell membrane and be internalised into cells. In the 

next section, the ability of these complexes to be activated by production of singlet oxygen 

using light as trigger agent will be examined which will give an indication on their suitability 

to be used as PDT agents. 

4.7 Singlet Oxygen Photosensitisation of 78–83 

As discussed previously in Section 1.4 and in Section 2.6, singlet oxygen generation is 

involved in the Type II mechanism of PDT and so quantifying the amount of this reactive 

oxygen species produced by a molecule can be very useful for evaluating its ability to act as 

photosensitiser in PDT.63 Therefore, quantum yields of 1O2 production of complexes 78–83 

have been determined by direct measurement of 1O2 phosphorescence at 1265 nm and 

monitoring the fluorescence disappearance of the water-soluble 1O2 chemical probe, 9,10-

anthracenediyl-bi(methylene)dimalonic acid (ABDA). 

4.7.1 Direct Detection of Singlet Oxygen Production by Time-Resolved Near-Infrared 

Phosphorescence 

Quantum yields of 1O2 production (ΦΔ) of complexes 78–83 in O2-saturated D2O solutions 

were first determined by time-resolved near-infrared (NIR) phosphorescence from 1O2 in 

collaboration with Prof. Guillermo Orellana at Universidad Complutense de Madrid (UCM) 

and using the experimental procedure described in Section 2.6. Complexes 42 and 39 were 

included in this study as reference complexes. As was highlighted previously, using D2O as 
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solvent instead of regular H2O is due to the shorter 1O2 lifetime in H2O compared to its 

deuterated analogue. However, knowing the ΦΔ values in H2O and in air conditions seems 

more reasonable when extrapolating to biological systems. Thus, conversion of the ΦΔ 

values obtained in O2-saturated D2O into the ones in air-saturated H2O was achieved using 

equations (2.6) and (2.7) of Chapter 2 and assuming that the fraction of quenched Ru(II) 

triplet that yields 1O2 is the same in D2O and H2O and knowing the lifetimes of the complexes 

in O2- and argon-saturated D2O, and air- and argon-saturated H2O. 

 

Figure 4.18. Singlet oxygen emission decays at 1270 nm produced by (a) 78, (b) 81, (c) 79, (d) 82, (e) 80 and 

(f) 83 at different laser energies (λexc = 532 nm) in O2-saturated D2O solution at 298 K. Inset: Plot of intercept 

values (V) vs. laser energy (mJ) and the best linear fit of the data. 
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The 1O2 luminescence decay profiles of complexes 78–83 in O2-saturated D2O are 

shown in Figure 4.18 with those in the presence of complexes 42 and 39 given in Figure 

A4.27 of the Appendices. τem and ΦΔ values at different conditions are outlined in Table 4.6. 

Singlet oxygen production was shown to be dependent on the nature of the ancillary ligands 

(phen or TAP) and on the alkyl chain length. Thus, complexes 39 and 81–83 containing 

TAP as ancillary ligands displayed higher ΦΔ values than their phen analogues in O2-

saturated D2O. This behaviour can be explained by the fact that the excited-state oxidation 

potentials of TAP complexes are significantly higher than those of phen analogues resulting 

in a considerable slowing down of the superoxide competing route that requires 

photoinduced electron transfer from the ruthenium complex to O2.
326 However, when ΦΔ 

values were converted from O2-saturated D2O to air-saturated H2O conditions the opposite 

behaviour was observed, that is, complexes containing phen as ancillary ligands displayed 

higher ΦΔ values than their TAP analogues. This is due to a lower efficiency of quenching 

of the excited states of TAP complexes by oxygen in H2O when compared with the phen 

complexes as can be observed from the calculated values of the proportion of triplet excited 

Table 4.6. Emission lifetimes (τem) measured in O2- and argon-saturated D2O, and in air- and argon-saturated 

H2O, and quantum yields of singlet oxygen production (ΦΔ) and proportion of triplet excited states quenched 

by O2 (𝑃𝑂2
𝑇 ) in O2-saturated D2O and air-saturated H2O for complexes 42, 39 and 78–83. 

Complex 

τem 

(ns)[a] 

(O2, 

D2O) 

τem 

(ns)[a] 

(Ar, 

D2O) 

τem 

(ns)[a] 

(Air, 

H2O) 

τem 

(ns)[a] 

(Ar, 

H2O) 

ΦΔ 

(O2-

satd. 

D2O)[b] 

ΦΔ 

(Air-

satd. 

H2O) 

𝑷𝑶𝟐

𝑻  

(O2-

satd. 

D2O) 

𝑷𝑶𝟐

𝑻  

(Air-

satd. 

H2O) 

phen 

42 180[c] 1154[c] 505[d] 933[d] 0.39 0.21 0.84 0.46 

78 195 1358 596 1198 0.52 0.31 0.86 0.50 

79 201 1495 640 1242 0.44 0.24 0.87 0.48 

80 361[e] 719[e] 876[e] 947[e] 0.18[f] 0.03 0.50 0.08 

TAP 

39 480 1724 724[d] 840[d] 0.72 0.14 0.72 0.14 

81 480 1868 740 919 0.69 0.18 0.74 0.19 

82 495 1947 760 954 0.59 0.16 0.75 0.20 

83 326[e] 985[e] 770[e] 825[e] 0.14 0.01 0.50 0.08 

[a] If not otherwise indicated, the luminescence decays are monoexponential. Estimated errors ±5%. 
[b] O2-saturated D2O solution of [Ru(phen)3]Cl2 as reference (ΦΔ = 0.39).327 Estimated errors ±5%. 
[c] From reference 326. 
[d] From reference 197. 
[e] The luminescence decays are bi- or tri-exponential; reported data correspond to the pre-exponential weighted 

mean lifetimes (τM).329 See Section 7.2 in Chapter 7 and Table A4.4 of the Appendices for further information. 
[f] Calculated from the linear fit of the data at low laser energy due to deviation from linearity of the data at 

high laser energy. 
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states quenched by O2 (𝑃𝑂2

𝑇 ) for both phen and TAP complexes reported in Table 4.6. Further 

details about the equation used to calculate the 𝑃𝑂2

𝑇  values can be found in Section 2.6 and 

Section 7.2 of Chapter 7.326 

On the other hand, while complexes 78 and 81 containing the acetamide 

functionalised phenanthroline ligand showed the highest ΦΔ value followed by 79 and 82 

with the ten carbon alkyl chain, complexes 80 and 83 containing the twenty-one carbon alkyl 

chain exhibited the lowest ones. At first, this behaviour could be expected assuming that 

complexes containing long alkyl chains will be more protected from molecular oxygen 

preventing the interaction with the ruthenium centre to generate 1O2. However, it was 

demonstrated in previous sections of this chapter that complexes 80 and 83 are able to self-

organise into micellar species. As direct measurement of the 1O2 phosphorescence is a 

method that requires a high concentration of photosensitiser (A532 ≈ 0.4, which corresponds 

to 331 µM and 304 µM concentration of 80 and 83, respectively) for detecting 1O2 signal, 

micelle formation by 80 and 83 can be expected at these conditions according to the cmc 

values calculated in Section 4.4.1 of this chapter. The ability of these complexes to produce 

1O2 could be different depending on whether the monomers are free in solution or forming 

micelles. In order to study the influence of the self-assembly state on the ΦΔ values, an 

indirect method that requires lower concentrations of photosensitiser, at which it would 

behave as a free monomer, was also employed and it will be discussed in the next section. 

4.7.2 Indirect Detection of Singlet Oxygen Production by Chemical Photoconsumption 

of 9,10-Anthracenediyl-bi(methylene)dimalonic Acid (ABDA) 

As previously described in Section 2.6, another way to evaluate the ability of a molecule to 

produce 1O2 is through indirect methods where changes in the absorption or in the emission 

 

Figure 4.19. (a) Schematic illustration of the photooxidation of the 1O2 chemical probe ABDA by 1O2. (b) pE-

2 fluorescence LED used as illumination source. 
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properties of a chemical probe that undergoes photooxidation in the presence of 1O2 are 

monitored. In this context, 9,10-anthracenediyl-bi(methylene)dimalonic acid (ABDA) was 

employed as a water-soluble 1O2 probe for further investigation of the 1O2 generation by 

complexes 42, 39 and 78–83, as this molecule is known to convert into a non-emissive 

endoperoxide product upon reaction with 1O2 (Figure 4.19a).424 Thus, aqueous solutions 

containing ABDA (2 µM) in the presence of the reference photosensitiser [Ru(bpy)3]Cl2 ( 

= 0.18 in air-saturated H2O at room temperature)425 and the ruthenium complex (A470 ≈ 0.01), 

 

Figure 4.20. Emission spectra of ABDA (λexc = 380 nm) in the presence of (a) 78, (b) 81, (c) 79, (d) 82, (e) 80 

and (f) 83 (A470 ≈ 0.01) in H2O at different irradiation times using a 470 nm pE-2 LED illumination system 

(100% intensity), at 298 K. Inset: Plot of I/I0 vs. irradiation time (s) and the best linear fit of the data. 
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for which its ability to act as photosensitiser was evaluated, were irradiated using a 470 nm 

pE-2 fluorescence LED (100% intensity) as illumination source (Figure 4.19b) to ensure no 

light absorption by the ABDA. The emission spectra of ABDA in the presence of complexes 

78–83 upon increasing irradiation times are shown in Figure 4.20 with those in the presence 

of complexes 42 and 39 given in Figure A4.28 of the Appendices. In order to exclude any 

degradation of ABDA upon irradiation and make sure that the changes observed are due to 

the 1O2 production by the ruthenium complexes, the emission spectra of ABDA in the 

absence of photosensitiser were also recorded and are shown in Figure A4.29 of the 

Appendices. No change in the emission intensity of ABDA at 405 nm was observed with the 

irradiation time. However, in the presence of complexes 42, 39 and 78–83, a decrease in the 

emission intensity of ABDA was observed as the irradiation time increased, indicating the 

formation of the non-fluorescent endoperoxide product of the ABDA and, therefore, 

generation of 1O2 by all the complexes tested. 

Emission intensity of ABDA at 405 nm was plotted as a function of the irradiation 

time and, from the linear regression of the obtained plots, slope values (m) were determined 

when possible. Quantum yields values of singlet oxygen production of complexes 42, 39 and 

78–83 were calculated according to equation (2.5) of Chapter 2 and are summarised in Table 

4.7, as well as the corresponding percentages of photobleaching of the ABDA emission band 

at 405 nm after 10 s irradiation (λexc = 470 nm). 

Table 4.7. Percentage of photobleaching of ABDA (emission band at 405 nm) in the presence of complexes 

78–83 (A470 ≈ 0.01) after 10 s irradiation (λexc = 470 nm) and quantum yields of singlet oxygen production (ΦΔ) 

in air-saturated H2O for complexes 42, 39 and 78–83. 

Complex %Photobleaching 

(405 nm, 10 s irraditation) 

ΦΔ 

(Air-satd. H2O)[a,b] 

phen 

42 5 0.22 

78 5 0.29 

79 4 0.23 

80 83 - 

TAP 

39 19 - 

81 22 - 

82 18 - 

83 73 - 

[a] Calculated using equation (2.5) outlined in Section 7.2 of Chapter 7. 

[b] Air-saturated H2O solution of [Ru(bpy)3]Cl2 as reference (ΦΔ = 0.18).425 
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Interestingly, the disappearance of the ABDA emission is much slower in the 

presence of complexes 42, 78 and 79 than with complex 80, resulting in a 5%, 5%, 4% and 

83% of photobleaching, respectively. The same behaviour was observed for the TAP 

analogues 39, 81 and 82 that exhibited a 19%, 22% and 18% of photobleaching, respectively, 

while 83 displayed a decrease in the emission intensity of the ABDA at 405 nm of 73%. 

Plots of the change in the emission intensity of ABDA at 405 nm in the presence of 

complexes 42, 39 and 78–83 and upon increasing irradiation times are shown in Figure 4.21 

and highlighted that the fastest decreases are observed for complexes 80 and 83 containing 

the twenty-one carbon alkyl chain. 

 

Figure 4.21. Rate of decay of ABDA emission intensity at 405 nm photosensitised by complexes (a) 42 and 78–

80 and (b) 39 and 81–83 in air-saturated aqueous solution at 298 K. 

Concerning the  values determined for these complexes in air-saturated H2O, 42, 

78 and 79 displayed similar values to those obtained by time-resolved NIR phosphorescence 

from 1O2 in the previous section. However, it must be noticed that while the evolution of the 

ABDA emission intensity with the irradiation time showed a linear trend, a slightly biphasic 

behaviour was observed for complexes 78 and 79 and only the first points could be used for 

the fitting and subsequent calculation of their  values. This could be explained by the 

existence of an interaction between the Ru(II) complex and the 1O2 chemical probe. It can 

be assumed that the nature of such interaction is not electrostatic as biphasic behaviour was 

not observed for the reference [Ru(bpy)3]
2+ and the complex 42 which have the same double 

positive charge as 78 and 79. Therefore, this interaction is more likely to be hydrophobic 

due to the presence of the alkyl chain in 79 although an additional interaction between the 

amide of the complex and the carboxylate of the ABDA cannot be dismissed. In addition, 

hydrophobic interactions with the 1O2 chemical probe showed to be more important for 
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complex 80 and, as a consequence, although 1O2 production can be assumed due to the fast 

decrease of the ABDA emission with the irradiation time, quantification was not possible. 

Interestingly, TAP derivatives 39 and 78–83 exhibited a different behaviour as the 

consumption of the 1O2 chemical probe decreased exponentially over time in contrast to the 

linear decrease observed for the phen complexes, that is first- and zero-order reaction 

kinetics, respectively. Thus, while the rate of disappearance of ABDA depends on the 

chemical probe concentration when the TAP analogues were used as photosensitisers, this 

is ABDA concentration independent in the presence of phen complexes. This behaviour 

could be explained by the remarkably photooxidant character of the excited state of Ru(II) 

complexes containing TAP as ancillary ligands providing them with the ability to directly 

photooxidise the ABDA. Thus, the co-existence of two competitive processes, that is 

oxidation of the chemical probe by 1O2 production and/or by the TAP complex, can be 

presumed. This hypothesis is supported by the redox potentials reported in the literature for 

the species involved. The reduction potential of 39 in the excited state is +1.15 V/SCE while 

the oxidation potential of 9,10-dimethylanthracene is +1.09 V/SCE.166,426 Unfortunately, the 

oxidation potential of ABDA has not been previously determined and the value reported for 

9,10-dimethylanthracene was used instead, assuming that the malonic acid moiety in ABDA 

did not have a strong effect in the oxidation potential of the anthracene derivative. From 

these values it can be concluded that direct photooxidation of ABDA is slightly 

thermodynamically favourable (ΔG0 = −0.06) although the exact oxidation potential of 

ABDA would be necessary to obtain a more accurate value. Therefore,  values for these 

complexes could not be determined through this method. 

Despite it not being possible to quantify  values of both 80 and 83, if it is assumed 

that singlet oxygen generation is involved in the fast consumption of the ABDA under 

irradiation in the presence of such complexes, the dramatic increase of 1O2 production by 

these complexes when using ABDA as 1O2 chemical probe in contrast to direct measurement 

of 1O2 phosphorescence can be explained by the fact that this method requires a lower 

photosensitiser concentration. Complexes 80 and 83 have been shown to self-aggregate at 

concentrations above 112 and 114 µM, respectively. As explained in the previous section, 

the complex concentrations used for quantifying their 1O2 production by direct measurement 

of the 1O2 phosphorescence are above their cmc values and, therefore, 80 and 83 are expected 

to form aggregates. However, the use of chemical probes such as ABDA to determine the 

quantum yields of singlet oxygen production by these complexes required a very low 

concentration of photosensitiser (A470 ≈ 0.01, which corresponds to 0.77 µM and 0.78 µM 
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for 80 and 83, respectively). In these conditions, complexes 80 and 83 are expected to behave 

as free monomers making it easier for the interaction between the metallic centre and 

molecular oxygen to form 1O2 to occur. Hence, it can be concluded that these complexes 

containing the twenty-one carbon alkyl chain display  values that are concentration 

dependent due to their ability to self-assemble into micelles. Thus, at concentrations below 

their cmc, complexes 80 and 83 would produce more 1O2 than at concentrations above their 

cmc. 

These results highlight the importance of the chemical properties of a potential 

photosensitiser when selecting a method to quantify its singlet oxygen production. Thus, 

although direct measurement of 1O2 phosphorescence is often suitable to determine the  

values of most photosensitisers, caution must be exercised with those possessing the ability 

to self-aggregate as this method required larger photosensitiser concentrations. Furthermore, 

the photooxidant character of the excited state of a photosensitiser has to be taken into 

account when investigating its 1O2 production by photooxidation of a particular chemical 

probe as it seems that this method is not adequate for complexes containing TAP as ancillary 

ligands due to their strong oxidant excited state that can result in a competitive via to the 1O2 

photooxidation of the chemical probe. 

Having evaluated the ability of complexes 78–83 to produce 1O2 by two different 

methods, that is direct detection of 1O2 phosphorescence and photooxidation of the 1O2 trap 

ABDA, cellular studies were subsequently undertaken with a view to investigate their 

cellular uptake as well as their potential as PDT agents through the study of their cytotoxicity 

in both dark and exposed to light. 

4.8 In vitro Studies of 78–83 

Cellular uptake and viability studies of 78–83 in HeLa cervical cancer cells were next carried 

out in order to investigate their ability to be internalised in live cells and reduce viability. 

These studies were achieved in collaboration with Dr Sandra Bright. 

4.8.1 Cellular Uptake Studies of 78–83 

Confocal fluorescence microscopy was used in order to evaluate the cellular uptake and 

localisation of 78–83 in live cells. Thus, HeLa cells were incubated with 78 and 81 (50 µM) 

at 37 °C for 24 h and 79, 82, 80 and 83 (10 µM) at 37 °C for 2, 4 and 24 h before being 

treated with the fluorescent nuclear stain Hoechst 33258 and imaged using an Olympus 

FV1000 point scanning microscope with a 60x oil immersion lens with an NA (numerical 

aperture) of 1.42. Complexes 42 and 39 were used as references at 50 µM concentration and 
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incubated in HeLa cells for 24 h. Experiments were repeated on three independent days to 

ensure reproducibility. The results obtained from these experiments are shown in Figure 4.22 

and demonstrated that 78 and 81 were not taken up into the cells (Figures 4.22c and 4.22g). 

Luminescence from these complexes could be imaged in the medium under high powered 

lasers, with little or no luminescence being observed inside the cells. The same behaviour 

was observed for the reference complexes 42 and 39 (Figures 4.22a and 4.22e). 

 
Figure 4.22. Confocal fluorescence microscopy images of HeLa cells showing the uptake of (a) 42 (red, 50 

µM), (b) 79 (red, 10 µM), (c) 78 (red, 50 µM), (d) 80 (red, 10 µM), (e) 39 (red, 50 µM), (f) 82 (red, 10 µM), 

(g) 81 (red, 50 µM) and (h) 83 (red, 10 µM) after different incubation times. The nucleus is stained blue with 

Hoechst 33258. 

However, time dependant cellular uptake was shown for complexes 79, 82, 80 and 

83 and, in particular, for 80 and 83 which were rapidly taken up into the cells after 2 h 

incubation with initial localisation in the cell membrane (Figures 4.22b, 4.22d, 4.22f and 

4.22h). This behaviour was not unexpected due to the amphiphilic character of these 
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complexes resulting in the insertion of the lipophilic tail into the cell membrane while the 

luminescent polar head resides on the surface acting as a luminescent membrane probe. 

Similar cell membrane localisation has already been described in the literature for other 

ruthenium complexes containing hydrophobic alkyl chains.180,181,427 

Uptake increased after 4 and 24 h incubation, as evidenced by increasing red 

luminescent emission from these complexes within cells and they appeared to be localised 

within the cytoplasm of cells. At this concentration, cell morphology suggested that 79, 82 

and 83 were well tolerated. However, the morphology of cells treated with 80 suggested this 

complex was highly toxic, with evidence of the cells undergoing apoptosis and necrosis. On 

the other hand, the weak luminescence of complex 82 inside the cells has to be pointed out. 

A reduction of the emission intensity of Ru(II) complexes containing TAP as ancillary 

ligands when compared to their phen analogues has also been reported in the literature.197,198 

As has been discussed in Section 1.6.3, it is well known that Ru(II) complexes containing at 

least two π-acceptor ligands such as TAP are strong enough oxidising agents to extract an 

electron from weakly reducing biomolecules (e.g. guanine, tryptophan or tyrosine) through 

a photoinduced electron transfer process, resulting in a quenching of the luminescence of the 

metallic complex. In this context, it can be presumed that the luminescence of 82 is quenched 

by a PET process between the ruthenium moiety and the amino acids residues of the proteins 

existing within the cell. Although the same behaviour could be expected for complex 83 

inside the cells, the longer alkyl chain could prevent the metallic centre from being in close 

proximity to the reducing species and protect its luminescence from being quenched. This 

explanation is supported by the DNA binding studies carried out in Section 4.5 of this 

chapter. As shown in the emission spectroscopic titrations performed on both complexes 82 

and 83 in the presence of stDNA, while a dramatic quenching of luminescence was observed 

for complex 82 upon addition of the guanine containing biomolecule, no significant change 

in the emission of complex 83 was detected in the presence of increasing concentrations of 

stDNA. 

In addition, to further understand the luminescence properties of these complexes in 

a biological environment and taking into account that luminescence quenching by the 

guanine would not be expected as the complexes do not seem to reach the cell nucleus, 

emission studies of complexes 82 and 83 in the presence of tryptophan were carried out and 

are shown in Figure A4.30 of the Appendices. Same studies were conducted for complexes 

79 and 80 for comparison. Thus, emission spectra of the four complexes (10 µM) in the 

absence or in the presence of L-tryptophan (5 mM) were recorded. Emission intensity of 
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complexes 79 and 80 decreased by 9% and 35% at 603 and 614 nm, respectively, in the 

presence of tryptophan. Surprisingly, both 82 and 83 showed similar luminescence 

quenching in the presence of tryptophan with an 89% and 91% decrease in emission at 636 

and 643 nm, respectively. Therefore, it could be presumed that, although both complexes 

exhibited a decrease of the emission in the presence of the reducing amino acid, complex 83 

displayed a higher lipophilicity than complex 82, resulting in a larger intracellular 

concentration and, consequently, in a higher emission intensity despite the luminescence 

quenching by the tryptophan. 

These results demonstrated that the successful cellular uptake of 79, 82, 80 and 83 is 

due to the presence of the long alkyl chain since complexes 78 and 81 containing only one 

methyl group were not taken up into the cells. In addition, these results are also in agreement 

with the lipophilicity studies discussed in Section 4.6 as complexes 79, 82, 80 and 83 and, 

in particular, 80 and 83, showed to be more lipophilic than 78 and 81 and the reference 

complexes 42 and 39 making them more suitable to cross the lipid bilayer that forms the cell 

membrane probably by passive diffusion as observed before for other highly lipophilic 

Ru(II) polypyridyl complexes.178,428 Further experiments will need to be carried out in order 

to fully understand the cellular uptake mechanism and localisation of these compounds. 

Having studied the cellular uptake and localisation of complexes 78–83 in HeLa 

cells, their cytotoxic potential in the same cell line and their ability to be photoactivated will 

be discussed in the next section. 

4.8.2 Cellular Toxicity Studies of 78–83 

In order to evaluate the cytotoxic anticancer potential of 78–83 in HeLa cells, Alamar Blue 

assays were carried out, as described in Chapter 2. As mentioned in Section 1.6.4, ruthenium 

complexes have previously exhibited strong PDT potential.62,63,93,170 Additionally, their 

increased lipophilicity as well as their ability to produce singlet oxygen make 79, 82, 80 and 

83 interesting compounds to be tested as PDT agents. Therefore, cells were treated with the 

reference compounds 42 and 39 and 78–83 for 24 h followed by either irradiation with 18 J 

cm−2 of light for 1 h using a UV-filtered Hg-Xe arc lamp or kept in the dark and a further 23 

h incubation before the Alamar Blue dye was added and the cytotoxicity assessed. 

Experiments were performed in triplicate on three independent days to ensure 

reproducibility. The IC50 values of these complexes in HeLa cells incubated in the dark or 

exposed to light are shown in Table 4.8 and the respective toxicity profiles can be found in 

Figure A4.31 of the Appendices. The log P and ΦΔ (air-saturated aqueous solution) values 
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are included in Table 4.8 in order to facilitate the discussion and the interpretation of the 

results. 

Table 4.8. IC50 values for the cytotoxicity of 42, 39 and 78–83 in HeLa cells in the dark and exposed to light 

and their respective log P values and quantum yields of singlet oxygen production (ΦΔ) in air-saturated H2O 

determined by time-resolved NIR 1O2 phosphorescence. 

Complex 
IC50 dark 

(µM)[a] 

IC50 light 

(µM)[a] PI[b] log P[a] ΦΔ (H2O, 

Air-satd.) 

phen 

42 > 100 > 100 1 −2.28 ± 0.12 0.21 

78 > 100 > 100 1 −2.52 ± 0.08 0.31 

79 38 ± 7 9 ± 4 4 −1.40 ± 0.05 0.24 

80 13 ± 2 0.47 ± 0.01 27 1.07 ± 0.08 0.03 

TAP 

39 > 100 31 ± 3 > 3 −2.76 ± 0.02 0.14 

81 > 100 15 ± 2 > 7 −2.76 ± 0.22 0.18 

82 14 ± 4 9 ± 2 2 −1.97 ± 0.05 0.16 

83 11 ± 3 2 ± 1 6 0.49 ± 0.07 0.01 

[a] IC50 and log P values correspond to the mean ± SEM. 
[b] Phototoxic index (PI) is defined as the ratio of the IC50 value in the dark to the IC50 value upon light 

irradiation. 

As expected from the lack of cellular uptake observed by confocal microscopy, the 

reference compounds and the derivatives 78 and 81, containing the acetamide functionalised 

phenanthroline ligand, did not induce any cytotoxicity in the HeLa cells in the dark up to a 

concentration of 100 µM, and as such IC50 values could not be determined for these 

compounds. However, both TAP-containing complexes 39 and 81 were found to be slightly 

toxic after light activation with IC50 values of 31 and 15 µM, respectively. It has been shown 

that the cellular internalization of Ru(II) complexes can be different upon light 

exposure.180,429-431 Their ability to act as 1O2 photosensitisers can result in an increase of the 

cell membrane permeability which facilitates the complexes penetration into cells. To further 

study the effect of light in the cellular uptake, HeLa cells were treated with complexes 39 

and 81 before being irradiated for 1 hour and incubated for a further 2 h (Figure 4.23). HeLa 

cells incubated with both complexes in the dark for 3 h were used as a control. The same 

experiment was carried out with the phen derivative 42 for comparison. No change in 

cellular uptake was observed upon light activation. However, while HeLa cells containing 

complexes 42 and 39 remained unaltered, evidence of increased toxicity of complex 81 after 

treatment with light were found in cell morphology changes compared to the ones in dark 
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conditions. This was in agreement with the lower IC50 value observed for this complex after 

light activation when compared with those obtained for 42 and 39. It can be concluded then 

that a photoinduced cell membrane permeabilisation is not the reason of the phototoxicity 

observed for complexes 39 and 81. Furthermore, both derivatives 42 and 78, containing 

phen as ancillary ligands, were shown to generate more 1O2 but did not display any toxicity 

in HeLa cells after light irradiation. This could suggest that the phototoxicity observed for 

complexes 39 and 81, compared to their phen analogues, would not be related to the Type-

II photosensitization effect as they produce less 1O2, but maybe related to their additional 

Type-I photosensitization mechanism (photoinduced electron transfer) due to their highly 

oxidizing character in the excited state. Further studies should be carried out to confirm this 

explanation. 

 

Figure 4.23. Confocal fluorescence microscopy images of HeLa cells showing the uptake of complexes (a) 42, 

(b) 39 and (c) 81 (red) at 50 µM after 3 h incubation in the dark (top) or 1 h of light activation followed by 2 

h incubation in the dark. The nucleus is stained blue with Hoechst 33258. 

On the other hand, complexes 79 and 82, with the ten carbon alkyl chain, displayed 

modest IC50 values against the cancer cell line of 38 and 14 µM after 48 h incubation in the 

absence of light, respectively. Some increase in cytotoxicity was observed after they were 

exposed to visible light showing both complexes IC50 values of 9 µM which corresponds to 

PIs of ca. 4 and 2, respectively. Similarly, IC50 values of 13 and 11 µM were observed in 

dark conditions for complexes 80 and 83 containing the twenty-one carbon alkyl chain. 
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However, after photoactivation, results demonstrated a significant increase in cytotoxicity, 

in particular for the phen complex, with IC50 values of 0.47 and 2 µM for 80 and 83, 

respectively. This corresponds to a PI of ca. 27 and 6, respectively, disclosing a good 

therapeutic window for 80, which is the complex with the lowest IC50 value studied in the 

Gunnlaugsson group to date. As demonstrated in previous Sections 4.6 and 4.8.1, having a 

long alkyl chain increases the lipophilicity of these complexes and provides them with the 

ability to be efficiently internalised into cells. This results in a larger intracellular 

concentration of ruthenium complex which explains the increase of IC50 values with the 

length of the alkyl chain. Likewise, the photoactivation observed for complexes 79 and 82 

was in agreement with their ability to produce 1O2. Particular cases are complexes 80 and 83 

which have shown concentration dependant 1O2 generation, showing potential production of 

the highly reactive oxygen species at concentrations below their cmc and negligible  

values at concentrations above their cmc. Although the intracellular concentration of 

complexes 80 and 83 has not been determined, the high phototoxicity exhibited by these 

complexes and, especially by complex 80, suggests that they behave as free monomers inside 

the cells being able to produce a significant amount of 1O2 that would explain their ability to 

be efficiently photoactivated. Therefore, these results provide evidence that, while the 

ruthenium moiety is responsible for the light activated decrease in viability, the overall 

toxicity (in the dark) is likely due to the increasing length of the alkyl chain that provides 

the Ru(II) complex with the ability to be internalised into the cell. 

Interestingly, only a few examples of Ru(II) polypyridyl complexes reported in the 

literature have shown IC50 values in the nanomolar range as is the case for 80 after light 

activation.132,234,238,432-435 However, the experimental conditions employed for each 

particular compound should be carefully considered, e.g. incubation time, cell line and, in 

the case of photoactivation, irradiation time and light dose. Furthermore, although 80 has 

also shown dark toxicity, it must be noticed that at the concentration at which this complex 

showed 50% cell viability after light treatment, about 100% cell viability was observed in 

dark conditions (Figure A4.31 of the Appendices), suggesting no toxicity against the cells at 

this concentration when they are not exposed to light and thus revealing this compound as a 

promising PDT agent. 

In the next section, the ability of the most phototoxic complexes 80 and 83 to produce 

reactive oxygen species (ROS) inside live cells will be explored with a view to further 

confirm ROS generation as the main mechanism by which such complexes become more 

toxic after light irradiation in a cellular environment. 
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4.8.3 Intracellular ROS Generation Ability of 80 and 83 

Intracellular ROS generation by complexes 80 and 83 was investigated using the ROS 

indicator 2,7-dichlorofluorescein diacetate (DCFH-DA) which has been widely used as a 

probe for detecting intracellular oxidative stress.80,430 The non-fluorescent DCFH-DA probe 

diffuses through the cell membrane and is hydrolysed by intracellular esterases to the also 

non-fluorescent DCFH carboxylate anion (Figure 4.24). In the presence of ROS, DCFH is 

oxidised resulting in the formation of dichlorofluorescein (DCF), a highly fluorescent 

molecule that can be detected by fluorescence-based techniques such as confocal 

microscopy. Therefore, the ability of a compound to produce 1O2 or other ROS can be 

evaluated by monitoring the appearance of the DCF fluorescence after irradiation. 

 

Figure 4.24. Schematic illustration of the formation of the fluorescent compound DCF by hydrolysis of DCFH-

DA followed by ROS-induced oxidation. 

Therefore, HeLa cells were incubated with complexes 80 and 83 (5 µM) at 37 °C for 

30 min followed by treatment with DCFH-DA (20 µM) and incubation at 37 °C in the dark 

for a further 30 min. Cells were then irradiated using a 405 nm diode laser (1.6% intensity) 

attached to a real-time confocal microscope and images were taken every 1.3 s over a 3 min 

period. The evolution of the formation of the fluorescent DCF in the presence of complexes 

80 and 83 upon increasing the irradiation time is shown in Figure 4.25. An increase of the 

green signal corresponding to the DCF fluorescence over the irradiation time was observed 

in the presence of both 80 and 83, suggesting that oxidation of DCFH was taking place and 

thus ROS were generated within cells by such complexes. This process seems to be faster in 

the presence of complex 83 than with complex 80 as it can be presumed from the comparison 

of Figures 4.25b and 4.25c where the appearance of green signal was already evident after 

one minute of light irradiation in the presence of the TAP complex, while DCF formation 

was not significant when the phen complex was used as ROS generator under the same 

conditions. Simultaneously, a control experiment in the absence of ruthenium complex was 

performed (Figure 4.25a) in order to probe that the increase of the emission intensity by 

formation of DCF is due to the ability of both ruthenium complexes to produce ROS 
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intracellularly. No green signal appearance could be detected under the same experimental 

conditions. 

 

Figure 4.25. Confocal fluorescence microscopy images of HeLa cells treated with (a) DCFH-DA (20 µM), (b) 

80 (5 µM, red) and DCFH-DA (20 µM) and (c) 83 (5 µM, red) and DCFH-DA (20 µM) before and after 

irradiation with a 405 nm diode laser (1.6% intensity) for different periods of time showing the ROS generation 

by formation of the fluorescent probe DCF (green). 

Furthermore, fluorescence from DCF seemed to be brighter within mitochondria, 

clearly recognisable by its typical reticulated morphology (Figure 4.26a).436,437 This was not 

unexpected as mitochondria are the cell organelles where all the redox processes take place. 

In addition, emission intensity of DFC in the absence (control) and in presence of 80 and 83 

was plotted as a function of the irradiation time (Figure 4.26b). As was already observed in 

the confocal microscopy images, the fluorescence intensity of DCF over the irradiation time 

increased in the presence of both 80 and 83 but was not significant in the absence of 

ruthenium complex. Interestingly, while in the presence of the phen complex the DCF 

emission intensity underwent a linear increase, it increased logarithmically in the presence 

of the TAP analogue. However, it is important to take these observations just as an indication 
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of ROS production by both complexes as quantification in such cell environment would not 

be very accurate. 

 

Figure 4.26. (a) Confocal fluorescence microscopy image of a HeLa cell treated with DCFH-DA (20 µM) after 

irradiation with a 405 nm diode laser (1.6% intensity) for 3 min in the presence of 80 (5 µM) showing the 

typical reticulated morphology of mitochondria. (b) Change of the DCF emission intensity in the absence of 

ruthenium complex (black) and in the presence of 80 (5 µM, red) and 83 (5 µM, blue) at different irradiation 

times. 

In conclusion, these results are in agreement with the phototoxicity exhibited by 

complexes 80 and 83 in HeLa cells and can be considered as a confirmation of their ability 

to produce 1O2 or other ROS not only in solution-based studies but also in a cellular context. 

4.9 Conclusions and Future Perspectives 

The study undertaken in this chapter has been focused on the development of new Ru(II) 

polypyridyl complexes containing lipophilic ligands with a view to investigate the potential 

of the resulting amphiphilic species as biological imaging and therapeutic agents. Thus, 

complexes 78–80 and 81–83 in which the ruthenium centre was coordinated to either phen 

or TAP as ancillary ligands, respectively, and where the third ligand consisted of a different 

length of alkylamide functionalised phenanthrolines (84–86), were synthesised and 

characterised followed by their photophysical evaluation. The ability of the two complexes 

containing the longest alkyl chain 80 and 83 to spontaneously self-assemble within aqueous 

solution and form micellar supramolecular aggregates was demonstrated by determination 

of their cmc values through surface tension measurements. Both complexes showed similar 

cmc values of ca. 110 µM suggesting that, in this case, the self-assembly process is 

determined by the alkyl chain length and no by the nature of the ancillary ligands (phen and 

TAP). Hydrodynamic diameters of ca. 10.5 nm were obtained by DLS analysis of both 

micellar systems. Although no significant changes were observed in the UV-vis absorption 

and emission spectra of 80 and 83 at concentrations above and below the cmc, luminescence 

lifetimes of these complexes showed to be concentration dependent giving further evidence 
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of the co-existence of different emitting species in solution. However, while luminescence 

lifetimes increased with the formation of aggregates of complex 80, the opposite effect was 

observed for 83 where shorter lifetimes were observed upon increasing the complex 

concentration indicating different photophysical responses to the self-assembly process by 

phen and TAP complexes, that is, oxygen quenching protection and self-quenching of their 

excited states, respectively. 

The potential of complexes 78–83 to be used in biological applications was first 

explored through evaluation of their DNA-binding affinities in aqueous solution using a 

variety of techniques such as UV-vis absorption and emission titrations, thermal 

denaturation experiments and CD studies. DNA binding constants of the order of 105 and 

106 M−1 were obtained for 78 and 79, respectively, and of 104 and 105 M−1 for the TAP 

analogues 81 and 82, respectively, revealing an influence of the type of ancillary ligand and 

the alkyl chain length in the DNA binding strength of such complexes. Significant changes 

were also observed in the melting temperature and CD spectra of DNA in the presence of 

these complexes confirming their affinity for the nucleic acid. It was concluded that 

complexes 78, 79, 81 and 82 are capable of binding to the DNA helical structure by a 

combination of electrostatic attraction due to the positive and negative charge of the Ru(II) 

complexes and the DNA phosphate backbone, respectively, and partial intercalation into the 

nucleobase pairs or insertion into the grooves of the ancillary ligands. Additional 

hydrophobic interactions are also expected for complexes 79 and 82. Unfortunately, Kb 

values could not be determined for complexes 80 and 83 due to their complicated 

photophysical behaviour in the presence of DNA although the modest changes observed in 

the Tm values and CD spectra of DNA in the presence of these complexes suggested weak 

DNA binding. 

Subsequently, lipophilicity studies were accomplished using the “shake-flask” 

method and revealed positive log P values for the complexes 80 and 83, containing the 

longest alkyl chain, and negative ones for the rest of the complexes 78, 79, 81 and 82, 

confirming an increase of the lipophilicity with the alkyl chain length. Furthermore, singlet 

oxygen photosensitisation by complexes 78–83 was first investigated through direct 

measurement of 1O2 phosphorescence at 1265 nm in O2-saturated D2O. While complexes 

78, 79, 81 and 82 showed moderate 1O2 generation in air-saturated H2O, very low ΦΔ values 

were obtained for 80 and 83 suggesting no 1O2 production by such complexes. However, 

due to the ability of such complexes to self-assemble, a concentration-dependent 1O2 

photosensitisation would not be unexpected. Therefore, efforts were made to indirectly 
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quantify their 1O2 production by monitoring the fluorescence disappearance of the water-

soluble 1O2 chemical probe ABDA, as this method allowed to work in a concentration range 

where the complexes are expected to behave as free monomers facilitating their interaction 

with molecular oxygen. However, no conclusive results were obtained from these 

experiments probably due to hydrophobic interaction between the highly lipophilic 

complexes and the probe. 

Finally, in vitro studies of complexes 78–83 in HeLa cervical cancer cells were 

performed in order to probe the applicability of such complexes in live systems. Confocal 

microscopy revealed the influence of the alkyl chain length on the cellular internalisation 

and thus complexes 79, 82, 80 and 83, containing long alkyl chains, were shown to be rapidly 

taken up into the cells with a preliminary localisation in the cell membrane while 78 and 81 

were not internalised by the cells. Furthermore, cellular toxicity studies showed that 

complexes 79, 82 and 83 displayed moderate phototoxicity against HeLa cells in contrast to 

80 which exhibited significant light-dependent cytotoxicity with IC50 values of ca. 13 µM in 

dark and 0.5 µM after exposure to light irradiation, displaying a good therapeutic window 

for their use in PDT. Intracellular ROS generation studies using the ROS indicator DCFH-

DA showed that the high phototoxicity observed for this complex is probably due to 1O2 or 

other ROS production despite ΦΔ values not being determined at low complex concentration. 

These results confirmed the increasing cellular uptake of Ru(II) polypyridyl complexes 

containing lipophilic ligands and suggested a possible toxicity modulation with the alkyl 

chain length. 

Due to the lipid resemblance of some of the ruthenium complexes studied in this 

chapter, future work of this project will look at their interaction with other structures of 

biological relevance such as liposomes with a view to further investigate their potential to 

be used in the biophysical characterisation and imaging of lipid membranes.388,389,394,438 

Furthermore, the lipophilicity and ability to self-assembly into supramolecular structures of 

some these complexes could make them powerful luminescent tools to effectively induce 

DNA condensation and be used in gene delivery and transfection applications.401,439 

Building on preliminary work conducted within the Gunnlaugsson group,264,271 the 

next chapter will focus on the synthesis of new Ru(II) functionalised gold nanoparticles by 

using a 2,2’-bipyridine-based ligand to attach the Ru(II) complex to the gold surface in 

contrast to the 1,10-phenanthroline derivative ligand used previously in the group with the 

aim to study the photophysical properties and biological applications of the resulting 

nanomaterial.
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5.1 Introduction 

As was introduced in Section 1.7, research into gold nanoparticles (AuNPs) has received 

increasing interest in recent years due to their unique size- and shape-dependent 

optoelectronic properties, biocompatibility and ease of functionalisation with a variety of 

ligands.245,246 Such features provide them with enormous potential to be used in a broad 

range of applications including sensing,440,441 catalysis,442 light energy conversion and,443 of 

relevance to the work described over this thesis, in bioimaging and medicine.242-246 In this 

context, luminophores have been attached to AuNPs and used as probes for non-invasive 

biomolecular imaging.244,444 Furthermore, the conjugation of photosensitisers to AuNPs has 

emerged as an alternative to classic PDT agents.258 The resulting photosensitiser-AuNP 

conjugates offer several advantages over classic PDT agents, such as an increase of the local 

photosensitiser concentration at the target cells, prevention of nonspecific accumulation in 

normal tissues, or tumour-targeted delivery of the photosensitiser due to an enhanced 

permeability and retention (EPR) effect of the particle scaffold.258 

In previous chapters, the attractive photophysical properties and selective 

photochemistry of Ru(II) polypyridyl complexes have been intensively demonstrated. In 

addition, their ability to be used in a biological context as DNA photoprobes, cellular 

imaging agents and light-activated anticancer drugs has played a major role in the 

development of the ruthenium-based systems described throughout this thesis and in the 

literature.2,62,63,93 Therefore, the combination of the advantageous properties of both gold 

nanoparticles and Ru(II) polypyridyl complexes has resulted in attractive systems for 

application in cellular imaging or photothermal therapy (PTT) in the treatment of cancer, as 

was shown in previous work developed in the Gunnlaugsson group and in a few other 

examples in the literature.264,266,270,271 

With this in mind, the aim of this chapter consists of expanding the research work 

carried out previously in the Gunnlausson group in the development of surface modified 

AuNPs with luminescent Ru(II) polypyridyl complexes.264,271 Thus, the work presented here 

will deal with the synthesis of a new alkyl disulphide functionalised bipyridine based ligand 

(89) and its coordination to a Ru(II) centre containing either phen or TAP as ancillary 

ligands. The purpose of the disulphide group was to enable subsequent covalent attachment 

of the resulting Ru(II) complexes to the surface of the AuNPs, while the eleven carbon alkyl 

chains act as spacer groups to reduce quenching of the Ru(II) luminescence by the 

AuNPs.264,271,445-447 First, the photophysical properties of the free alkyl disulphide 

functionalised dinuclear Ru(II) complexes 90 and 91 (Figure 5.1) will be investigated, 
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followed by the evaluation of their cellular uptake and light-dependent toxicity in HeLa cells 

as free systems. Further functionalisation of AuNPs with complexes 90 and 91 via the  

 

 

Figure 5.1. Chemical structures of the alkyl disulphide functionalised dinuclear Ru(II) polypyridyl complexes 

90 and 91 and their corresponding gold conjugates 90·AuNP and 91·AuNP studied in this chapter. 

formation of Au-S covalent bonds will result in the Ru(II)-AuNP conjugates 90·AuNP and 

91·AuNP (Figure 5.1). The new gold nanosystems will be characterised using different 

techniques including dynamic light scattering (DLS), transmission electron microscopy 

(TEM) and UV-vis absorption and emission spectroscopy, which also allow for confirmation 

of the successful functionalisation of the gold surface with the ruthenium complexes. Finally, 

preliminary in vitro studies will be described detailing the cellular uptake and localisation of 

the systems 90·AuNP and 91·AuNP in HeLa cells to probe the effectiveness of the gold 

nanocarrier to deliver ruthenium complexes into live cells. 
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5.2 Synthesis of 90·AuNP and 91·AuNP 

The new Ru(II) polypyridyl functionalised gold nanoparticles 90·AuNP and 91·AuNP were 

prepared according to synthetic procedures previously used in the Gunnlaugsson group for 

similar systems.264,271 Thus, the synthesis of such gold conjugates consisted of (i) the 

preparation of the Ru(II) polypyridyl complexes containing an alkyl disulphide moiety 90 

and 91 followed by (ii) incorporation of such complexes onto the surface of AuNPs via the 

sulphur atoms to form the systems 90·AuNP and 91·AuNP. A detailed description of such 

synthetic procedures will be next presented. 

5.2.1 Synthesis and Characterisation of 90 and 91 

The synthesis of alkyl disulphide functionalised dinuclear Ru(II) polypyridyl complexes 90 

and 91 was carried out in a manner similar to that described in previous chapters and 

according to the usual procedures reported in the literature for [Ru(L)2(L’)]2+ di-heteroleptic 

complexes, where L = 1,10-phenanthroline (phen) or 1,4,5,8-tetraazaphenanthrene (TAP), 

and L’ = 11,11'-disulfanediylbis(N-(3-([2,2'-bipyridin]-4-yl)phenyl)undecanamide) 

(89).170,302 First, ligands TAP and 89 were synthesised. The TAP ligand was prepared 

according to the procedure described in Section 2.2 while the synthetic route to produce 

ligand 89 is shown in Scheme 5.1. 

 

Scheme 5.1. Synthetic pathway for 89: (i) Br2, DMF (anh.), 0 °C, 3 h; (ii) EDC, DMAP, CH2Cl2, r.t., 2 days. 

The first step involved oxidation of the thiol group of 11-mercaptoundecanoic acid 

(92) to the corresponding disulphide using bromine in anhydrous DMF at 0 °C for 3 h. 

Removal of the solvent under reduced pressure followed by washing with NaHCO3 (aq), 1 

M HCl and H2O yielded 11,11'-disulfanediyldiundecanoic acid (93) as a white solid in 85% 
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yield. Successful formation of the disulphide bond was confirmed by measuring the melting 

points of both starting material and product, as thiols and their disulphides analogues are 

known to melt at different temperatures.448,449 The melting point of 92 was found to be 50–

51 °C while 93 exhibited a melting point of 88–92 °C. Formation of the disulphide provides 

protection of the thiol group which can otherwise undergo nucleophilic attack with the 

carbonyl group under the conditions required for the next synthetic step. Previous 

experiments have demonstrated no formation, or formation in a low yield, of the desired 

product when 92 was used instead of 93. 

The reagent 3-([2,2'-bipyridin]-4-yl)aniline (94) needed for the next step was 

prepared by PhD student Hannah Dalton and thus, the detailed synthetic procedure used to 

produce such compound will be reported in the PhD Thesis of Ms. Dalton. A coupling 

reaction between 94 and 93 was then performed in dry DCM using N-ethyl-N′-(3-

dimethylaminopropyl)carbodiimide hydrochloride (EDC) in the presence of 4-

dimethylaminopyridine (DMAP).264 The ligand 89 was obtained as a beige solid in 72% 

yield after precipitation with H2O and washing with MeCN. Successful formation of the 

novel ligand 89 was supported by the 1H NMR spectrum (400 MHz, DMSO-d6) shown in 

Figure 5.2, from which the characteristic NH signal was clearly visible at 10.08 ppm, 

 

 

Figure 5.2. 1H NMR (400 MHz, DMSO-d6) spectrum of 89. 
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indicating formation of the amide bond. Furthermore, eleven protons in the aromatic region 

between 7.4 and 10.2 ppm were identified and assigned to the bipyridine-aniline moiety of 

the ligand. The remaining twenty protons observed in the aliphatic region between 1.0 and 

3.0 ppm corresponded to the ten carbon alkyl chain in ligand 89. The ligand 89 is dimeric in 

nature and thus the integration is expected to be double that shown in Figure 5.2. 

 

Scheme 5.2. Synthetic pathway for 90 and 91: (i) 1,5-cyclooctadiene, EtOH, reflux, 3 days; (ii) DMF, 

microwave reaction, 140 °C, 40 min; (iii) EtOH/H2O (1:1), microwave reaction, 140 °C, 40 min (90) or 30 

min (91). 
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MALDI+-HRMS also confirmed the formation of ligand 89, as evidenced by the peak 

observed at m/z 893.4639 that corresponds to the [M+H]+ ion. In addition to 1H NMR and 

HRMS, other conventional techniques including 13C NMR, 2D NMR, melting point analysis 

and IR spectroscopy were employed for full characterisation of ligand 89 and they can be 

found in Section 7.10.1 of Chapter 7 and Figure A5.1 of the Appendices. All of these 

techniques are in agreement for the formation and purification of 89. 

In a similar manner to that described previously in Chapters 2 and 4, microwave-

assisted synthesis was carried out for the complexation of ligand 89 with the appropriate 

Ru(II) bispolypyridyl dichloride precursor complex (74 and 75) in a mixture of H2O/EtOH 

(1:1) at 140 °C for 40 (90) or 30 min (91) (Scheme 5.2). A slight excess of both 74 and 75 

precursors was needed to ensure the complexation of both bipyridine moieties of the 

symmetrical ligand 89. Purification by column chromatography on neutral alumina using 

MeCN/H2O (10:0 to 9:1) as eluent afforded the chloride salts of the dinuclear Ru(II) 

complexes 90 and 91 in 80% and 26% yield, respectively. 

The two complexes were characterised by 1H NMR, 13C NMR, elemental analysis, 

HRMS and IR spectroscopy. The 1H NMR spectrum (400 MHz, DMSO-d6) of 90 is shown 

 

 

Figure 5.3. 1H NMR (400 MHz, DMSO-d6) spectrum of 90. Signals corresponding to phen ligands are in green 

and signals assigned to ligand 89 are in red. 
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in Figure 5.3 while that of 91 shown in Figure A5.3 of the Appendices. Additional 2D NMR 

experiments allowed the identification of most of the signals. Twenty-seven protons were 

observed between 7.2 and 9.4 ppm in the aromatic region and were assigned to the 

bipyridine-aniline moiety of ligand 89 and to the phen ancillary ligands, whereas the signal 

at 10.43 ppm was attributed to the amide proton. In addition, twenty protons were observed 

between 1.0 and 3.0 ppm corresponding to the ten carbons alkyl chain in ligand 89. Thus, a 

total of forty-eight protons were found which was consistent with the molecular formula of 

the compound, taking into account that, as previously shown for the ligand itself, only half 

of the dinuclear ruthenium complex was considered for the signal integration since protons 

from both halves of the molecule are equivalent. 

The successful formation of complexes 90 and 91 was also corroborated by 

MALDI+-HRMS where peaks at m/z 1815.5494 and 1823.5002 were found, which 

corresponded to their respective [M-H]+ ions. Both complexes showed the expected isotopic 

profiles, as observed in Figure 5.4 from the comparison of the theoretical and experimental 

isotopic distribution patterns of 90 and 91. 

 

Figure 5.4. Comparison between the calculated (blue) and experimental (black) isotopic distribution pattern 

for (a) 90 and (b) 91 from matrix-assisted laser desorption/ionisation (positive mode) high resolution mass 

spectrometry analysis. 

More detailed synthetic procedures and characterisation of both ruthenium 

complexes are given in Section 7.10.2 of Chapter 7 and Figures A5.1–A5.4 of the 

Appendices. After being successfully synthesised and characterised, both complexes 90 and 

91 were used as ligands to functionalise AuNPs. The synthesis and purification of such 

Ru(II) polypyridyl functionalised AuNPs will be presented in the next section. 
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5.2.2 Functionalisation of AuNPs with 90 and 91 

Due to the growing interest in the potential applications of AuNPs, particularly in 

nanomedicine as drug delivery systems, a large variety of preparative methods for the 

synthesis and functionalization of these nanomaterials have been explored and reported in 

the literature over the last few decades.450-453 Among these synthetic procedures, the two-

phase Brust-Schiffrin method is one of the most popular methods chosen for the formation 

of thermally- and air-stable AuNPs of controlled size, with a Au(0) metallic core diameter 

in the range of 1.5 to 5.2 nm.451 

The synthesis of 90·AuNP and 91·AuNP was achieved using a modified version of 

the two-phase Brust-Schiffrin method used previously in the Gunnlaugsson 

group.264,445,446,454 First, a solution of tetraoctylammomnium bromide (TOAB) in toluene 

was added to an aqueous solution of HAuCl4. The two-phase mixture was stirred vigorously 

for 10 min and HAuCl4 was transferred from the water to the toluene layer. Subsequently,  

 

 

Figure 5.5. Reduction of Au(III) to Au(0) and functionalisation of the resulting TOAB-stabilised AuNPs with 

90 using a modified Brust-Schiffrin two-phase method. 

an aqueous solution of NaBH4 was added dropwise into the mixture resulting in the reduction 

of the Au(III) to Au(0) to give TOAB-stabilised gold nanoparticles (TOAB·AuNP). The fast 
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colour change of the toluene layer from orange to deep purple after addition of the reducing 

agent indicated the formation of the colloidal species (Figure 5.5). The mixture was stirred 

for a further 2 h followed by separation of the toluene layer containing the TOAB·AuNP 

from the aqueous layer and washing with H2O, 0.1 M HCl and 0.1 M NaOH. 

Functionalisation of the surface of the resulting TOAB-stabilised AuNPs with the 

Ru(II) complexes was then carried out by exchanging the TOAB stabiliser coat with 90 and 

91. For this purpose, an aqueous solution of the appropriate Ru(II) complex was added to a 

toluene solution of the previously synthesised TOAB·AuNP and stirred vigorously for 16 h. 

Complete transfer of the AuNPs from the toluene layer to the aqueous layer was confirmed 

by the initial orange aqueous layer turning dark brown, indicating functionalisation of the 

AuNPs with the water-soluble Ru(II) complexes. After separation of the two layers by 

centrifugation, to remove any aggregates, the aqueous layer containing the Ru(II) 

polypyridyl functionalised AuNPs was filtered through a PDVF 0.45 µm microsyringe. In 

order to remove any unbound complex, a series of anion exchange steps based on a method 

developed by Mayer et al. and previously used in the Gunnlaugsson group for similar 

systems was conducted (Figure 5.6).264,271,455 

 

Figure 5.6. Purification of the Ru(II) polypyridyl functionalised AuNPs by several precipitation and anion 

exchange steps. 

First, a saturated aqueous solution of NH4PF6 was added to the aqueous solution 

containing the Ru(II) polypyridyl functionalised AuNPs and the resulting flocculate was 
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isolated by centrifugation and washed several times with a mixture of H2O/MeOH (3:1). The 

obtained solid was dissolved in MeCN and repeatedly precipitated by adding Et2O until the 

supernatant, initially bright orange, became colourless. Once the resultant solid was 

redispersed in MeCN, the next anion exchange step consisted of addition of a concentrated 

acetone solution of tetrabutylammonium chloride (TBACl), followed by stirring for 1 h. 

After centrifugation, the dark brown solid obtained was washed several times with acetone 

and MeCN, dried under vacuum and finally suspended in H2O to give a dark brown coloured 

colloidal solution. 

The water-soluble systems 90·AuNP and 91·AuNP were then characterised by 

several techniques, including dynamic light scattering (DLS), transmission electron 

microscopy (TEM) and UV-vis absorption and emission spectroscopy, as presented in the 

following sections. 

5.3 Dynamic Light Scattering Studies of 90·AuNP and 91·AuNP 

As was shown previously in Section 4.4.2 with the Ru(II) polypyridyl-based surfactants, 

DLS is a powerful technique to study the size distribution profile of AuNP systems in 

solution. Therefore, in order to estimate the size of the synthesised Ru(II) polypyridyl 

functionalised AuNPs, DLS measurements were conducted on aqueous solutions containing 

90·AuNP and 91·AuNP using a Malvern Zetasizer Instrument. Particle size distribution 

profiles for both systems are shown in Figure 5.7. 

 

Figure 5.7. Particle size distribution determined by DLS analysis for (a) 90·AuNP and (b) 91·AuNP in 

aqueous solutions at 298 K. 

Average hydrodynamic diameters of 12 nm (94% volume) and 13 nm (98% volume) 

were determined for both gold conjugates 90·AuNP and 91·AuNP, respectively. The 

diameter values obtained by DLS correspond not only to the gold particle core, but also to 

the capping layer bound to the gold surface.264,417,446,456 Interestingly, as was already 
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observed for the surfactant systems discussed in the previous chapter, similarity in the 

hydrodynamic diameters of both systems suggests that the presence of phen or TAP as 

ancillary ligands in the Ru(II) complexes bound to the surfaces of the AuNPs does not have 

a significant influence in the size of the resulting Ru(II) polypyridyl functionalised AuNPs. 

However, the replacement of the N in positions 1 and 8 in the TAP ligand by CH in the phen 

ligand was shown to have a clear effect in the aggregation of the gold conjugate. Thus, while 

the AuNPs functionalised with the Ru(II) TAP-based complex 91·AuNP showed a narrow 

size distribution in the range of 6.5–24.4 nm, a broader size distribution in the range of 5.6–

78.8 nm was observed for the phen analogue system 90·AuNP indicating the presence of 

much larger species. These results point to a greater tendency of 90·AuNP to form 

aggregates when compared to the TAP analogue gold conjugate 91·AuNP. Such behaviour 

has been previously observed in the Gunnlaugsson group for similar systems and was 

attributed to the ability of the TAP ligand to participate in hydrogen bonding with water 

which reduces the aggregation of the resulting Ru(II) TAP complexes-based systems.271 

Having studied the size of the gold conjugates 90·AuNP and 91·AuNP in solution 

by DLS, TEM imaging was subsequently employed to further characterise these systems in 

the solid state and the results obtained will be discussed in the next section. 

5.4 Transmission Electron Microscopy Studies of 90·AuNP and 91·AuNP 

Another technique that is often used to visualise and analyse the size and shape of 

nanomaterials is TEM. This microscopy technique images a sample by transmitting a beam 

of electrons through the sample, instead of utilising light as is the case in optical 

microscopes. Interaction between the electrons and the sample results in generation of an 

image showing regions of the sample with different levels in darkness according to their 

density. The smaller de Broglie wavelength of electrons compared with visible light provides 

transmission electron microscopes with a higher resolution than optical microscopes, 

making them suitable for imaging at the nanoscale range and as such for the characterisation 

of AuNP systems.457 

In this context, TEM studies were then performed to gain further information on the 

size, size distribution and morphology of the systems 90·AuNP and 91·AuNP. These studies 

were carried out by the Gunnlaugsson team member Dr Aramballi J. Savyasachi in the 

CRANN - Advanced Microscopy Laboratory (AML) at Trinity College Dublin. A drop of 

the appropriate AuNP solution (250 µM) was adsorbed onto a 200-mesh formvar film 

stabilised with carbon copper grid before being imaged using a Jeol 2100 transmission 
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electron microscope. TEM images obtained for both 90·AuNP and 91·AuNP and their 

corresponding size distribution profile are given in Figure 5.8. 

 

Figure 5.8. TEM images of (a) 90·AuNP (250 µM) and (b) 91·AuNP (250 µM) after deposition onto formvar 

stabilised carbon coated copper grids and the particle size distribution profile calculated from analysing the 

TEM images for (c) 90·AuNP and (d) 91·AuNP. 

TEM images revealed spherical nanoparticles (Figures 5.8a and 5.8b) with diameters 

in the range of 1.5–7.0 nm for the system 90·AuNP and 1.0–6.5 nm for the system 91·AuNP, 

which are consistent with the synthetic procedure employed.451 Interestingly, aggregation 

was found to be more important in the case of the nanoparticles functionalised with the phen 

containing Ru(II) complex 90·AuNP, with no major evidence of aggregates formation by 

the TAP conjugate 91·AuNP. These observations are in agreement with the DLS studies 

discussed previously. Furthermore, analysis of the particle size of ca. 300 nanoparticles from 

different regions of TEM images showed that the majority of the AuNPs functionalised with 

90 displayed an average gold core diameter between 2.5 and 3.0 nm (Figure 5.8c). However, 

a slightly smaller average gold core diameter was observed for the majority of the AuNPs 

functionalised with the TAP analogue complex 91 with diameters values between 2.0 and 

2.5 nm (Figure 5.8d). It should be noticed that, while the particle size determined by DLS 

measurements includes the alkyl disulphide functionalised Ru(II) complex bound to the gold 
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surface, TEM analysis only depends on the size of the particle gold core. Thus, smaller 

diameter values are expected when employing TEM imaging, which is consistent with the 

results showed in this section. 

DLS and TEM studies provided information about the size and shape of both systems 

90·AuNP and 91·AuNP. However, confirmation that the surface of the AuNPs was 

functionalised with the corresponding Ru(II) complexes was achieved by evaluating the 

photophysical properties of 90·AuNP and 91·AuNP as will be discussed in the next section. 

Photophysical characterisation of the free complexes 90 and 91 was also assessed for 

comparison. 

5.5 Photophysical Characterisation of 90, 91, 90·AuNP and 91·AuNP 

The photophysical properties of the free dinuclear complexes 90 and 91, as well as the 

systems resulting from their attachment onto the surface of AuNPs (90·AuNP and 

91·AuNP), were evaluated in 10 mM sodium phosphate-buffered aqueous solution at pH 

7.4. UV-vis absorption, emission and excitation spectra of complexes 90 and 91 are shown 

in Figure 5.9 and those corresponding to 90·AuNP and 91·AuNP are given in Figure 5.10. 

 

Figure 5.9. UV-vis absorption, excitation and emission spectra of (a) 90 and (b) 91 in 10 mM sodium 

phosphate-buffered aqueous solution at pH 7.4, at 298 K. Note that different emission and excitation slits 

widths were used for both complexes due to the poor emission of 91 when compared to 90, and as such emission 

intensities of complexes cannot be compared. 

As was already discussed for similar Ru(II) polypyridyl complexes in previous 

chapters, three main absorption maxima were observed for complex 90 at 225, 262 and 453 

nm. Bands at 225 and 263 nm were attributed to π-π* intra-ligand transitions within the 

ancillary phen ligands while the broad band centred at 453 nm was characteristic of the 

MLCT transition of the Ru(II) centre. Likewise, complex 91 showed intense absorption 

bands at 232 and 275 nm that correspond to π-π* intra-ligand transitions in the TAP ligand, 

and a broad band centred at 416 nm assigned to the MLCT transition of the Ru(II) centre. A 



Chapter 5 – Ruthenium(II) Polypyridyl Functionalised Gold Nanoparticles for Cellular Imaging 

196 

 

summary of the molar absorptivity values determined at these absorption maxima for these 

complexes is given in Table 5.1. 

Table 5.1. Absorption properties of 90 and 91 in 10 mM sodium phosphate-buffered aqueous solution at pH 

7.4, at 298 K. 

Complex 

Absorbance λmax, nm (ε, 104 M−1cm−1)[a] 

π-π* IL π-π* IL MLCT 

90 225 (13.0 ± 0.3) 263 (18.1 ± 0.5) 453 (3.6 ± 0.1) 

91 232 (12.2 ± 0.4) 275 (14.8 ± 0.5) 416 (3.9 ± 0.1) 

[a] Molar absorptivity values correspond to the mean ± SEM. 

Functionalisation of AuNPs with complexes 90 and 91 resulted in the appearance of 

a broad shoulder in their MLCT absorption bands extending to ca. 700 nm and attributed to 

the SPR band characteristic of metallic nanoparticles. The presence of the SPR band 

confirms the successful attachment of the Ru(II) complexes on the AuNP surface. 

 

Figure 5.10. UV-vis absorption, excitation and emission spectra of (a) 90·AuNP and (b) 91·AuNP in 10 mM 

sodium phosphate-buffered aqueous solution at pH 7.4, at 298 K. 

Interestingly, no major changes were observed in the π-π* intra-ligand and MLCT 

bands position when compared to those shown by the free complexes 90 and 91 (Figure 

5.11). However, a 31% hypochromism of the π-π* intra-ligands absorption bands was 

observed upon attachment of the free complexes to AuNPs in relation to their MLCT 

absorption bands. This is most likely due to the overlap of both MLCT and SPR bands. Such 

overlap also makes it difficult to identify any shifts in the position of the SPR band after 

incorporation of the Ru(II) complexes onto the gold surface. The absorption maximum and 

bandwidth of the SPR band has been shown to be sensitive to the size, shape and composition 

of the nanoparticle.248 As a result of these spectral perturbations, determination of accurate 
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concentrations of the resulting gold conjugates 90·AuNP and 91·AuNP is not possible by 

using the molar absorptivity values obtained for the free complexes 90 and 91. 

 

Figure 5.11. UV-vis absorption spectra (normalised absorbance at the MLCT band) showing the comparison 

between (a) the TOAB-stabilised AuNPs, the free complex 90 and the gold conjugate 90·AuNP, and (b) the 

TOAB-stabilised AuNPs, the free complex 91 and the gold conjugate 91·AuNP, in 10 mM sodium phosphate-

buffered aqueous solution at pH 7.4, at 298 K. Inset: Hypochromism underwent by the π-π* intra-ligand 

transitions within the ancillary ligands upon attachment to AuNPs in relation to the MLCT absorption band. 

The emission properties of the free complexes 90 and 91 and their gold conjugates 

90·AuNP and 91·AuNP in 10 mM sodium phosphate-buffered aqueous solution at pH 7.4 

are summarised in Table 5.2. Excitation into the MLCT bands of the free complexes resulted 

Table 5.2. Emission properties of 90, 91, 90·AuNP and 91·AuNP in 10 mM sodium phosphate-buffered 

aqueous solution at pH 7.4, at 298 K. Complexes 95 and 96 are included for comparison. 

Complex 
λmax

em (nm) 

buffer 

Φem
[a] 

buffer (air) 

τem (ns) 

buffer (air) 

τem (ns) 

buffer (N2) 

95 615[b] - 784[c] - 

96[d] 649 0.040 778 - 

90 616 0.048 804[e] 1237[e] 

91 648 0.007 254[f] 253[f] 

90·AuNP 624 0.002 827[e] 999[e] 

91·AuNP 649 0.001 303[e] 421[e] 

[a] Air-saturated aqueous solution of [Ru(bpy)3]Cl2 as reference (Φem = 0.028).308 Estimated errors ±2%. 
[b] From reference 458. The reported values are in aqueous solution. 
[c] From reference 459. The reported values are in aqueous solution. 
[d] From reference 122. The reported values are in aqueous solution. 
[e] The luminescence decays are monoexponential. Estimated errors ±5%. 
[f] The luminescence decays are bi-exponential; reported data correspond to the pre-exponential weighted mean 

lifetimes (τM).329 Estimated errors ±5%. 

in broad bands centred at 616 nm for 90 and 648 nm for 91. Interestingly, 91 exhibited lower 

emission intensity when compared with 90 in the same conditions. However, it must be noted 
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that, in order to measure a well resolved emission spectrum, the emission of 91 reported in 

Figure 5.9b was recorded using wider emission and excitation slits than those employed in 

the acquisition of the emission spectrum of the phen analogue. Thus, the emission intensities 

of both complexes cannot be compared. Similarly, the excitation spectra recorded for 90 and 

91 were found to be identical to their absorption spectra. 

The difference in the emission intensities observed for complexes 90 and 91 was in 

agreement with the luminescence quantum yields and lifetimes measured for these 

complexes in aerated 10 mM sodium phosphate-buffered aqueous solution at pH 7.4. 

Luminescence quantum yields values of 0.048 and 0.007 were calculated for complexes 90 

and 91, respectively, using the optically dilute solution method and [Ru(bpy)3]Cl2 as 

reference compound, with the reported values taken as an average of a minimum of three 

independent measurements.308 Luminescence lifetimes of 804 and 254 ns were determined 

by single-photon timing (SPT) (λexc = 458 nm, AMLCT = 0.05) for 90 and 91, respectively, in 

aerated 10 mM sodium phosphate-buffered aqueous solution at pH 7.4. The data was best 

fitted to a monoexponential (90) or bi-exponential (91) decay function, with χ2 values close 

to 1 and the reported lifetime values corresponding to the average of a minimum of two 

measurements for each complex. In the case of 90, this value is similar to that reported in 

the literature for the complex [Ru(phen)2bpy]2+ (95),459 whereas 91 exhibited a much lower 

luminescence lifetime than its analogue complex [Ru(TAP)2bpy]2+ (96).122 As has been 

discussed in previous chapters, the presence of the electron-withdrawing TAP ligands 

confers an oxidizing character to the excited state of the resulting Ru(II) complex (e.g. the 

reduction potential of 96 in the excited state is +1.10 V/SCE).122 Therefore, the 3MLCT 

excited state of TAP containing Ru(II) complexes would be sufficiently photooxidizing to 

extract one electron from reductant molecules resulting in a quenching of their luminescence. 

On the other hand, sulphur containing molecules such as H2S or cysteine have shown to be 

efficient reductants.460 In this context, the low quantum yield and lifetime values observed 

for 91 could be explained by an intramolecular photoinduced electron transfer from the alkyl 

disulphide moiety to the oxidizing Ru(TAP)2 core. Such intramolecular quenching was not 

observed for the phen analogue as the electron accepting character of complex 91 is due to 

the π-deficient TAP ancillary ligands. 

When the solution was deaerated, significant increase of the lifetime of complex 90 

was observed, indicating a quenching of the excited state by dissolved oxygen in solution. 

In contrast, no change in the lifetime was observed for 91 in deaerated solution which is 

consistent with the behaviour exhibited for the TAP complexes described in previous 
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chapters, indicating that the excited state of these complexes seems to be less affected by the 

presence of dissolved oxygen than their phen analogues.197,211,212,404 

Concerning the emission properties of the AuNP conjugates 90·AuNP and 91·AuNP 

in the same conditions employed for the free complexes, broad emission bands were 

observed at 624 and 649 nm, respectively, upon excitation into their MLCT absorption 

bands, as was shown for complexes 90 and 91. Likewise, excitation spectra of 90·AuNP and 

91·AuNP were shown to be identical to those of the corresponding free complexes indicating 

no contribution to the observed luminescence from the AuNP SPR band. Luminescence 

quantum yields of both systems were found to be significantly low in comparison to those 

determined for the free complexes, with Φem values of 0.002 and 0.001 determined for 

90·AuNP and 91·AuNP, respectively. This behaviour was not unexpected, as quenching of 

the Ru(II) complex luminescence by an energy-transfer mechanism resulting from the 

interaction with the AuNP surface has already been reported in the literature.267,461 

In addition, lifetime values of 827 and 303 ns were measured in aerated 10 mM 

sodium phosphate-buffered aqueous solution at pH 7.4 for the gold conjugates 90·AuNP 

and 91·AuNP, respectively. These values are similar to those observed for their free complex 

counterparts in the same conditions and are likely due to the unquenched complexes bound 

to the gold surface. These values correspond to the average of a minimum of two independent 

measurements for which the luminescence decays were fitted to a monoexponential function 

with χ2 values close to 1. Moreover, 90·AuNP and 91·AuNP showed lifetimes values of 999 

and 421 ns in deaerated 10 mM sodium phosphate-buffered aqueous solution which are only 

slightly larger values than those measured in aerated solutions. This behaviour is in contrast 

to that showed by the free complex 90 for which a more significant increase of the lifetime 

was observed when the solution was deaerated. It could be presumed that, in a similar way 

to the behaviour observed for the surfactant complex 80 in the previous chapter, the 

attachment of a large number of complex molecules around the gold surface would keep 

them close to each other resulting in the protection of their excited state from oxygen 

quenching. Thus, deaeration of the solution would not have a major effect as complexes 

molecules would be already protected in their new arrangement around the gold core. In the 

case of the TAP containing gold conjugate 91·AuNP, results are consistent with those 

observed for the free complex and thus similarity in lifetime values measured in both aerated 

and deaerated conditions would be due to the negligible contribution of dissolved oxygen to 

the quenching of the excited state of TAP containing Ru(II) complexes.197,211,212,404 
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In summary, the free complexes 90 and 91 and their corresponding AuNP conjugates 

90·AuNP and 91·AuNP have shown attractive photophysical properties in aqueous solution 

which may be suitable for their use in biological imaging and therapeutic applications. Thus, 

in vitro studies of these systems were next conducted in order to assess their potential to be 

used in a biological environment. 

5.6 In vitro Studies of 90, 91, 90·AuNP and 91·AuNP 

With the aim of investigating the applicability of the new systems in biological imaging and 

diagnostics, cellular uptake studies in HeLa cells were first conducted on both the free 

complexes 90 and 91 and their gold conjugates 90·AuNP and 91·AuNP. In addition, toxicity 

studies in HeLa cells were also performed on the free complexes 90 and 91, while those 

involving the nanoparticles systems are still in progress and as such are not presented here. 

It should be noted that, in the case of the gold conjugates, the Ru(II) complex concentrations 

reported are only an estimation and were calculated using the π-π* intra-ligand absorption 

bands and the molar absorptivity values determined for such transitions in the free 

complexes. Further experiments such as inductively coupled plasma mass spectrometry 

(ICP-MS) will be necessary to determine the number of ruthenium complexes per AuNP and 

give more accurate concentration values. 

5.6.1 Cellular Uptake Studies of 90, 91, 90·AuNP and 91·AuNP 

Cellular uptake and localisation of the free complexes 90 and 91, as well as their gold 

counterparts 90·AuNP and 91·AuNP, in HeLa cells were investigated by confocal 

fluorescence microscopy. HeLa cells were incubated either with 90 and 91 (20 µM) or with 

90·AuNP and 91·AuNP (~20 µM Ru(II) complex concentration which corresponds to Au 

concentrations of ~60 nM and ~68 nM for the conjugates 90·AuNP and 91·AuNP, 

respectively)462 at 37 °C for 2, 4 and 24 h. Cells were then treated with the nuclear stain 

Hoechst 33258 and imaged using a Leica SP8 gated STED confocal microscope with a 40x 

oil immersion lens with an NA (numerical aperture) of 1.30. Confocal fluorescence images 

showing the cellular uptake of both 90 and 91 over time are shown in Figure 5.12. 

Both free complexes seemed to localise in the cytoplasm of HeLa cells with a time 

dependant cellular uptake and thus an increase of the emission intensity of 90 and 91 was 

detected over time, with almost negligible emission after 2 h incubation, and then more 

significant emission intensity after 4 and 24 h incubation. The fast uptake of both compounds 

was not unexpected since these complexes can be considered to be similar Ru(II) dinuclear 

versions of complexes 79 and 82, presented in the previous chapter, which were observed to 
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be quickly taken up by the cells. However, complex 91 seemed to be less emissive inside the 

cells when compared with complex 90. This is in agreement with the photophysical 

properties displayed by these complexes and shown in Section 5.5 of this chapter where 

complex 90 was found to be much more emissive than complex 91 as a likely result of an 

intramolecular photoinduced electron transfer from the alkyl disulphide moiety to the 

oxidizing Ru(TAP)2 core. On the other hand, lipophilicity studies performed in the previous 

 

Figure 5.12. Confocal fluorescence microscopy images of HeLa cells showing the uptake of 90 and 91 (red) 

at 20 µM after 2, 4 and 24 h incubation. The nucleus is stained blue with Hoechst 33258. 

chapter revealed that complexes containing phen as ancillary ligands were more lipophilic 

than their TAP analogues and thus a lower intracellular concentration can be expected for 

complex 91 than for complex 90 resulting in a lower emission intensity inside the cells when 

treated with the TAP complex. In addition, luminescence intensity of TAP complexes can 

be quenched by reductant biomolecules such as the nucleobase guanine and the amino acid 

tryptophan through a photoelectron transfer process, as has been fully discussed in previous 

chapters.203,231 

Interestingly, partial nuclear localisation of complex 90 was observed after 24 h 

incubation. Confocal fluorescence microscopy images with a clearer visualisation of such 

nuclear uptake are shown in Figure 5.13. 
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Figure 5.13. Confocal fluorescence microscopy images of HeLa cells showing the nuclear uptake of 90 (red) 

at 20 µM after 24 h incubation. The nucleus is stained blue with Hoechst 33258. 

Overlap of the fluorescence from the nuclear stain Hoechst 33258 (blue) with the 

luminescence emanated from the Ru(II) complex (red) confirmed the nuclear uptake of 90 

in some cells. Furthermore, nuclear localisation was also seen in the bright field image where 

cells exhibited a darker appearance as a result of the high overload of 90 inside the cells. 

However, it must be noted that the cell morphology of the HeLa cells treated with 90 for 24 

h suggests that this complex is more toxic than its TAP analogue. Therefore, nuclear 

localisation could also be a sign of cell damage after long exposure to 90. 

Concerning the cellular uptake of the gold conjugates 90·AuNP and 91·AuNP, 

confocal fluorescence images in the same conditions as those employed for the 

corresponding free complexes are given in Figure 5.14. As was previously observed for 

complexes 90 and 91, an increase in cellular uptake over time was observed for both systems 

90·AuNP and 91·AuNP. After 2 to 4 h of incubation, both gold conjugates seemed to mainly 

localise in the cell membrane. However, brighter luminescent emission from 90·AuNP and 

91·AuNP appeared in the cytoplasm of the cells after 24 h incubation. Moreover, cellular 

internalisation of the gold systems was also observed in the bright field images with the 

appearance of the AuNPs as dense dark areas (Figure A5.5 of the Appendices). The effective 

cellular internalisation of the AuNPs conjugates was further confirmed by Z-stack studies as 

shown in Figure 5.15. An aqueous solution of fluorescein sodium salt (5 µM) was also added 

to the cells as it is a water-soluble fluorescent dye which is not taken up by live cells, and so 

makes the extracellular medium fluorescent. Thus, by fluorescent saturation of the 

extracellular medium, the contrast between the inside and the outside of the cells is 

maximised resulting in better definition of the outline of the cells. Both systems 90·AuNP 

and 91·AuNP were clearly localised in the cytoplasm of the cells around the nuclei as 

observed from the red emission from the ruthenium-based nanomaterials. Thus, these results 

gave further evidence of the successful internalisation of the gold conjugates 90·AuNP and 
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Figure 5.14. Confocal fluorescence microscopy images of HeLa cells showing the uptake of 90·AuNP and 

91·AuNP (red) at ca. 20 µM Ru(II) complex concentration after 2, 4 and 24 h incubation. The nucleus is 

stained blue with Hoechst 33258. 

91·AuNP in HeLa cells. Further experiments must be performed in order to elucidate the 

mechanism by which the free complexes 90 and 91, or the AuNP conjugates 90·AuNP and 

91·AuNP are taken up by the cells. In the particular case of the nanoparticles, the cellular 

uptake effectiveness and mechanism has shown to be dependent on the size, shape and 

surface charge of the nanomaterial.246,250,463 This may occur through receptor-mediated 

endocytosis as has been described in the literature for many other AuNP 

conjugates.246,250,271,463 Such an uptake mechanism can be supported by the punctate 

appearance of the gold systems 90·AuNP and 91·AuNP inside the cells. 

 

Figure 5.15. 3D confocal fluorescence microscopy images generated from Z-stack studies showing the 

cytoplasm effective internalisation of (a) 90·AuNP and (b) 91·AuNP (red) at ca. 20 µM Ru(II) complex 

concentration in HeLa cells after 24 h incubation. The nucleus is stained blue with Hoechst 33258. 
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Interestingly, cell morphology showed that the gold conjugate 90·AuNP was better 

tolerated by HeLa cells than its free complex counterpart 90 after 24 h incubation, suggesting 

a lower toxicity of this complex when bound to the gold surface. In the next section, the 

potential of the free complexes 90 and 91 to induce cell death will be investigated in both 

dark conditions and after light activation. Unfortunately, cytotoxicity studies on the gold 

conjugates 90·AuNP and 91·AuNP are still in progress and will not be discussed. 

5.6.2 Cellular Toxicity Studies of 90 and 91 

Having demonstrated that both 90 and 91 were successfully taken up by HeLa cells, their 

toxicity against the same cancer cell line was evaluated using the Alamar Blue cytotoxicity 

assay in the same way as described in previous chapters. Although 1O2 production has not 

still been quantified for these complexes, their ability to be light-activated was also 

investigated based on the potential of Ru(II) polypyridyl complexes to be used as PDT agents 

reported in the literature and the results presented in previous chapters with similar 

complexes.62,63,93 For this purpose, HeLa cells were treated with different concentrations of 

90 and 91 and incubated for 24 h at 37 °C before being exposed to 18 J cm−2 of light for 1 h 

using a Hg-Xe arc lamp equipped with a NaNO2 filter or kept in dark. Cells were then 

incubated for a further 24 h and treated then with the Alamar Blue reagent. After 4 h 

incubation, toxicity under both light and dark conditions was assessed. Toxicity profiles of 

90 and 91 under the previously mentioned conditions are shown in Figure 5.16 and the 

corresponding IC50 values can be found in Table 5.3. The reported values correspond to the 

average of triplicate treatments performed on three independent days. 

 

Figure 5.16. Toxicity profiles of (a) 90 and (b) 91 in HeLa cells. HeLa cells were treated with the indicated 

concentrations of the required complexes and incubated for 24 h followed by either exposure to light for 1 h 

or maintenance in the dark and followed by further 24 h incubation. Cells were then incubated with the Alamar 

Blue dye for 4 h and assessed for cellular viability. Note that a logarithmic scale is used for clarity. 
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Results revealed that both complexes displayed modest toxicity against HeLa cells 

in dark conditions. However, complex 90 was shown to be twice as toxic as 91 with IC50 

values of 19 µM and 38 µM, respectively. This is most likely due to a higher lipophilicity of 

90 when compared to its TAP analogue which results in larger intracellular concentration. 

The decrease of the lipophilicity of Ru(II) polypyridyl complexes when the ancillary phen 

ligands are replaced by TAP was discussed in the previous chapter for similar mononuclear 

versions of these complexes. In addition, complex 90 was shown to be significantly more 

photo-toxic than 91 displaying IC50 values of 1.77 µM and 17.1 µM, respectively, upon light 

irradiation and resulting in PI values of 11 and 2, respectively. An explanation for this 

behaviour could be that 1O2 generation by 90 is larger than by 91, which is in accordance 

with larger quantum yields of 1O2 production determined in air-saturated H2O for phen 

complexes when compared with their TAP analogues in the previous chapter. Further 

experiments must be carried out in order to discern the mechanism by which these complexes 

particularly 90 exhibit light-activated toxicity against HeLa cells. 

Table 5.3. IC50 values for the cytotoxicity of 90 and 91 in HeLa cells in the dark and exposed to light. 

Complex IC50 dark (µM)[a] IC50 light (µM)[a] PI[b] 

90 19 ± 2 1.77 ± 0.05 11 

91 38 ± 2 17.1 ± 0.8 2 

[a] IC50 values correspond to the mean ± SEM. 
[b] Phototoxic index (PI) is defined as the ratio of the IC50 value in the dark to the IC50 value upon light 

irradiation. 

These results highlighted once again the potential of Ru(II) polypyridyl complexes 

to be used as light-activated compounds and the importance of the ligands coordinated to the 

ruthenium centre when designing Ru(II)-based therapeutic agents. Furthermore, although 

the cytotoxicity of these complexes when bound to the surface of gold nanoparticles has not 

still been assessed, the morphology of the cells observed by confocal microscopy after 24 h 

incubation with the gold conjugate 90·AuNP pointed to a lower toxicity of this system when 

compared to its free complex analogue 90. Thus, it should be also taken into account the 

influence of the delivery of such complexes attached to nanomaterials into cells not only in 

their imaging applications but also in their cytotoxic potential. 

5.7 Conclusion and Future Perspectives 

This chapter presented the synthesis, photophysical characterisation and biological 

evaluation of novel dinuclear Ru(II) polypyridyl complexes, along with their subsequent 
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incorporation onto the surface of AuNPs with a view to explore their potential as cellular 

imaging and therapeutic agents. Two new alkyl disulphide functionalised dinuclear Ru(II) 

polypyridyl complexes containing either phen (90) or TAP (91) as ancillary ligands were 

successfully synthesised and characterised. An investigation of their photophysical 

properties, followed by the study of their potential to be used in biological applications, gave 

indications about their behaviour as free complexes prior to their attachment onto the surface 

of the gold nanomaterial. Both complexes 90 and 91 showed the distinctive absorption and 

emission properties associated with Ru(II) polypyridyl complexes that has made them 

attractive candidates to be explored as conjugates for AuNPs. Furthermore, their ability to 

be rapidly taken up by HeLa cells with mainly localisation in the cell cytoplasm was 

confirmed by confocal microscopy studies. Such quick cellular uptake is most likely due to 

a combination of their high positive charge, and the presence of relatively long alkyl chains, 

which again highlighted the important role that lipophilicity plays in the capability of a 

compound to cross the cell membrane. Additional cytotoxicity studies demonstrated that 

while both complexes were only moderately toxic when kept in the dark, their illumination 

with visible light resulted in an increase in toxicity, in particular for the phen derivative 90. 

Although the origin of such photoactivation has not yet been investigated for these particular 

complexes, based on previous observations along this thesis and the work reported in the 

literature, singlet oxygen production could be one of the major pathways by which these 

complexes become toxic after light activation.62,63,296 

Once the properties of 90 and 91 as free complexes were investigated, 

functionalisation of AuNPs (average diameter of ca. 2.5 nm) with these complexes was 

performed in order to obtain the corresponding Ru(II)-AuNP conjugates 90·AuNP and 

91·AuNP. Characterisation of the new nanomaterials by DLS measurement and TEM 

imaging provided information about the size and shape of the resulting gold conjugates. 

Interestingly, the system functionalised with the phen containing Ru(II) complex was 

observed to be more susceptible to aggregation than that with the TAP analogue and it is 

most likely due to the ability of the TAP ligand to form hydrogen bonds with protic solvents 

which would reduce the tendency of the gold conjugate 91·AuNP to aggregate.271 Successful 

functionalisation of the AuNPs with the Ru(II) complexes was further confirmed by the 

investigation of their photophysical properties. Both nanosystems showed absorption 

properties characteristic of both the AuNP SPR and the Ru(II) complex MLCT absorption 

bands. On the other hand, the emissive behaviour of the Ru(II)-AuNPs conjugates is due to 

the Ru(II) MLCT excited state, although a lower quantum yield was observed when 
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compared to the free complexes as a consequence of energy-transfer quenching of the Ru(II) 

luminescence by interaction with the gold surface.267,461 Despite their diminished 

luminescence, cellular uptake studies in HeLa cells were performed on both 90·AuNP and 

91·AuNP systems with a view to evaluating their potential applicability as cellular imaging 

agents as their conjugation to the gold platform was expected to deliver larger concentrations 

of Ru(II) complex into the cell. Indeed, 90·AuNP and 91·AuNP were found to be 

successfully internalised into HeLa cells with localisation in the cytoplasm. These results 

represent a contribution to the potential bioimaging applications of the nanomaterial 

resulting from the combination of Ru(II) polypyridyl complexes and AuNPs. 

Future work will focus on improving the emission properties of the Ru(II)-AuNP 

conjugates in order to produce highly luminescent nanoparticles that will be more suitable 

for imaging applications. Luminescence quenching by the surface plasmon of AuNPs can be 

controlled by varying the distance between the gold core and the luminophore, and also 

depends on the method employed to attach the luminescent molecule to the gold 

surface.266,269,270 For example, Pikramenou and co-workers have shown that the emission 

properties of different size Ru(II) polypyridyl functionalised AuNPs, precoated with a 

fluorinated surfactant, are distance-dependent and can be enhanced over their free 

counterparts.266,269 In addition, the DNA binding ability of 90·AuNP and 91·AuNP to be 

used as photoprobes of the genetic material will be investigated in line with the work 

described in previous chapters of this thesis and with similar systems developed recently in 

the Gunnlaugsson group.264,271 Furthermore, the therapeutic potential of these Ru(II)-AuNP 

conjugates will be explored with a view to be used in simultaneous photodynamic and 

photothermal therapy taking advantage of the properties displayed by both the Ru(II) centre 

(PDT) and the gold nanocore (PTT) which may contribute to the design of new 

nanomaterials with applications on light activated therapies. 
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Conclusions 

In this work, a series of systems based on Ru(II) polypyridyl complexes have been 

synthesised and studied for use in biological applications. In particular, the versatility of 

these types of complexes has been extensively demonstrated in the four results chapters that 

compose this thesis, where they have been employed as DNA photoprobes, cellular imaging 

agents and photosensitisers in photodynamic therapy. The biological potential of Ru(II) 

polypyridyl complexes lies in their attractive photophysical and chemical properties that can 

be modulated by the nature of the ligands coordinated to the Ru(II) centre.2,62,63,93 Therefore, 

an understanding of the effects that different ligands have on the properties of the resulting 

complexes has been essential for the rational design of compounds with a particular 

biological application. For example, the strength and the binding mode by which the 

complexes interact with DNA can be modified by selecting the appropriate ligand 

coordinated to the Ru(II) centre. Thus, in addition to an electrostatic interaction between the 

negatively charged DNA phosphate bone and the positively charged Ru(II) complex, the 

incorporation of extended aromatic ligands such as the well-known dppz, has been proved 

to confer the resulting complex with an intercalative binding mode.140 This is the case of 

complexes 63 and 64 discussed in Chapter 2, which contain the dppz derivative ligand dtp 

and either phen and TAP as ancillary ligands. Different techniques, including UV-vis 

absorption and emission spectroscopy, DNA thermal denaturation, circular dichroism and 

viscosity measurements showed that both complexes displayed high affinities for DNA with 

Kb values of ca. 107 and 106 M−1 at low and high ionic strength, respectively. Viscosity 

studies confirmed that the interaction between the DNA double helix and 63 and 64 occurred 

by intercalation of the extended aromatic ligand between the DNA base pairs. 

The nature of the ancillary ligands coordinated to the Ru(II) centre also plays an 

important role in the photophysical properties of complexes containing dppz derivatives. 

For example, complex 63, containing phen ancillary ligands, showed no emission in aqueous 

solution while complex 64, in which the phen ligands were replaced by TAP, was highly 

emissive in aqueous solution. This behaviour could be explained by the existence of different 

excited states in 63 and 64, in the same way that occurs for the extensively studied dppz 

analogues 29 and 30.137-139 Moreover, as is the case for 29,165 complex 63 showed the well-

known “light-switch effect” upon binding to DNA wherein recovery of its luminescence was 

observed. However, similarly to 30,166 a quenching of the luminescence was observed for 64 

in the presence of DNA-containing guanine due to a photoinduced-electron transfer from the 

nucleobase to the excited state of the complex. 
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The different photophysical properties displayed by both phen and TAP complexes 

63 and 64, respectively, also had an effect on the ability of the complexes to produce singlet 

oxygen, a reactive oxygen species which is known to be involved in the PDT activity of 

photosensitisers.9,62,63 Complex 63 was shown to produce no 1O2 in air-saturated aqueous 

solution as a consequence of its short luminescence lifetime in that solvent. In contrast, 

complex 64 displayed a quantum yield of singlet oxygen generation of 0.19 in the same 

conditions. Neither 63 nor 64 were found to produce significant amounts of 1O2 in the 

presence of DNA, most likely due to their strong DNA binding that protected them from 

interacting with molecular oxygen. These results highlighted the importance of the cellular 

localisation of compounds in the exercise of their PDT activity. In this context, despite both 

complexes being able to be internalised by HeLa cells and localising in the cytoplasm, only 

64 showed an increase in its toxicity after being illuminated with visible light (PI value of 

16), as expected from its ability to produce 1O2. Therefore, while 63 could be used for DNA 

and cellular imaging, complex 64 showed potential to be used as a PDT agent, demonstrating 

the important role that the ancillary ligands coordinated to the Ru(II) centre play in their 

biological activity. 

In addition, the use of TAP as ancillary ligands has also been shown to have 

consequences in the DNA binding mode of Ru(II) polypyridyl complexes.202,203 The π-

deficient character of this ligand confers a high photooxidation power to the excited state of 

the Ru(II) complex, which provides the complex with the ability to covalently bind to 

reducing biomolecules such as the DNA base guanine.202,203 Thus, when π-deficient Ru(II) 

polyazaaromatic complexes such as 38 are illuminated in the presence of guanine-containing 

molecules like GMP in the appropriate conditions, a photoreaction between both moieties 

can take place, resulting in the formation of a covalent photoadduct.202,203 The ability of these 

complexes to bind covalently to DNA can be exploited as a therapeutic tool to induce 

photocontrolled DNA damage by irreversible crosslinking of the two strands of the genetic 

material. However, the photoadduct 43, formed by addition of one molecule of GMP to 38, 

is not emissive and as such, its ability to react with a second molecule of GMP and be 

involved in DNA photocrosslinkings is intriguing. The mechanism by which 43 can 

incorporate a second GMP unit under further illumination only at pH 5–6, despite its non-

emissive character, was the research topic of Chapter 3. An extensive spectroscopic study 

on both the ground and excited states of the mono-phototoadduct at different pH values lead 

to the proposal of a plausible photophysical mechanism based on the existence of different 

ground and excited states depending on the solution pH. While experiments carried out on 
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the ground state of 43 showed that the protonation state the photoadduct is different at pH 5 

and 8, transient spectroscopic studies suggested the formation of different excited states at 

those pH values as the origin of the pH-dependent photoreactivity of 43. Thus, reactive 

MLCT excited states that lead to the formation of a long-lived species with a lifetime of 

hundreds of nanoseconds would be produced at pH 5, while unreactive LLCT/ILCT excited 

states that decay to the ground state after hundreds of picoseconds would be formed at pH 

8. Therefore, the work presented in Chapter 3 contributes to the understanding of the 

photoreactivity of π-deficient Ru(II) polyazaaromatic complexes towards DNA and 

highlights the importance of the conditions for such covalent binding to occur. 

Another advantage of Ru(II) polypyridyl complexes is that the ligands coordinated 

to the Ru(II) centre are easy to modify and as such, it is possible to build more complex 

systems from simple structures. In Chapter 4, the incorporation of a ligand containing a 

hydrophobic tail (twenty one carbon alkyl chain) to the hydrophilic Ru(II) centre was shown 

to induce self-assembly of the resulting complexes 80 and 83 (phen and TAP as ancillary 

ligands, respectively) into micellar structures with sizes of ca. 10.5 nm. In addition, a 

concentration effect on the luminescence lifetimes of complexes 80 and 83 was observed 

due to their surfactant behaviour. Furthermore, the variation of the length of the alkyl chain 

was found to have an effect not only on the emission properties and the ability to produce 

1O2 of the resulting complexes, but also on the DNA binding affinity. Thus, while complexes 

78 and 81 (phen and TAP as ancillary ligands, respectively), containing only a methyl 

group, interacted with the DNA helical structure through a combination of an electrostatic 

attraction and partial intercalation of the ancillary ligands, complexes 79 and 82 (phen and 

TAP as ancillary ligands, respectively), with ten carbon alkyl chains, displayed an additional 

hydrophobic interaction due to their hydrophobic tails. 

An important consequence from the addition of alkyl chains to the ligands 

coordinated to the Ru(II) centre was an enhancement of the lipophilicity of the complexes 

which affected their cellular uptake and localisation within the cells. Specifically, complexes 

79, 80, 82 and 83, containing long alkyl chains, were shown to be rapidly taken up by HeLa 

cells, with preliminary localisation in the cell membrane. Furthermore, the phototoxic 

potential of the complexes was shown to be alkyl chain length-dependent, with complex 80, 

containing the longest alkyl chain and phen as ancillary ligands, displaying the highest 

phototoxicity (PI value of 27). This is most likely due to a combination of an increase in the 

intracellular concentration as a result of enhanced lipophilicity (dark toxicity), as well as the 

complex’s ability to produce 1O2 or other ROS (light toxicity). Thus, by combining these 
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features complex 80 was found to be the most promising PDT agent. This work highlights 

the importance of considering additional properties to the photophysics of the Ru(II) 

complexes, with the lipophilicity that the incorporation of hydrophobic chains confers to the 

resulting complexes observed here clearly playing an important role in the capacity of the 

Ru(II) polypyridyl complexes to be taken up into a cellular environment. 

Modification of the ligands coordinated to the Ru(II) centre also offers the possibility 

of functionalising Ru(II) complexes with other entities with a view to combining the 

advantageous properties of both moieties. For example, the systems resulting from the 

attachment of Ru(II) polypyridyl complexes onto the surface of AuNPs (average diameter 

of ca. 2.5 nm) were investigated in Chapter 5. Disappointingly, the incorporation of the 

Ru(II) moieties onto the gold nanomaterial was found to have a negative effect on the 

emission properties of the resulting systems 90·AuNP and 91·AuNP (phen and TAP as 

ancillary ligands, respectively), with these conjugates displaying lower quantum yields than 

those determined for the free complexes 90 and 91. This behaviour was explained by energy-

transfer quenching of the Ru(II) luminescence by interaction with the gold surface. 

Nevertheless, despite their diminished luminescence, 90·AuNP and 91·AuNP were found 

to exhibit successful internalisation within HeLa cells, and were found to localise in the 

cytoplasm. Therefore, these studies showed that AuNPs are suitable platforms for the 

delivery of larger concentrations of Ru(II) complex into the cell than would be achieved with 

direct treatment with free Ru(II) complexes. 

In conclusion, the work presented in this thesis provides a powerful demonstration 

of the potential Ru(II) polypyridyl complexes have for use in biological applications as well 

as further insight into the key parameters that control their therapeutic activity. It was shown 

that exercising special care over the design of the ligands coordinated to the Ru(II) centre 

can allow for careful control over the photophysical and photochemical properties, DNA 

binding (non-covalent and covalent binding modes), and lipophilicity of the Ru(II) 

polypyridyl complexes. Thus, the work described herein shows the potential for designing 

Ru(II) polypyridyl complexes for targeted use in specific biological or therapeutic 

applications simply by selecting appropriate coordination ligands with suitable physical or 

chemical features.
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7.1 General Experimental Apparatus and Techniques 

Nuclear Magnetic Resonance (NMR) Spectroscopy: All NMR spectra were recorded 

using either a 400 MHz Bruker Avance III 400 NMR spectrometer operating at 400 MHz 

for 1H NMR, 101 MHz for 13C NMR and 162 MHz for 31P NMR, a 600 MHz Bruker Avance 

II 600 NMR spectrometer operating at 600 MHz for 1H NMR and 151 MHz for 13C NMR, 

or a 800 MHz Agilent Technologies DD2 NMR spectrometer equipped with a 5 mm triple 

resonance ColdProbe and operating at 800 MHz for 1H NMR and 201 MHz for 13C NMR. 

Chemical shifts (δ) were referenced relative to the internal solvent signals. All NMR spectra 

were carried out at 25.0 °C except for those performed at 800 MHz where temperature values 

of 20.0 °C or 5.0 °C were employed depending on the experiment. 

Mass Spectrometry: Electrospray ionisation (ESI) mass spectra were recorded on a 

Micromass LCT spectrometer or a MALDI QToF Premier, running Mass Lynx NT V 3.4 on 

a Waters 600 controller connected to a 996 photodiode array detector using HPLC-grade 

solvents. High resolution (HR) mass spectra were determined by a peak matching method, 

using leucine enkephaline (Tyr-Gly-Gly-Phe-Leu) as the standard reference (m/z = 

556.2771). All accurate mass values were reported within ±5 ppm. 

Infrared Spectroscopy: Infrared spectra were recorded on a Perkin Elmer Spectrum One 

FT-IR spectrometer fitted with a Universal ATR Sampling Accessory for solid samples. 

Solution samples were loaded into a demountable solution IR cell (Harrick Scientific 

Products Inc., New York) fitted with 25 mm diameter CaF2 windows (Crystran Ltd, UK), 

separated by Teflon spacers of 150 μm path length and recorded in a N2 flushed 

Transmission Accessory. Sample preparation was carried out in a glove bag filled with N2 

to avoid moisture. Each spectrum is the average of 256 scans and a fresh background of the 

solvent was recorded prior to each sample. The baseline was subtracted from the FTIR 

spectra to allow clear visualisation of the bands of the molecules under investigation. 

Melting Points: Melting points were determined using an IA9000 digital melting point 

apparatus. 

Elemental Analysis: Elemental analyses were either conducted at the Microanalytical 

Laboratory, School of Chemistry, University College Dublin (UCD) or Department of 

Chemistry, Maynooth University. 
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Microwave Reactions: Reactions in which microwave irradiation was used were carried out 

using a Biotage® Initiator microwave synthesizer. 

X-ray crystallography: X-ray diffraction data were collected on a Bruker APEX 2 DUO 

CCD diffractometer using graphite-mono-chromatized Mo-Kα (0.71073 Å). Crystals were 

mounted in a cryoloop/MiTeGen micromount and collected at (100 ± 2) K using an Oxford 

Cryosystems Cobra low temperature device. Data were collected using omega and phi scans 

and were corrected for Lorentz and polarization effects. Structures were solved with 

SHELXS-2014 and further refined with SHELXL-2014.464 

Dynamic Light Scattering (DLS): DLS measurements were performed at 298 K with a 

Malvern Instruments Zetasizer Nano ZS provided with a 633 nm He-Ne laser (4 mW) as the 

light source. Prior to each measurement, fresh aqueous solutions containing the appropriate 

Ru(II) complex-based surfactant were prepared and left to equilibrate for 16 h before being 

passed through a syringe filter (0.45 μm pore size, hydrophilic polyethersulfone membrane, 

PALL Acrodisc®). In the case of the AuNP, the appropriate Ru(II) polypyridyl 

functionalised AuNP sample (ASPR ≈ 0.03) was centrifuged for 60 min at 3900 rpm before 

each measurement to break up any possible aggregates. 

Transmission Electron Microscopy (TEM): TEM analysis were conducted in the CRANN 

- Advanced Microscopy Laboratory (AML) at Trinity College Dublin using a Jeol 2100 

transmission electron microscope operating at 200 kV. Samples were prepared by adsorbing 

a drop of the appropriate Ru(II) polypyridyl functionalised AuNP solution (250 µM) onto a 

200-mesh formvar film stabilised with carbon copper grid, with the excess solution being 

wicked off using filter paper after 10 min of adsorption time. 

Surface Tension Measurements: Surface tension was measured with a Kibron Inc. EZ-PI 

Plus Surface Tensiometer for automatic measurement of surface and interfacial tension 

provided with a 0.5 mm diameter metallic rod (Kibron DyneProbe) and a polypropene 

sample cup. Individual aqueous solutions (3 mL) at different surfactant concentrations were 

prepared and left equilibrated for 16 h before surface tension was measured at 20 °C. 

Partition Coefficients (log P): Partition coefficients were determined by using the "shake-

flask" method.423 The appropriate ruthenium complex was dissolved in 1 mL of water (pre-

saturated with 1-octanol) and the concentration was determined by UV-vis absorption 

spectroscopy. An equivalent volume of 1-octanol (pre-saturated with water) was added and 
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both phases were shaken for 1 h. The mixture was centrifuge for 1 h at 3000 rpm in order to 

separate the phases and then equilibrated for a further 16 h. The concentration of the complex 

in the aqueous phase was determined by UV-vis absorption spectroscopy. The log P values 

were calculated according to equation (7.1): 

𝑙𝑜𝑔 𝑃 = 𝑙𝑜𝑔 (
𝑐𝑡−𝑐𝑤𝑎𝑡𝑒𝑟

𝑐𝑤𝑎𝑡𝑒𝑟
)                                            (7.1) 

Where ct is the total concentration of complex in the aqueous phase before adding 1-

octanol and cwater is the concentration of complex in the aqueous phase after adding 1-octanol 

and shaking. 

High-performance Liquid Chromatography (HPLC): Monitoring of photoreactions and 

purification of photoadducts were performed on a Varian 920-LC analytical high-

performance liquid chromatograph provided with a quaternary gradient solvent delivery 

system, autosampler, UV-vis detector (deuterium and quartz halogen as the light source for 

UV and visible, respectively) and column heater. Phenomenex C18 columns were used 

(Jupiter® 5 µm C18 300 Å, LC Column 250 × 4.6/10.0 mm for analytical and semi-

preparative HPLC, respectively). The system was controlled by Varian Galaxie™ 

Chromatography Software. 

7.2 Photophysical and Photochemical Characterisation 

UV-vis Absorption Spectroscopy: UV-vis absorption spectra were recorded in an optical 

path 0.5 or 1 cm quartz cuvette (0.5 and 3 mL, respectively) on a Varian CARY 50 

spectrophotometer with a wavelength range of 200–900 nm and a scan rate of 600 nm min−1. 

Baseline correction measurements were used for all spectra. 

Molar Absorption Coefficients: Molar absorption coefficients were determined by 

measuring the absorption spectra of the corresponding ruthenium complex at different 

concentrations. The appropriate absorption maxima (typically π-π* IL and MLCT 

transitions) were plotted versus concentration of complex and absorption coefficients were 

calculated from the slope of the best linear regression according to the Bouguer-Lambert-

Beer law (equation (7.2)): 

𝐴(𝜆) = 𝑙𝑜𝑔
𝐼0

𝐼
= 𝜀(𝜆) × 𝑐 × 𝑙                                          (7.2) 
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Where A is the absorbance, I0 is the intensity of light passing through the reference 

cell, I is the intensity of light passing through the sample cell, ε is the molar absorption 

coefficient (M−1 cm−1), c is the concentration (M) and l is the path length (cm). 

Luminescence Spectroscopy: Luminescence measurements were performed in an optical 

path 0.5 or 1 cm quartz cuvette (0.5 and 3 mL, respectively) on a Varian Carey Eclipse 

Fluorimeter. Emission and excitation spectra were obtained with 10 nm excitation and 10 nm 

emission slit widths. 

Luminescence Quantum Yields: Luminescence quantum yields were calculated from the 

average of three measurements relative to the reference value of [Ru(bpy)3]Cl2 (0.028 in air-

saturated aqueous solution)308 with the same absorbance at the wavelength of excitation 

(436 nm) of both samples based on the equation (7.3): 

Φ𝑒𝑚
𝑖 =

𝐹𝑖𝐴𝑟𝑒𝑓𝜂𝑖
2

𝐹𝑟𝑒𝑓𝐴𝑖𝜂𝑟𝑒𝑓
2 × Φ𝑒𝑚

𝑟𝑒𝑓
                                              (7.3) 

Where i and ref refer to the sample and reference, respectively, Φem is the quantum 

yield of emission, F is the integrated intensities of the luminescence spectra, A is the 

absorbance at the wavelength of excitation for luminescence measurements and η is the 

refractive index of the solvent. 

Time-resolved Luminescence: Luminescence lifetimes were measured by single-photon 

timing (SPT) either on a Horiba Fluoromax-4TC-SPC (UCM Optical Chemosensors & 

Applied Photochemistry Group) or a Fluorolog FL 3-22 equipped with a FluoroHub v2.0 

single-photon timing module using a sub-ns 405 nm pulsed diode laser (Horiba N-405L) or 

a 458 nm pulsed nanosecond light-emitting diode (Horiba N-460) as excitation source, 

respectively. The emission lifetimes were the average values obtained from a minimum of 

three replicate decay measurements with 10,000 counts at the peak channel. The decays were 

analysed using the Horiba DAS6 software, and the data were fitted to a sum of the minimum 

number of exponentials (n, equation (7.4)), employing a proprietary grid-search error 

minimization algorithm, 

𝐼𝑒𝑚(𝑡) = ∑ 𝑎𝑖𝑒𝑥𝑝 (−
𝑡

𝜏𝑖
)𝑛

𝑖=1                                           (7.4) 
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Where Iem(t) is the luminescence intensity at time t, ai is the ith pre-exponential factor 

and τi is the ith emission lifetime.  

For multi-exponential decays, the contribution of each component to the initial 

emission intensity (% Ai) was calculated according to equation (7.5): 

%𝐴𝑖 = [
𝑎𝑖

∑ 𝑎𝑖
𝑛
𝑖=1

] × 100                                                (7.5) 

The pre-exponential weighted mean lifetime, τM is given by equation (4.2):329 

𝜏𝑀 = ∑
𝑎𝑖

∑ 𝑎𝑖
𝑛
𝑖=1

𝑛
𝑖=1 𝜏𝑖                                                  (4.2) 

The goodness-of-the-fit was assessed by the chi-squared value (always better than 

1.1) as well as the symmetric distribution of the weighted residuals about the zero axis. 

Luminescence lifetimes of surfactant complexes at different concentrations were 

measured at the UCM Optical Chemosensors & Applied Photochemistry Group (GSOLFA) 

of Universidad Complutense de Madrid (UCM) by SPT on an Edinburgh Instruments (UK) 

FLS980-xD2-T photoluminescence spectrometer equipped with the 405 nm laser diode 

source mentioned above and a 1200 groves mm−1 500 nm-blazed double monochromator in 

the emission channel. A 405 nm narrow bandpass interference filter was used to polish the 

laser diode violet emission. Luminescence from the dye solutions was detected at the 

wavelength of the emission maximum of each Ru(II) complex with a red-sensitive 

photomultiplier tube (Hamamatsu R928P), thermoelectrically cooled at −21 °C. The 

emission lifetimes were extracted from the exponential raw decay data (1024 channels) by 

using the manufacturer FAST Advanced Analysis software package based on proprietary 

data processing algorithms for multi-exponential decay analysis. 

Singlet Oxygen (1O2) Luminescence Measurements: Quantum yields of singlet oxygen 

production were measured at the UCM Optical Chemosensors & Applied Photochemistry 

Group (GSOLFA) of Universidad Complutense de Madrid (UCM) using an Edinburgh 

Instruments (UK) LP-900 laser kinetic spectrometer system equipped with a frequency-

doubled Nd:YAG laser (Minilite II, Continuum, CA) for excitation at 532 nm, and a 

Hamamatsu H10330-45 NIR PMT module for the singlet oxygen emission monitoring at 

1265 nm (Bentham TM300 monochromator with 600 grooves mm−1 NIR grating). The PMT 

is fitted with a 10 K resistor at the signal output for proper amplification of the signal. A 

pyroelectric Gentec QE12LP-S-MB energy meter was employed to monitor the energy of 
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the laser pulse, which was varied from 100 to 1000 J pulse−1 to avoid partial saturation of 

the 1O2 emission signal and keep it in the linear region. 

Absorbance-matched (A532 ≈ 0.40) solutions of the ruthenium complex and the 

reference photosensitiser [Ru(phen)3]Cl2 ( = 0.39  0.03 in O2-saturated D2O at room 

temperature)327 were prepared in D2O. The solutions were then saturated by sparging with 

O2 from a cylinder (Extrapure oxygen 4X, Praxair) for a minimum of 30 min. The NIR 

emission from the sample was monitored at a 90° angle with respect to the excitation 

pathway and detected with the NIR PMT after passing through an interference filter centered 

at 1265 nm (77-nm FWMH, Roithner-laser, AT). Typically, 60 laser shots were averaged 

for each signal to improve the s/n ratio. 

For the samples where the singlet oxygen production was measured in the presence 

of stDNA (25 eq. base pairs), the native genetic material was dissolved in D2O and sheared 

with ultrasounds (SONICS Vibra-cell VCX130, 75% power, 20 min in 30 s intervals on ice) 

to obtain fragments of ca. 200 base pairs. Then it was extensively dialysed against D2O 

(Spectra/Por® 3 RC dialysis tubing). Due to the poor singlet oxygen production by the 

sample complexes in the presence of DNA, the slits were opened enough to detect the singlet 

oxygen emission and a metal mesh optical attenuator (1.52% transmittance at 1265 nm) was 

used when the reference was measured to avoid saturation of the NIR PMT detector keeping 

the same slits width as the samples. 

The 1O2 luminescence decay profiles were fitted to a single exponential function after 

excluding the fast (sub-µs) decay due to the residual Ru(II) sensitiser emission even under 

O2 saturation of the solution. The quality of the D2O solvent used was checked by measuring 

the 1O2 luminescence lifetime of the sensitiser solutions (ca. 65 s).327,465 After extrapolating 

the intensities of the 1O2 signal at zero time within each exponential decay curve, the 

intercept values were plotted as a function of the laser energy. The slope values (m) obtained 

from the linear regression plots of the sample and reference sensitiser dyes were used to 

calculate the quantum yields of singlet oxygen production () for the different Ru(II) 

complexes in O2-saturated D2O according to equation (2.5): 

ΦΔ,𝐷2𝑂,𝑂2

𝑐𝑜𝑚𝑝𝑙𝑒𝑥 = ΦΔ,𝐷2𝑂,𝑂2

𝑟𝑒𝑓 𝑚𝑐𝑜𝑚𝑝𝑙𝑒𝑥

𝑚𝑟𝑒𝑓
                                           (2.5) 

From the experimental data obtained in D2O it was possible to calculate the  values 

in air-equilibrated H2O taking into account equations (2.6) and (2.7):326 
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𝑃𝑂2

𝑇 = 𝜏𝑘𝑞[𝑂2] = 1 −
𝜏

𝜏0
                                               (2.6) 

ΦΔ = Φ𝑇𝑃𝑂2

𝑇 𝑓Δ
𝑇                                                      (2.7) 

Where 𝑃𝑂2

𝑇  is the proportion of triplet excited states quenched by O2, kq is the O2 

quenching rate constant, τ and τ0 are the emission lifetimes in the presence and in the absence 

of O2, respectively, T is the quantum yield of triplet excited-state formation (intersystem 

crossing), and 𝑓Δ
𝑇 is the fraction of excited triplet states quenched by O2 yielding 1O2. 

Knowing that T is considered to be equal to 1 for these types of complexes,326 and 

assuming that 𝑓Δ
𝑇 is the same in O2-saturated D2O and air-saturated H2O,  values in air-

equilibrated H2O were calculated according to equation (2.8): 

ΦΔ,𝐻2𝑂,𝑎𝑖𝑟
𝑐𝑜𝑚𝑝𝑙𝑒𝑥 = ΦΔ,𝐷2𝑂,𝑂2

𝑐𝑜𝑚𝑝𝑙𝑒𝑥 (1 −
𝜏𝐻2𝑂,𝑎𝑖𝑟

𝜏𝐻2𝑂,𝐴𝑟
) / (1 −

𝜏𝐷2𝑂,𝑂2

𝜏𝐷2𝑂,𝐴𝑟
)                        (2.8) 

Indirect Detection of Singlet Oxygen (1O2): Quantum yields of singlet oxygen production 

were also evaluated using the water soluble 1O2 trap 9,10-anthracenediyl-

bis(methylene)dimalonic acid (ABDA).424 Aqueous solutions containing the ruthenium 

complex photosensitiser (A470 ≈ 0.01) and ABDA (2 µM, stock solution in 10 mM sodium 

phosphate-buffered aqueous solution) were irradiated in a 1 × 1 cm quartz cuvette under 

continuous stirring using a 470 nm pE-2 fluorescence LED (100% intensity) as the 

illumination source. The disappearance of the emission band of ABDA at 405 nm (λexc = 

380 nm) was monitored at different irradiation times. The complex [Ru(bpy)3]Cl2 ( = 0.18 

in air-equilibrated H2O at room temperature) was used as the reference.425 The emission 

intensity of ABDA was plotted as a function of the irradiation time and the slope values (m) 

obtained from the linear regression plots of the sample and reference sensitiser complexes 

were used to calculate  of the different Ru(II) complexes in air-saturated H2O according 

to equation (2.5). 

Transient Experimental Apparatus and Techniques: ps-TrA and ps-TRIR measurements 

were performed on the ULTRA apparatus at the Central Laser Facility (STFC Rutherford 

Appleton Laboratories, Harwell, UK), which is described in detail elsewhere.466,467 Briefly, 

the TRIR spectrometer comprises of a 10 kHz repetition rate titanium sapphire amplifier 

(Thales), producing 0.8 mJ output with 40 fs pulse duration, at 800 nm. Optical parametric 

amplifiers (Light Conversion, TOPAS) and second harmonic generation of the 800 nm 

created the mid-infrared radiation and 373 nm femtosecond pump pulses used in these 
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experiments. The polarization of the pump pulses at the sample were at the magic angle 

relative to the probe, with an energy of 1 µJ. The IR probe beam was split to form reference 

and signal beams which were passed through spectrographs onto MCT array detectors (IR 

Associates). The 400 nm pump beam was mechanically chopped down to 5 kHz, focused 

(~100 µm spot sizes) and overlapped with the probe beam (~80 µm spot size) in the sample 

cell. High speed data acquisition systems (Quantum Detectors) allowed 10 kHz acquisition 

and processing of the probe and reference pulses to generate a pump-on pump-off infrared 

absorption difference signal. For the ps-TrA measurements, part of the titanium sapphire 

laser output beam was used to generate a white light continuum (WLC) in a CaF2 plate. The 

WLC was dispersed through the grating monochromator and detected using a linear silicon 

array (Quantum Detectors). In front of the monochromator, a 400 nm notch filter was placed 

in order to remove scatter from the excitation beam. The polarization of the pump pulses at 

the sample was at the magic angle relative to the probe, with an energy of 1 µJ and a spot 

size ca. 100–150 µm. 

The ns-TRIR experiments were carried out on the LIFEtime apparatus.468,469 This 

uses an 100 kHz dual amplifier ytterbium potassium gadolinium tungstate (Yb:KGW) laser 

in place of titanium sapphire laser used in ULTRA and also employs two OPAs to generate 

the probe beams.  The pump beam energy at 400 nm was set at 800 nJ. As before, signals 

from the sample and reference beams were detected on MCT detectors. 

Photoadduct samples were prepared in the appropriate potassium phosphate-buffered 

aqueous solution and dropped (ca. 40 µL) in a demountable liquid cell (Harrick Scientific 

Products Inc., New York) between two 25 mm diameter CaF2 plates (Crystran Ltd, UK) 

separated by a PTFE spacer (typically 100 µm). During experiments the samples were raster 

scanned in the x and y directions to minimise photo-damage and re-excitation effects. UV-

vis absorption spectra of each sample were recorded before and after each experiment to 

ensure no degradation of the complexes during the course of the measurements. 

Data were processed on the in-house Ultraview software provided by the STFC. TrA 

spectra were calibrated from pixel to wavelength using five band-pass filters, while TRIR 

spectra were calibrated from pixel to wavenumber using the characteristic polystyrene 

absorption lines. Single wavelength/wavenumber data were fitted to mono-exponential or 

bi-exponential growth/decay functions using OriginPro 8.5 software, which uses the 

Levenberg-Marquardt algorithm. 



Chapter 7 – Experimental 

225 

 

Photochemical Reactions: Photoreactions were performed in a LightBATH-405 advanced 

laser photoreactor manufactured by the UCM Optical Chemosensors & Applied 

Photochemistry Group (GSOLFA) of Universidad Complutense de Madrid (UCM). The 

device is equipped with eight 405-nm diode lasers as the excitation source, with each having 

an average radiant power of (33 ± 4) mW, inserted into an aluminium block and powered by 

a 3 VDC power supply. The solution (25 mL) containing the photoactive compound to be 

irradiated was placed in the optical glass bottle reactor, tightly closed with a rubber septum, 

and placed in the tailored pit between the illumination sources. An aluminium lid fitted with 

a central hole was employed in order to allow argon sparging (to remove the dissolved 

oxygen) and also for the removal of sample for spectroscopic monitoring of the 

photochemical reaction progress. 

7.3 DNA Binding Studies Techniques 

UV-vis Absorption and Emission DNA Titrations: UV-vis absorption and emission 

titrations were carried out on samples of the dye at (1 ± 0.5) × 10−5 M at 298 K by monitoring 

changes in the absorption and emission spectra of the complexes in 10 mM sodium 

phosphate buffer (pH 7.4) upon successive additions of aliquots of stDNA. The results are 

quoted using the concentration of stDNA expressed as a nucleotide phosphate to dye ratio 

(P/D ratio). 

Binding constants (Kb) and binding size (n) were determined using equation (2.3) 

obtained from a reorganisation of the original Bard et al. equation.310 Kb values represent the 

mean ± S.E.M. of three independent experiments. 

𝜀𝑎 =
𝑏−(𝑏2−2𝐾𝑏

2𝐶𝑡[𝐷𝑁𝐴]/𝑛)1/2

2𝐾𝑏𝐶𝑡
× (𝜀𝑏 − 𝜀𝑓) + 𝜀𝑓                               (2.3) 

𝑏 = 1 + 𝐾𝑏𝐶𝑡 + 𝐾𝑏[𝐷𝑁𝐴]/2𝑛 

Circular Dichroism (CD) Spectroscopy: CD spectra were recorded on a Jasco J-810-150S 

CD spectropolarimeter in a quartz cuvette with optical path lengths of 1 cm. A concentration 

corresponding to an optical density of approximately 1.0 for the DNA absorbance (150 µM) 

at 260 nm, in buffered solutions, was used. CD measurements were acquired between 600–

200 nm at a data pitch of 1 nm, scanning speed of 200 nm min−1, a response of 1 s, bandwidth 

of 1 nm, and averaging over three scans. When appropriated, Δε values were calculated 

according to equation (7.6): 
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Δ𝜀 =
𝑚𝜃

32980×𝑐×𝑙
                                                   (7.6) 

Where mθ is the ellipticity (mdeg), c is the concentration (M) and l is the path length 

(cm). 

Thermal Denaturation: Thermal denaturation experiments were performed on a 

thermoelectrically coupled Perkin Elmer LAMBDA 25 UV/Vis Spectrophotometer. 

Buffered solutions containing 150 µM concentration of stDNA (optical density of 

approximately 1.0 for the DNA absorbance at 260 nm) were used. The temperature in the 

cell was ramped from 30 to 90 °C, at a rate of 1 °C min−1 and the absorbance at 260 nm was 

measured every 0.2 °C. The melting temperature value was obtained from the maximum of 

the first derivative of the absorbance (dA/dT). 

Viscosity: Viscosity was measured with a Cannon-Manning semimicro viscometer at 298 

K. Constant stDNA concentration of 1.2 mM and a total sample volume of 1 mL were used. 

DNA was sheared with ultrasounds (Jencons Ultrasonic Processor, 100% power, 20 min in 

30 s intervals on ice) to obtain fragments of ca. 200 base pairs. Ruthenium/nuclear phosphate 

concentration ratios (D/P) ranging from 0.02 to 0.25 were measured. Viscosity (η) was 

calculated as sample flow time minus buffer flow time and (η/η0)
1/3 values (where η0 is the 

viscosity of stDNA alone) were plotted against D/P.470 

7.4 General Biological Procedures 

Cell Culture: HeLa cells were grown in a cell culture flask using Dulbecco’s Modified 

Eagle Medium supplemented with 10% fetal bovine serum, 1% penicillin/streptomycin and 

0.2% plasmocin at 37 °C in a humidified atmosphere of 5% CO2. 

Confocal Microscopy: Confocal microscopy experiments were carried out using HeLa cells 

seeded at a density of 5 × 104 cells/mL and treated as indicated. Cells were then washed 

twice with fresh medium and stained blue with Hoechst 33258 (10 µg/mL) when appropriate 

before being imaged by live microscopy using either an Olympus FV1000 point scanning 

microscope with a 60x oil immersion lens with an NA (numerical aperture) of 1.42, or a 

Leica SP8 gated STED confocal microscope with a 40x oil immersion lens with an NA 

(numerical aperture) of 1.30. A 405 nm diode laser was used to excite both Hoechst and the 

appropriate ruthenium complex and emission was measured at 415–505 nm and 610–
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715 nm, respectively. The software used to collect images were FluoView Version 7.1 

software or Leica Application Suite X (LAS X), respectively. 

For the experiments where the intracellular ROS generation was evaluated, HeLa 

cells were incubated with the appropriate ruthenium complex at 37 °C for 30 min before the 

ROS indicator 2,7-dichlorofluorescein diacetate (DCFH-DA) was added. After a further 30 

min incubation, cells were washed twice with fresh medium and irradiated using a 405 nm 

diode laser (1.6% intensity) attached to a Leica SP8 scanning confocal microscope. Images 

were taken every 1.3 s over a 3 min period time. A 498 nm white light laser (4.5% intensity) 

was used to excite the DCFH-DA and emission was measured at 510–570 nm. 

Viability Assays: Viability assays were undertaken by seeding of 2.5 × 103 cells/mL in a 96-

well plate and treated as indicated. Each well was then treated with 20 µL of Alamar Blue 

(BioSource) and left to incubate at 37 °C in the dark for 4 h. Fluorescence was read using a 

fluorescence microplate reader (SpectraMax Gemini XS, Molecular Devices) at 590 nm 

(excitation at 544 nm). The data were analysed using the SoftMax® Pro Software. The 

background fluorescence of the media without cells plus Alamar Blue was taken away from 

each group, and the control untreated cells represented 100% cell viability. Data points 

represent the mean ± S.E.M. of triplicate treatments performed on three independent days 

with activity expressed as percentage cell viability compared to vehicle treated controls. For 

photoactivation studies, cells were subjected to 18 J cm–2 using a Hamamatsu L2570 200 W 

HgXe arc lamp equipped with a NaNO2 filter. 

7.5 Materials 

Chemicals and Solvents: All chemicals were obtained from Sigma-Aldrich, TCI, Alfa 

Aesar or Fluorochem and, unless specified, were used without further purification. 

Chromatographic columns were run using Aluminium oxide neutral (Brockmann I) 60 Å 

(50–200 µm). Analytical thin layer chromatography (TLC) was performed using Merck 

Kieselgel 60 F254 silica gel or aluminium oxide neutral plates. 1,10-Phenanthroline-

5,6-dione (72) and 4-(3-aminophenyl)-2,2’-bipyridine (94) were synthesised by Dr Bjørn la 

Cour Poulsen and PhD student Hannah Dalton, respectively. The salmon testes DNA was 

obtained from Sigma Aldrich as their sodium salts and were stored at −20 °C. Deuterated 

solvents for NMR use were purchased from Apollo Ltd. Solvents for synthetic purposes 

were used at general purpose reagent (GPR) grade unless otherwise stated. Dry solvents were 

obtained from a solvent purification system (SPS) purchased from Innovative Technology 

Incorporated. 
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Phosphate Buffered Solutions: Phosphate buffered solutions were prepared from dilution 

of the appropriate amount of sodium or potassium monobasic (XH2PO4, X = Na or K) and 

dibasic (X2HPO4, X = Na or K) in millipore water (sodium buffer) or D2O (deuterated 

potassium buffer). The pH of the sodium phosphate-buffered aqueous solution was adjusted 

to 7.4 by addition of NaOH using a pH-meter. Deuterated potassium phosphate-buffered 

solutions used in Chapter 3 were prepared according to Table 7.1: 

Table 7.1. Buffer composition of the potassium phosphate-buffered D2O solutions used in Chapter 3 and their 

corresponding experimental pH and calculated pD values. 

Terms used in this 

thesis 

Buffer composition 

KH2PO4/K2PO4 
pH[a] pD[b] 

“pH 5” 10:0 4.50 4.90 

“pH 6” 10:1 5.90 6.30 

“pH 7” 10:10 6.87 7.27 

“pH 8” 1:10 7.84 8.24 

[a] Values measured by Dr Frederico Baptista using a pH-meter. 
[b] Values calculated according to equation (7.7): pD = pH + 0.40 (7.7).471 

DNA Solutions: Solutions of DNA were prepared by shaking stDNA (about 20 mg) in 10 

mM sodium phosphate-buffered aqueous solution (pH 7.4, 10 mL). The stDNA solution was 

then stored at 4 °C for 16 h and passed through a syringe filter (0.45 μm pore size, 

hydrophilic polyethersulfone membrane, PALL Acrodisc®). Solutions of stDNA gave a 

ratio of UV absorbance at 260 and 280 nm of 1.86:1, indicating that the DNA was 

sufficiently free of protein. The concentration of the stDNA solution was determined 

spectrophotometrically using the molar absorptivity value of 6600 M−1 cm−1 (nucleotide) at 

260 nm. 

7.6 General Synthetic Procedures 

7.6.1 Procedure 1: Synthesis of Polypyridyl Alkylamide Ligands 

The appropriate amine (5-amino-1,10-phenanthroline (88) or 4-(3-aminophenyl)-2,2’-

bipyridine (94), 1 eq.) was dissolved in dry CH2Cl2 (10 mL) before the solution was cooled 

to 0 °C. The required carboxylic acid (undecanoic acid or heneicosanoic acid, 1 eq., or 

11,11'-disulfanediyldiundecanoic acid, 0.5 eq.) was added to the solution followed by N-

ethyl-N′-(3-dimethylaminopropyl)carbodiimide hydrochloride (EDC, 2.5 eq.) and, finally, 

4-dimethylaminopyridine (DMAP, 1 eq.). The resulting mixture was stirred under inert 

atmosphere and at 0 °C for 1 h before being allowed to reach room temperature and stirred 
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for a further 2 days. Solvent was removed under reduced pressure and the resulting orange 

oil was dried in vacuo. H2O was added causing precipitation of a beige solid which was 

isolated by centrifugation and washed several times with more H2O. The resulting solid was 

redispersed in MeCN, again collected by centrifugation and dried in vacuo. 

7.6.2 Procedure 2: Synthesis of [Ru(L)2Cl2] Complexes472 

Ruthenium(III) chloride hydrate (1 eq.) and 1,5-cyclooctadiene (20 eq.) were mixed in 

ethanol (200 mL). The solution was degassed with argon for 15 min and refluxed for 3 days 

followed by cooling to room temperature. The brown precipitate was isolated by filtration, 

washed with ethanol and dried in vacuo. The appropriate polypyridyl ligand (phen or TAP, 

2 eq.) and [Ru(η4-COD)Cl2]n (1 eq.) were suspended in DMF (20 mL). The mixture was 

degassed with argon for 15 min and the synthesis was carried out at 140 °C for 40 min under 

microwave irradiation. After the reaction, acetone (20 mL) was added to the reaction mixture 

and the resulting suspension was cooled to −15 °C for 2 days. The suspension was then 

centrifuged to yield a dark purple solid which was washed several times with acetone, H2O 

and Et2O and dried in vacuo. 

7.6.3 Procedure 3: Synthesis of [Ru(L)2(L’)]2+ Complexes 

The appropriate cis-[Ru(L)2Cl2] complex (1 eq.) and the required third ligand (L' = 

dipyrido[3,2-a:2’.3’-c][1,2,5]thiadiazolo[3,4-h]phenazine (dtp), 5-acetamido-1,10-

phenanthroline (84), N-1,10-phenanthrolin-5-yl-undecanamide (85) or N-1,10-

phenanthrolin-5-yl-henicosamide (86), 1 eq., or 11,11'-disulfanediylbis(N-(3-([2,2'-

bipyridin]-4-yl)phenyl)undecanamide) (89), 0.5 eq.) were suspended in a EtOH/H2O 

mixture (1:1, 8 mL). The mixture was degassed with argon for 15 min and the synthesis was 

carried out at 140 °C for 40 min (L = phen) or 10 min (L = TAP) under microwave 

irradiation. Solvent was evaporated at reduced pressure and the resulting solid was purified 

by alumina chromatography using MeCN/H2O (10:0 to 9:1) as eluent, yielding a red solid 

which was dried in vacuo. 

7.6.4 Procedure 4: Synthesis of Ru(II) Stabilised AuNPs264,451,455 

HAuCl4.3H2O (0.10 g, 0.25 mmol, 1 eq.) was dissolved in H2O (10 mL) before TOAB (0.36 

g, 0.64 mmol, 2.6 eq.) in toluene (25 mL) was added. The resulting mixture was stirred 

vigorously at room temperature for 10 min and NaBH4 (0.12 g, 3.17 mmol, 12.7 eq.) 

dissolved in H2O (10 mL) was added drop-wise. The reaction mixture was stirred for a 

further 2 h. Following successful transfer of the Au(0) into the toluene layer, the organic and 
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aqueous layers were separated and the toluene layer was washed with H2O (2 × 20 mL), 0.1 

M HCl (2 × 20 mL) and 0.1 NaOH (2 × 20 mL). The TOAB-stabilised AuNPs (5 mL) were 

added to the appropriate [Ru(L)4(L’)]2+ complex (0.5 eq.) in H2O (5 mL) and the resulting 

mixture was stirred at room temperature for 16 h. Following successful transfer of the AuNPs 

into the aqueous layer, the organic and the aqueous layer were separated, and the aqueous 

layer was subsequently filtered through a PDVF 0.45 µm microsyringe to give a dark brown 

solution. Any unbound Ru(II) complex was then removed by addition of a saturated aqueous 

solution of NH4PF6 (3 mL) affording flocculation of a dark solid which was collected by 

centrifugation and washed with a mixture of H2O/MeOH (3:1, 3 × 5 mL). The solid was 

redissolved in MeCN (1 mL) and repeatedly precipitated by adding Et2O. The resulting solid 

was redispersed in MeCN (1 mL) before addition of an acetone concentrated solution of 

TBACl (3 mL) resulting in the formation of a dark brown flocculate which was collected by 

centrifugation, washed with acetone (3 × 5 mL) and dried under high vacuum. 

7.7 Synthesis and Characterisation of Compounds Described in Chapter 2 

7.7.1 Synthesis and Characterisation of Ligands TAP and dtp 

6-Nitroquinoxaline (66)303 

4-Nitro-1,2-benzenediamine (11.5 g, 75.4 mmol, 1 eq.) was dissolved in 

hot EtOH (100 mL). To this solution, an aqueous solution of glyoxal 

40% (16 mL, 140 mmol, 1.8 eq.) was added drop-wise and the resulting 

mixture was refluxed and stirred for 16 h. The reaction mixture was cooled to room 

temperature after which a grey solid precipitated out of solution. The precipitate was filtered 

and washed with cold MeOH, yielding a grey solid which was dried in vacuo (10.4 g, 59.4 

mmol, 79%). δH (400 MHz, CD3CN): 9.04 (2H, m, H3 and H2), 8.95 (1H, d, H5, 4J = 2.5 Hz), 

8.54 (1H, dd, H7, 3J = 9.2 Hz, 4J = 2.5 Hz), 8.29 (1H, d, H8, 3J = 9.2 Hz). 

5-Amino-6-nitroquinoxaline (67)303 

Metallic sodium (4.50 g, 196 mmol, 3.3 eq.) was gently added to MeOH 

(250 mL). A solution of hydroxylamine hydrochloride (6.16 g, 88.7 

mmol, 1.5 eq.) in MeOH (100 mL) was added to this sodium 

methanolate solution. The precipitate formed was filtered and the resulting filtrate was added 

drop-wise to a boiling solution of 6-nitroquinoxaline (10.3 g, 58.7, 1 eq.) in MeOH (500 

mL). The dark reaction mixture was refluxed and stirred for 16 h. The mixture was then 

cooled in the freezer for 2 days and filtered yielding an orange solid which was washed with 
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cold MeOH and dried in vacuo (5.22 g, 27.5 mmol, 47%). δH (400 MHz, DMSO-d6): 9.09 

(1H, d, H3 or H2, 3J = 1.9 Hz), 8.93 (1H, d, H3 or H2, 3J = 1.9 Hz), 8.50 (2H, s, NH2), 8.28 

(1H, d, H7, 3J = 9.7 Hz), 7.17 (1H, d, H8, 3J = 9.7 Hz). 

5,6-Diaminoquinoxaline (68)303 

5-Amino-6-nitroquinoxaline (6.24 g, 32.8 mmol, 1 eq.) and 10% Pd/C 

(1.1 g) were mixed in EtOH (125 mL) and the resulting suspension was 

refluxed for 1 h. Hydrazine monohydrate 98% (8 mL, 168 mmol, 5.1 

eq.) was added drop-wise. The reaction mixture was refluxed and stirred for a further 1 h, 

after which it was filtered hot through a pad of celite and washed with CH2Cl2. Solvent was 

removed under reduced pressure and the resulting red solid was dried in vacuo (4.69 g, 29.3 

mmol, 89%). δH (400 MHz, CD3CN): 8.58 (1H, d, H2 or H3, 3J = 1.8 Hz), 8.53 (1H, d, H2 or 

H3, 3J = 1.8 Hz), 7.31 (2H, AB q, H7 and H8, 3J = 8.9 Hz), 4.53 (2H, s, NH2), 4.29 (2H, s, 

NH2). 

1,4,5,8-Tetraazaphenanthrene (TAP)303 

5,6-Diaminoquinoxaline (3.99 g, 24.9 mmol, 1 eq.) was dissolved in hot 

EtOH (40 mL). An aqueous solution of glyoxal 40% (5.7 mL, 49.9 

mmol, 2 eq.) was added drop-wise and the resulting mixture was stirred 

and refluxed for 2 h. After cooling, the reaction mixture was filtered and the resulting brown 

solid was washed with cold EtOH and dried in vacuo. The solid was suspended in CH2Cl2, 

filtered through silica and washed with a mixture CH2Cl2/acetone (8:2). Solvent was 

removed at reduced pressure and the resulting solid was recrystallised from EtOH yielding 

the product 1,4,5,8-tetraazaphenanthrene as beige needles which were dried in vacuo (1.86 

g, 10.2 mmol, 41%). m.p. 251–253 °C. Lit. m.p. 249–252 °C.473 δH (400 MHz, DMSO-d6): 

9.22 (2H, d, H3 and H6, 3J = 1.9 Hz), 9.19 (2H, d, H2 and H7, 3J = 1.9 Hz), 8.34 (2H, s, H9 

and H10). δC (101 MHz, DMSO-d6): 146.86, 145.64, 143.45 (q), 140.19 (q), 131.50. νmax 

(ATR)/cm−1: 3018 (aromatic C-H stretch), 1492 (aromatic C=C stretch), 1382 (C-N stretch). 

ESI+-HRMS: m/z calc = 183.0671 for C10H7N4; m/z found = 183.0681 [M+H]+. 

5-Nitro-2,1,3-benzothiadiazole (69)298 

A solution of 4-nitro-1,2-benzenediamine (5.00 g, 32.7 mmol, 1 eq.) and 

triethylamine (7.70 mL, 55.2 mmol, 1.7 eq.) in DMF (50 mL) was cooled 

to 0 °C. Thionyl chloride (5.7 mL, 78.6 mmol, 2.4 eq.) was added drop-

wise and the reaction mixture was stirred at 0 °C for 2 h. The mixture was quenched with 
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H2O and extracted with CH2Cl2. The organic layer was washed with a saturated solution of 

NaHCO3, H2O and brine and dried with MgSO4. Solvent was removed at reduced pressure. 

The obtained solid was purified by silica chromatography using CH2Cl2/hexane (1:1) as 

eluent yielding a yellow solid which was dried in vacuo (3.03 g, 16.7 mmol, 51%). δH (400 

MHz, CDCl3): 8.99 (1H, s, H4), 8.44 (1H, d, H6, 3J = 9.5 Hz), 8.17 (1H, d, H7, 3J = 9.5 Hz). 

4-Amino-5-nitro-2,1,3-benzothiadiazole (70)298 

A suspension of 5-nitro-2,1,3-benzothiadiazole (1.01 g, 5.58 mmol, 1 eq.) 

and hydroxylammonium chloride (1.01 g, 14.6 mmol, 2.6 eq.) in EtOH 

(50 mL) was cooled to 0 °C. A saturated ethanolic solution of KOH (10 

mL) was added drop-wise to the cold mixture. The reaction mixture was stirred for 2 h and 

then quenched with 36% HCl. The resulting yellow precipitate was filtered, washed with 

EtOH and used directly in the next reaction. δH (400 MHz, CDCl3): 13.60 (2H, s, NH2), 

12.95 (1H, d, H6, 3J = 9.9 Hz), 11.92 (1H, d, H7, 3J = 9.9 Hz). 

4,5-Diamine-2,1,3-benzothiadiazole (71)298 

To a boiling mixture of 4-amino-5-nitro-2,1,3-benzothiadiazole in H2O 

(50 mL), Na2S2O4 (5.24 g, 30.1 mmol) was added slowly. The reaction 

mixture was stirred for 20 min and then filtered while hot. The filtrate 

was cooled to room temperature and allowed to stand for 16 h and the resulting red 

precipitate was washed with cold H2O and dried in vacuo (659 mg, 3.97 mmol, 71%). δH 

(400 MHz, DMSO-d6): 7.25 (1H, d, H6, 3J = 9.1 Hz), 7.17 (1H, d, H7, 3J = 9.1 Hz), 5.09 (2H, 

s, NH2), 4.93 (2H, s, NH2). 

Dipyrido[3,2-a:2’,3’-c][1,2,5]thiadiazolo[3,4-h]phenazine (dtp)298 

4,5-Diamine-2,1,3-benzothiadiazole (121 mg, 729 µmol, 1 eq.) and 

1,10-phenanthroline-5,6-dione (156 mg, 741 µmol, 1 eq.) were 

suspended in a mixture of EtOH/H2O (1:1, 20 mL). The mixture 

was heated in a high-pressure tube at 140 °C and stirred for 16 h 

followed by cooling to room temperature. The resulting yellow 

precipitate was filtered, washed with H2O, EtOH and Et2O, and dried in vacuo (200 mg, 588 

µmol, 81%). m.p. > 260 °C. δH (400 MHz, CDCl3): 9.87 (1H, dd, H9 or H12, 3J = 8.1 Hz, 4J 

= 1.8 Hz), 9.70 (1H, dd, H9 or H12, 3J = 8.1 Hz, 4J = 1.8 Hz), 9.35 (2H, m, H7 and H14), 8.33 

(2H, AB q, H4 and H5, 3J = 9.6 Hz), 7.88 (1H, dd, H8 or H13, 3J = 4.4 Hz, 3J = 8.1 Hz), 7.86 

(1H, dd, H8 or H13, 3J = 4.4 Hz, 3J = 8.1 Hz). δC (101 MHz, CDCl3): 156.21 (q), 152.96 (q), 
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152.89, 152.81, 144.98 (q), 141.26 (q), 140.16 (q), 137.94 (q), 135.08, 134.63, 132.19, 

127.37 (q), 127.32 (q), 125.30, 124.74. νmax (ATR)/cm−1: 2980 (aromatic C-H stretch), 1492 

(aromatic C=C stretch), 1366 (C-N stretch). ESI+-HRMS: m/z calc = 341.0609 for C18H9N6S; 

m/z found = 341.0610 [M+H]+. 

7.7.2 Synthesis and Characterisation of Complexes 63 and 64 

Bis(1,10-phenanthroline)(dipyrido[3,2-a:2’,3’-c][1,2,5]thiadiazolo[3,4-h]phenazine) 

ruthenium(II) chloride (63) 

Complex 63 was synthesised according to 

Procedure 3 using dipyrido[3,2-a:2’.3’-

c][1,2,5]thiadiazolo[3,4-h]phenazine (69.4 mg, 204 

µmol, 1.1 eq.) and [Ru(phen)2Cl2] (99.4 mg, 187 

µmol, 1 eq.), yielding the product as a red solid (134 

mg, 154 µmol, 82%). Calculated for 

C42H24N10Cl2SRu + 3.5H2O: C, 53.91; H, 3.34; N, 

14.97; S, 3.42; Cl, 7.57. Found: C, 52.40; H, 3.01; N, 14.29; S, 3.94; Cl, 8.03. m.p. > 250 

°C. δH (600 MHz, CD3CN): 9.73 (1H, dd, H9
dtp or H12

dtp, 3J = 8.2 Hz, 4J = 1.3 Hz), 9.68 (1H, 

dd, H9
dtp or H12

dtp, 3J = 8.2 Hz, 4J = 1.3 Hz), 8.64 (4H, m, Hphen), 8.45 (2H, AB q, H4
dtp and 

H5
dtp, 3J = 9.6 Hz), 8.29 (4H, s, H5

phen and H6
phen), 8.23 (2H, 2dd, Hphen, 3J = 5.3 Hz, 4J = 

1.2 Hz), 8.18 (2H, 2dd, H7
dtp and H14

dtp, 3J = 5.3 Hz, 4J = 1.3 Hz), 8.01 (2H, dt, Hphen, 3J = 

5.2 Hz, 4J = 1.2 Hz), 7.83 (2H, 2dd, H8
dtp and H13

dtp, 3J = 8.2 Hz, 3J = 5.3 Hz), 7.66 (4H, m, 

Hphen). δC (151 MHz, CD3CN): 157.59 (q), 155.66, 155.58, 154.29, 154.28, 153.98, 153.69 

(q), 151.60 (q), 151.55 (q), 148.86 (q), 148.81 (q), 146.76 (q), 141.20 (q), 140.07 (q), 139.67 

(q), 137.98, 137.94, 134.55, 132.64, 132.07 (q), 132.05 (q), 131.25 (q), 131.12 (q), 129.07, 

128.26, 128.22, 127.58, 126.92, 126.87. νmax (ATR)/cm−1: 3047 (aromatic C-H stretch), 1359 

(C-N stretch). MALDI+-HRMS: m/z calc = 802.0950 for C42H24N10SRu; m/z found = 802.0945 

[M]+. 

Bis(1,4,5,8-tetraazaphenantherene)(dipyrido[3,2-a:2’,3’-c][1,2,5]thiadiazolo[3,4-h] 

phenazine)ruthenium(II) chloride (64) 

Complex 64 was synthesised according to Procedure 3 using dipyrido[3,2-a:2’.3’-

c][1,2,5]thiadiazolo[3,4-h]phenazine (892 mg, 262 µmol, 1 eq.) and [Ru(TAP)2Cl2] (140 

mg, 262 µmol, 1 eq.), yielding the product as a red solid (100 mg, 114 µmol, 44%). 

Calculated for C38H20N14Cl2SRu + 0.5NaCl: C, 47.88; H, 2.33; N, 20.57; S, 3.36. Found: C, 

46.73; H, 2.09; N, 19.69; S, 6.10. m.p. 162–165 °C (decomp.). δH (600 MHz, CD3CN): 9.83 
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(1H, dd, H9
dtp or H12

dtp, 3J = 8.2 Hz, 4J = 1.2 Hz), 

9.77 (1H, dd, H9
dtp or H12

dtp, 3J = 8.2 Hz, 4J = 1.2 

Hz), 9.01 (2H, 2d, HTAP, 3J = 2.7 Hz), 8.99 (2H, d, 

H2
TAP or H7

TAP, 3J = 2.7 Hz), 8.62 (4H, s, H9
TAP and 

H10
TAP), 8.46 (2H, AB q, H4

dtp and H5
dtp, 3J = 9.6 

Hz), 8.40 (2H, d, H3
TAP or H6

TAP, 3J = 2.7 Hz), 8.39 

(2H, 2d, HTAP, 3J = 2.7 Hz), 8.34 (2H, 2dd, H7
dtp and 

H14
dtp, 3J = 5.4 Hz, 4J = 1.2 Hz), 7.92 (2H, 2dd, H8

dtp and H13
dtp, 3J = 8.2 Hz, 3J = 5.4 Hz). 

δC (151 MHz, CD3CN): 157.62 (q), 156.74, 156.66, 153.67 (q), 150.73 (q), 150.68 (q), 

150.58, 150.57, 150.45, 150.44, 150.07, 146.93 (q), 146.51 (q), 146.50 (q), 146.45 (q), 

143.31 (q), 143.30 (q), 143.22 (q), 140.88 (q), 139.83 (q), 139.75 (q), 135.98, 133.81, 

133.73, 132.64, 131.44 (q), 131.32 (q), 128.63, 128.59, 127.74. νmax (ATR)/cm−1: 3057 

(aromatic C-H stretch), 1486 (aromatic C=C stretch), 1383 (C-N stretch). ESI+-HRMS: m/z 

calc = 806.0760 for C38H20N14SRu; m/z found = 403.0387 [M]2+.  

7.8 Synthesis and Characterisation of Compounds Described in Chapter 3 

7.8.1 Synthesis and Characterisation of Complex 38 

Tris(1,4,5,8-tetraazaphenantherene)ruthenium(II) chloride (38) 

Complex 38 was synthesised according to Procedure 3 using 

1,4,5,8-tetraazaphenanthrene (28.2 mg, 155 µmol, 1.6 eq.) and 

[Ru(TAP)2Cl2] (50.9 mg, 94.9 µmol, 1 eq.), yielding the product 

as a red solid (33.4 mg, 46.5 µmol, 49%). δH (400 MHz, D2O): 

9.09 (2H, d, H2 and H7, 3J = 2.8 Hz), 8.72 (2H, s, H9 and H10), 

8.43 (2H, d, H3 and H6, 3J = 2.8 Hz). δC (101 MHz, D2O): 

149.22, 148.60, 145.20 (q), 141.98 (q), 132.78. νmax (ATR)/cm−1: 

3041 (aromatic C-H stretch), 1485 (aromatic C=C stretch), 1384 (C-N stretch). ESI+-HRMS: 

m/z calc = 648.0821 for C30H18N12Ru; m/z found = 324.0419 [M]2+. 

7.8.2 Photosynthesis of the Photoadduct 43213 

Bis(1,4,5,8-tetraazaphenantherene)(((2S,3R,4S,5S)-5-(2-(benzo[f]quinoxalin-3-

ylamino)-6-oxo-1,6-dihydro-9H-purin-9-yl)-3,4-dihydroxytetrahydrofuran-2-

yl)methyl dihydrogen phosphate)ruthenium(II) chloride (43) 

A 25 mL aqueous solution containing 38 (100 µM) and guanosine 5'-monophosphate (3 mM) 

was prepared and the pH was adjusted to 5 by addition of 0.1 M HCl. The solution was added 

into an optical glass bottle, closed with a rubber septum and placed in a LightBATH-405 
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photoreactor. Before irradiation, the solution was 

purged with Argon for 30 min. The solution was 

then stirred and irradiated for 8 h. The 

photoreaction was monitored every hour by UV-

vis absorption, emission spectroscopy and HPLC. 

The reaction was repeated at least five times in 

order to have enough material. After irradiation, 

the solvent was removed under reduced pressure 

and the resulting orange solid was purified by 

analytical or semi-preparative HPLC using a 

Jupiter® 5 µm C18 300 Å, LC Column 250 × 

4.6/10.0 mm (Phenomenex) with a 1/4 mL/min 

flow, respectively, and a gradient elution: 85% H2O, 10% MeCN and 5% TFA(2%) for 5 

min, from 85% H2O, 10% MeCN and 5% TFA(2%) to 0% H2O, 95% MeCN and 5% 

TFA(2%) for 20 min, and 0% H2O, 95% MeCN and 5% TFA(2%) for 6 min. The solvent of 

the fraction corresponding to the desired complex was removed under reduced pressure 

yielding a red solid which was dried in vacuo. MALDI+-HRMS: m/z calc = 1009.1244 for 

C40H30N17O8PRu; m/z found = 1009.1289 [M]+. 

7.8.3 Acid Hydrolysis of the Ribose-Phosphate Moiety in the Photoadduct 43223 

Bis(1,4,5,8-tetraazaphenantherene)(2-(pyrazino[2,3-f]quinoxalin-3-ylamino)-1,9-

dihydro-6H-purin-6-one)ruthenium(II) chloride (77) 

The photoadduct 43 was dissolved in 2 M HCl aqueous 

solution (5 mL) and heated at 95 °C for 2 h. HCl was 

removed by vacuum distillation and the resulting orange 

solid was purified by analytical HPLC using a Jupiter® 5 

µm C18 300 Å, LC Column 250 × 4.6 mm (Phenomenex) 

with a 1 mL/min flow and a gradient elution: 90% H2O, 

5% MeCN and 5% TFA(2%) for 5 min, from 90% H2O, 

5% MeCN and 5% TFA(2%) to 85% H2O, 10% MeCN and 

5% TFA(2%) for 25 min, 85% H2O, 10% MeCN and 5% TFA(2%) for 5 min, and from 85% 

H2O, 10% MeCN and 5% TFA(2%) to 0% H2O, 95% MeCN and 5% TFA(2%) for 5 min. 

The solvent of the fraction corresponding to the desired complex was removed under reduced 
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pressure yielding a yellow solid which was dried in vacuo. MALDI+-HRMS: m/z calc = 

796.1080 for C35H20N17ORu; m/z found = 796.1118 [M-H]+. 

7.9 Synthesis and Characterisation of Compounds Described in Chapter 4 

7.9.1 Synthesis and Characterisation of Ligands 84, 85 and 86 

5-Nitro-1,10-phenanthroline (87)403 

1,10-Phenanthroline (5.02 g, 27.9 mmol) was dissolved in concentrated 

H2SO4 (30 mL). The solution was heated at 160 °C and fuming HNO3 (15 

mL) was added drop-wise. The reaction mixture was stirred at 160 °C for 

4 h. The solution was carefully put in an ice bath and neutralized with 

NaOH. The resulting precipitate was filtered and washed with H2O 

yielding a pale-yellow solid which was dried in vacuo (4.54 g, 20.2 mmol, 72%). δH (400 

MHz, DMSO-d6): 9.28 (1H, dd, H9, 3J = 4.2 Hz, 4J = 1.6 Hz); 9.24 (1H, dd, H2, 3J = 4.2 Hz, 

4J = 1.3 Hz); 9.03 (1H, s, H6); 8.88 (1H, dd, H7, 3J = 8.6 Hz, 4J = 1.5 Hz); 8.78 (1H, dd, H4, 

3J = 8.1 Hz, 4J = 1.6 Hz); 9.28 (2H, m, H3 and H8). 

5-Amino-1,10-phenanthroline (88)403 

5-Nitro-1,10-phenanthroline (4.54 g, 20.2 mmol, 1 eq.) and 10 % Pd/C 

(0.93 g) were suspended in EtOH (100 mL). The mixture was refluxed and 

an ethanolic solution of hydrazine monohydrate 98% (5 mL, 103 mmol, 

5.1 eq.) was added drop-wise. The reaction mixture was refluxed and 

stirred for 16 h. After cooling down, the suspension was filtered on celite 

and solvent was removed under reduced pressure yielding a yellow solid which was dried in 

vacuo (2.98 g, 15.2 mmol, 76%). δH (400 MHz, DMSO-d6): 9.05 (1H, dd, H2, 3J = 4.2 Hz, 

4J = 1.6 Hz); 8.67 (2H, m, H4 and H9); 8.04 (1H, dd, H7, 3J = 8.2 Hz, 4J = 1.7 Hz); 7.73 (1H, 

dd, H8, 3J = 8.2 Hz, 3J = 4.2 Hz); 7.50 (1H, dd, H3, 3J = 8.1 Hz, 3J = 4.2 Hz); 6.86 (1H, s, 

H6); 6.13 (2H, s, NH2). 

5-Acetamido-1,10-phenanthroline (84)403 

5-Amino-1,10-phenanthroline (153 mg, 783 µmol, 1 eq.) and acetic 

anhydride (0.75 mL, 7.93 mmol, 10 eq.) were mixed in dry MeCN 

(25 mL). The reaction mixture was stirred in the dark and under an 

inert atmosphere at room temperature for 2 days. Solvent was 

removed under reduced pressure and the resulting beige solid was 

dried in vacuo (114 mg, 482 µmol, 62%). m.p. 226–231 °C (decomp.) Lit. m.p. 230 °C.403 
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δH (400 MHz, DMSO-d6): 10.14 (1H, s, NH), 9.13 (1H, dd, H2, 3J = 4.2 Hz, 4J = 1.6 Hz), 

9.03 (1H, dd, H9, 3J = 4.3 Hz, 4J = 1.7 Hz), 8.63 (1H, dd, H4, 3J = 8.4 Hz, 4J = 1.7 Hz), 8.44 

(1H, dd, H7, 3J = 8.2 Hz, 4J = 1.7 Hz), 8.17 (1H, s, H6), 7.82 (1H, dd, H3, 3J = 8.4 Hz, 3J = 

4.3 Hz), 7.74 (1H, dd, H8, 3J = 8.2 Hz, 3J = 4.3 Hz), 6.13 (3H, s, CH3). δC (101 MHz, 

DMSO-d6): 169.49 (C=O), 149.86, 149.29, 145.85 (q), 143.77 (q), 135.81, 131.86 (q), 

131.68, 128.10, 124.59 (q), 123.59, 122.84, 119.86, 23.63 (CH3). νmax (ATR)/cm−1: 3200 

(amide N-H stretch), 3040 (aromatic C-H stretch), 2924 (alkane C-H stretch), 1688 (C=O 

stretch), 1532 (amide N-H bend), 1476 (aromatic C=C stretch), 1420 (C-N stretch). ESI+-

HRMS: m/z calc = 238.0980 for C14H12N3O; m/z found = 238.0973 [M+H]+. 

N-1,10-phenanthrolin-5-yl-undecanamide (85) 

N-1,10-phenanthrolin-5-yl-undecanamide was 

synthesised according to Procedure 1 using 

undecanoic acid (108 µL, 516 µmol, 1 eq.), 5-

amino-1,10-phenanthroline (101 mg, 516 

mmol, 1 eq.) EDC (246 mg, 1.28 mmol, 2.5 eq.) 

and DMAP (62.4 mg, 511 µmol, 1 eq.), yielding the product as an beige solid (107 mg, 295 

µmol, 57%). m.p. 83–86 °C. δH (600 MHz, DMSO-d6): 10.07 (1H, s, NH), 9.12 (1H, dd, H2, 

3J = 4.2 Hz, 4J = 1.6 Hz), 9.03 (1H, dd, H9, 3J = 4.2 Hz, 4J = 1.7 Hz), 8.59 (1H, dd, H4, 3J = 

8.4 Hz, 4J = 1.6 Hz), 8.44 (1H, dd, H7, 3J = 8.1 Hz, 4J = 1.7 Hz), 8.17 (1H, s, H6), 7.82 (1H, 

dd, H3, 3J = 8.4 Hz, 3J = 4.2 Hz), 7.74 (1H, dd, H8, 3J = 8.1 Hz, 3J = 4.2 Hz), 2.52 (2H, t, H2’, 

3J = 7.3 Hz), 1.69 (2H, m, H3’), 1.31 (14H, m, H4’–H10’), 0.84 (3H, t, H11’, 3J = 7.0 Hz). δC 

(151 MHz, DMSO-d6): 172.44 (C=O), 149.82, 149.26, 145.86 (q), 143.77 (q), 135.75, 

131.79 (q), 131.57, 128.09 (q), 124.64 (q), 123.55, 122.78, 119.97, 35.96, 31.30, 28.99, 

28.96, 28.81, 28.73, 28.69, 25.22, 22.08, 13.95. νmax (ATR)/cm−1: 3255 (amide N-H stretch), 

3046 (aromatic C-H stretch), 2919 and 2849 (alkane C-H stretch), 1655 (C=O stretch), 1543 

(amide N-H bend), 1467 (aromatic C=C stretch), 1424 (C-N stretch). ESI+-HRMS: m/z calc 

= 386.2203 for C23H29N3NaO; m/z found = 386.2206 [M+Na]+. 

N-1,10-phenanthrolin-5-yl-henicosamide (86) 

N-1,10-phenanthrolin-5-yl-henicosamide was synthesised according to Procedure 1 using 

heneicosanoic acid (179 mg, 525 µmol, 1 eq.), 5-amino-1,10-phenanthroline (101 mg, 515 

µmol, 1 eq.) EDC (255 mg, 1.33 mmol, 2.5 eq.) and DMAP (65.0 mg, 532 µmol, 1 eq.), 

yielding the product as a beige solid (258 mg, 498 µmol, 95%). m.p. 90–93 °C. δH (600 
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MHz, CDCl3): 9.18 (1H, d, H2), 9.12 (1H, d, H9), 

8.31 (1H, d, H4, 3J = 8.4 Hz), 8.27 (1H, s, H6), 

8.21 (1H, dd, H7 , 3J = 8.1 Hz, 4J = 1.2 Hz), 7.76 

(1H, s, NH), 7.64 (1H, 2dd, H3 and H8, 3J = 4.2 

Hz, 3J = 8.4 Hz, 3J = 4.3 Hz, 3J = 8.1 Hz), 2.58 

(2H, m, H2’), 1.84 (2H, m, H3’), 1.36 (36H, m, H4’–H21’), 0.87 (3H, t, H22’, 3J = 6.8 Hz). δC 

(151 MHz, CDCl3): 172.56 (C=O), 150.31, 149.93, 146.55 (q), 144.42 (q), 136.22, 130.67 

(q), 129.84, 128.53 (q), 124.25 (q), 123.68, 122.97, 120.00, 37.82, 32.07, 29.85, 29.82, 

29.81, 29.79, 29.67, 29.56, 29.51, 25.91, 22.84. νmax (ATR)/cm−1: 3262 (amide N-H stretch), 

3046 (aromatic C-H stretch), 2915 and 2849 (alkane C-H stretch), 1657 (C=O stretch), 1541 

(amide N-H bend), 1470 (aromatic C=C stretch), 1422 (C-N stretch). ESI+-HRMS: m/z calc 

= 540.3924 for C34H51N3NaO; m/z found = 540.3915 [M+Na]+.  

7.9.2 Synthesis and Characterisation of Complexes 42, 39 and 78–83 

Tris(1,10-phenanthroline)ruthenium(II) chloride (42) 

Complex 42 was synthesised according to Procedure 3 using 

1,10-phenanthroline (34.2 mg, 190 µmol, 1 eq.) and 

[Ru(phen)2Cl2] (99.7 mg, 187 µmol, 1 eq.), yielding the product 

as a red solid (70.9 mg, 99.5 µmol, 53%). m.p. > 120 °C 

(decomp.). δH (600 MHz, CD3CN): 8.61 (6H, dd, H4 and H7, 3J 

= 8.2 Hz, 4J = 1.1 Hz), 8.26 (6H, s, H5 and H6), 8.03 (6H, dd, H2 

and H9, 3J = 5.2 Hz, 4J = 1.1 Hz), 7.63 (6H, dd, H3 and H8, 3J = 

8.2 Hz, 3J = 5.2 Hz). δC (151 MHz, CD3CN): 153.91, 148.86 (q), 137.70, 131.92 (q), 128.97, 

126.80. νmax (ATR)/cm−1: 3047 (aromatic C-H stretch), 1493 (aromatic C=C stretch), 1426 

(C-N stretch). ESI+-HRMS: m/z calc = 642.1106 for C36H24N6Ru; m/z found = 321.0553 [M]2+. 

Bis(1,4,5,8-tetraazaphenantherene)(1,10-phenanthroline)ruthenium(II) chloride (39) 

Complex 39 was synthesised according to Procedure 3 using 

1,10-phenanthroline (87.5 mg, 486 µmol, 1.4 eq.) and 

[Ru(TAP)2Cl2] (180 mg, 335 µmol, 1 eq.), yielding the product 

as a red solid (97.6 mg, 136 µmol, 41%). m.p. 147–148 °C 

(decomp.). δH (400 MHz, D2O): 8.96 (2H, d, H2
TAP or H7

TAP, 

3J = 2.9 Hz), 8.92 (2H, d, H2
TAP or H7

TAP, 3J = 2.9 Hz), 8.70 

(2H, dd, H4
phen and H7

phen, 3J = 8.3 Hz, 4J = 1.2 Hz), 8.62 (4H, 

s, H9
TAP and H10

TAP), 8.37 (2H, d, H3
TAP or H6

TAP, 3J = 2.9 Hz), 8.29 (2H, d, H3
TAP or H6

TAP, 
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3J = 2.9 Hz), 8.26 (2H, s, H5
phen and H6

phen), 8.08 (2H, dd, H2
phen and H9

phen, 3J = 5.3 Hz, 4J 

= 1.2 Hz), 7.68 (2H, dd, H3
phen and H8

phen, 3J = 5.3 Hz, 3J = 8.3 Hz). δC (101 MHz, D2O): 

152.58, 148.84, 148.66, 148.48, 148.32, 146.83 (q), 144.94 (q), 144.90 (q), 142.68 (q), 

142.66 (q), 138.74, 132.58, 132.50, 131.25 (q), 128.21, 125.96. νmax (ATR)/cm−1: 3050 

(aromatic C-H stretch), 1486 (aromatic C=C stretch), 1384 (C-N stretch). MALDI+-HRMS: 

m/z calc = 646.0916 for C32H20N10Ru; m/z found = 646.0927 [M]+. 

Bis(1,10-phenanthroline)(N-1,10-phenanthrolin-5-yl-acetamide)ruthenium(II) 

chloride (78) 

Complex 78 was synthesised according to Procedure 

3 using ligand 84 (66.7 mg, 281 µmol, 1.5 eq.) and 

[Ru(phen)2Cl2] (101 mg, 190 µmol, 1 eq.), yielding 

the product as a red solid (87.3 mg, 125 µmol, 60%). 

Calculated for C38H27N7Cl2ORu + 2.3H2O: C, 56.27; 

H, 3.93; N, 12.09; Cl, 8.74. Found: C, 56.21; H, 3.88; 

N, 12.12; Cl, 8.20. m.p. 106–109 °C (decomp.). δH 

(400 MHz, CD3CN): 11.61 (1H, s, NH), 9.60 (1H, dd, H4
84, 3J = 8.6 Hz, 4J = 1.1 Hz), 8.64 

(1H, s, H6
84), 8.59 (4H, m, Hphen), 8.47 (1H, dd, H7

84, 3J = 8.3 Hz, 4J = 1.1 Hz), 8.25 (2H, s, 

H5
phen or H6

phen), 8.24 (2H, s, H5
phen or H6

phen), 8.09 (1H, dd, H2
84, 3J = 5.2 Hz, 4J = 1.1 Hz), 

8.02 (4H, m, Hphen), 7.89 (1H, dd, H9
84, 3J = 5.2 Hz, 4J = 1.1 Hz), 7.62 (5H, m, H3

84 and 

Hphen), 7.52 (1H, dd, H8
84, 3J = 8.3 Hz, 3J = 5.2 Hz), 2.45 (3H, s, CH3). δC (101 MHz, 

CD3CN): 171.81 (C=O), 154.17, 153.97, 153.85, 153.80, 153.68, 152.27, 148.87 (q), 137.62, 

137.59, 136.94, 135.46, 131.93 (q), 131.88 (q), 128.97, 128.91, 126.85, 126.83, 126.76, 

126.74, 126,64, 125.76, 119.79, 24.40 (CH3). νmax (ATR)/cm−1: 3234 (amide N-H stretch), 

3046 (aromatic C-H stretch), 2994 (alkane C-H stretch), 1683 (C=O stretch), 1533 (amide 

N-H bend), 1480 (aromatic C=C stretch), 1424 (C-N stretch). ESI+-HRMS: m/z calc = 

699.1321 for C38H27N7ORu; m/z found = 349.5676 [M]2+. 

Bis(1,4,5,8-tetraazaphenantherene)(N-1,10-phenanthrolin-5-yl-acetamide)ruthen-

ium(II) chloride (81) 

Complex 81 was synthesised according to Procedure 3 using ligand 84 (44.1 mg, 186 µmol, 

1.1 eq.) and [Ru(TAP)2Cl2] (90.8 mg, 169 µmol, 1 eq.), yielding the product as a red solid 

(67.5 mg, 87.2 µmol, 52%). Calculated for C34H23N11Cl2ORu + 5.2H2O + 0.2NaCl: C, 46.46; 

H, 3.83; N, 17.53; Cl, 8.87. Found: C, 46.27; H, 3.17; N, 16.89; Cl, 8.66. m.p. 162–164 °C 



Chapter 7 – Experimental 

240 

 

(decomp.). δH (400 MHz, DMSO-d6): 10.71 (1H, s, 

NH), 9.06 (5H, m, H4
84 and HTAP), 8.80 (1H, d, H7

84, 

3J = 8.2 Hz), 8.66 (5H, s, H6
84, H9

TAP and H10
TAP), 

8.51 (1H, d, HTAP, 3J = 2.8 Hz) ), 8.48 (1H, d, HTAP, 

3J = 2.8 Hz), 8.30 (1H, d, H2
84, 3J = 5.3 Hz), 8.24 (2H, 

m, HTAP), 8.17 (1H, d, H9
84, 3J = 5.3 Hz), 7.82 (1H, 

dd, H3
84, 3J = 5.3 Hz, 3J = 8.5 Hz), 7.73 (1H, dd, H8

84, 

3J = 5.3 Hz, 3J = 8.2 Hz), 2.32 (3H, s, CH3). δC (101 MHz, DMSO-d6): 169.82 (C=O), 153.94, 

152.66, 149.65, 149.50, 148.67, 148.62, 146.82 (q), 144.52 (q), 144.51 (q), 144.48 (q), 

144.06 (q), 141.98 (q), 141.93 (q), 141.91 (q), 137.36, 133.92, 132.41, 132.28, 130.34 (q), 

126.45 (q), 126.34, 125.64, 119.01, 23.80 (CH3). νmax (ATR)/cm−1: 3220 (amide N-H 

stretch), 3052 (aromatic C-H stretch), 2979 (alkane C-H stretch), 1681 (C=O stretch), 1528 

(amide N-H bend), 1485 (aromatic C=C stretch), 1383 (C-N stretch). MALDI+-HRMS: m/z 

calc = 703.1131 for C34H23N11ORu; m/z found = 703.1135 [M]+.  

Bis(1,10-phenanthroline)(N-1,10-phenanthrolin-5-yl-undecanamide)ruthenium(II) 

chloride (79) 

Complex 79 was synthesised 

according to Procedure 3 using 

ligand 85 (109 mg, 300 µmol, 1 

eq.) and [Ru(phen)2Cl2] (164 

mg, 307 µmol, 1 eq.), yielding 

the product as a red solid (161 

mg, 99.0 µmol, 60%). 

Calculated for C47H45N7Cl2ORu + 2.6H2O: C, 59.88; H, 5.37; N, 10.40; Cl, 7.52. Found: C, 

59.57; H, 5.08; N, 10.37; Cl, 7.18. m.p. 220–223 °C (decomp.). δH (400 MHz, CD3CN): 

11.33 (1H, s, NH), 9.48 (1H, dd, H4
85, 3J = 8.6 Hz, 4J = 1.0 Hz), 8.64 (1H, s, H6

85), 8.60 (4H, 

m, Hphen), 8.47 (1H, dd, H7
85, 3J = 8.3 Hz, 4J = 1.0 Hz), 8.25 (4H, 2s, H5

phen and H6
phen), 8.09 

(1H, dd, H2
85, 3J = 5.2 Hz, 4J = 1.0 Hz), 8.02 (4H, m, Hphen), 7.90 (1H, dd, H9

85, 3J = 5.2 Hz, 

4J = 1.0 Hz), 7.62 (5H, m, H3
85 and Hphen), 7.53 (1H, dd, H8

85, 3J = 8.3 Hz, 3J = 5.2 Hz), 2.79 

(2H, t, H2’ 
85, 3J = 7.4 Hz), 1.71 (2H, m, H3’ 

85), 1.34 (14H, m, H4’–H10’ 
85), 0.84 (3H, t, H11’ 

85, 3J = 6.7 Hz). δC (101 MHz, CD3CN): 175.03 (C=O), 154.18, 153.99, 153.88, 153.73, 

152.34, 148.89 (q) 137.67, 136.99, 136.08 (q), 135.40, 131.93 (q), 129.03, 128.97, 128.13 

(q), 126.91, 126.81, 126.71, 125.85, 119.95, 37.41, 32.61, 30.31, 30.22, 30.03, 26.60, 23.36, 
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14.37. νmax (ATR)/cm−1: 3243 (amide N-H stretch), 3043 (aromatic C-H stretch), 2922 and 

2851 (alkane C-H stretch), 1688 (C=O stretch), 1535 (amide N-H bend), 1457 (aromatic 

C=C stretch), 1424 (C-N stretch). ESI+-HRMS: m/z calc = 825.2729 for C47H45N7ORu; m/z 

found = 412.6378 [M]2+. 

Bis(1,4,5,8-tetraazaphenantherene)(N-1,10-phenanthrolin-5-yl-undecanamide)ruthen-

ium(II) chloride (82) 

Complex 82 was synthesised 

according to Procedure 3 using 

ligand 85 (82.5 mg, 227 µmol, 

1.2 eq.) and [Ru(TAP)2Cl2] 

(101 mg, 192 µmol, 1 eq.), 

yielding the product as a red 

solid (73.0 mg, 81.1 µmol, 

43%). Calculated for C43H41N11Cl2ORu + 4.6H2O + 0.1NaCl: C, 52.24; H, 5.12; N, 15.59; 

Cl, 7.53. Found: C, 51.89; H, 4.45; N, 15.34; Cl, 6.93. m.p. 150–151 °C (decomp.). δH (400 

MHz, CD3CN): 11.67 (1H, s, NH), 9.71 (1H, d, H4
85, 3J = 8.5 Hz), 8.94 (4H, m, HTAP), 8.69 

(1H, s, H6
85), 8.58 (5H, s, H7

85, H9
TAP and H10

TAP), 8.29 (1H, d, HTAP, 3J = 2.7 Hz), 8.27 (1H, 

d, HTAP, 3J = 2.7 Hz), 8.20 (1H, d, HTAP, 3J = 2.7 Hz), 8.16 (1H, d, HTAP, 3J = 2.7 Hz), 8.14 

(1H, d, H2
85, 3J = 5.1 Hz), 7.99 (1H, d, H9

85, 3J = 5.1 Hz), 7.70 (1H, dd, H3
85, 3J = 5.1 Hz, 3J 

= 8.5 Hz), 7.60 (1H, dd, H8
85, 3J = 5.1 Hz, 3J = 8.5 Hz), 2.84 (2H, t, H2’

 85, 3J = 7.4 Hz), 1.74 

(2H, m, H3’
 85), 1.33 (14H, m, H4’–H10’ 

85), 0.86 (3H, t, H11’
 85, 3J = 7.0 Hz). δC (101 MHz, 

CD3CN): 175.04 (C=O), 154.69, 153.19, 150.38, 150.33, 150.30, 150.14, 150.09, 149.84, 

149.70, 148.30 (q), 146.38 (q), 146.34 (q), 146.31 (q), 146.28 (q), 145.33 (q), 143.31 (q), 

143.28 (q), 143.26 (q), 138.34, 136.99, 136.24 (q), 133.72, 133.55, 132.11 (q), 128.29 (q), 

126.90, 125.98, 119.90, 37.31, 32.56, 30.27, 30.17, 30.00, 29.98, 26.55, 23.32, 14.32. νmax 

(ATR)/cm−1: 3247 (amide N-H stretch), 3048 (aromatic C-H stretch), 2923 and 2852 (alkane 

C-H stretch), 1671 (C=O stretch), 1535 (amide N-H bend), 1485 (aromatic C=C stretch), 

1422 (C-N stretch). ESI+-HRMS: m/z calc = 829.2539 for C43H41N11ORu; m/z found = 

414.6258 [M]2+. 
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Bis(1,10-phenanthroline)(N-1,10-phenanthrolin-5-yl-henicosamide)ruthenium(II) 

chloride (80) 

Complex 80 was synthesised 

according to Procedure 3 using 

ligand 86 (145 mg, 281 µmol, 1.5 

eq.) and [Ru(phen)2Cl2] (102 mg, 

192 µmol, 1 eq.), yielding the 

product as a red solid (101 mg, 

96.0 µmol, 50%). Calculated for 

C58H67N7Cl2ORu + 2.7H2O + 0.1NaCl: C, 63.06; H, 6.61; N, 8.88; Cl, 6.74. Found: C, 63.00; 

H, 6.08; N, 8.88; Cl, 6.70. m.p. 248–251 °C (decomp.). δH (600 MHz, DMSO-d6): 10.51 

(1H, s, NH), 8.93 (1H, dd, H4
86, 3J = 8.6 Hz, 4J = 1.0 Hz), 8.77 (4H, m, Hphen), 8.71 (1H, dd, 

H7
86, 3J = 8.3 Hz, 4J = 0.8 Hz), 8.66 (1H, s, H6

86), 8.39 (4H, s, H5
phen and H6

phen), 8.08 (4H, 

m, Hphen), 8.05 (1H, dd, H2
86, 3J = 5.2 Hz, 4J = 1.0 Hz), 7.96 (1H, dd, H9

86, 3J = 5.2 Hz, 4J = 

0.8 Hz), 7.77 (5H, m, H3
86 and Hphen), 7.69 (1H, dd, H8

86, 3J = 8.3 Hz, 3J = 5.2 Hz), 2.60 

(2H, t, H2’
 86, 3J = 7.4 Hz), 1.69 (2H, m, H3’

 86), 1.29 (36H, m, H4’–H21’
 86), 0.84 (3H, t, H22’

 

85, 3J = 7.0 Hz). δC (151 MHz, DMSO-d6): 172.79 (C=O), 152.74, 151.51, 147.59 (q), 147.22 

(q), 147.20 (q), 147.18 (q), 144.82 (q), 136.83, 136.19, 133.87 (q), 132.64, 130.44 (q), 

130.23 (q), 128.04, 126.35, 126.28, 125.53 (q), 119.07, 36.05, 31.27, 29.00, 28.97, 28.94, 

28.82, 28.68, 25.19, 22.07, 13.94. νmax (ATR)/cm−1: 3185 (amide N-H stretch), 3044 

(aromatic C-H stretch), 2920 and 2848 (alkane C-H stretch), 1698 (C=O stretch), 1541 

(amide N-H bend), 1458 (aromatic C=C stretch), 1424 (C-N stretch). ESI+-HRMS: m/z calc 

= 979.4451 for C58H67N7ORu; m/z found = 489.7232 [M]2+.  

Bis(1,4,5,8-tetraazaphenantherene)(N-1,10-phenanthrolin-5-yl-henicosamide)ruthen-

ium(II) chloride (83) 

Complex 83 was synthesised 

according to Procedure 3 using 

ligand 86 (122 mg, 236 µmol, 

1.2 eq.) and [Ru(TAP)2Cl2] (103 

mg, 192 µmol, 1 eq.), yielding 

the product as a red solid (84.4 

mg, 80.0 µmol, 42%). 

Calculated for C54H63N11Cl2ORu + 4.7H2O + 0.1NaCl: C, 56.66; H, 6.38; N, 13.46; Cl, 6.50. 
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Found: C, 56.50; H, 5.82; N, 13.45; Cl, 6.38. m.p. 171–172 °C (decomp.). δH (400 MHz, 

CD3CN): 11.63 (1H, s, NH), 9.71 (1H, dd, H4
86, 3J = 8.6 Hz, 4J = 1.1 Hz), 8.93 (4H, m, 

HTAP), 8.70 (1H, s, H6
86), 8.60 (5H, m, H7

86, H9
TAP and H10

TAP), 8.27 (1H, d, HTAP, 3J = 2.8 

Hz), 8.26 (1H, d, HTAP, 3J = 2.8 Hz), 8.19 (1H, d, HTAP, 3J = 2.8 Hz), 8.14 (2H, m, HTAP and 

H2
86), 7.99 (1H, dd, H9

86, 3J = 5.2 Hz, 4J = 1.2 Hz), 7.71 (1H, dd, H3
86, 3J = 5.2 Hz, 3J = 8.6 

Hz), 7.60 (1H, dd, H8
86, 3J = 5.2 Hz, 3J = 8.3 Hz), 2.84 (2H, t, H2’

 86, 3J = 7.4 Hz), 1.75 (2H, 

m, H3’
 86), 1.32 (36H, m, H4’–H21’ 

86), 0.87 (3H, t, H22’
 86, 3J = 7.0 Hz). δC (101 MHz, CD3CN): 

174.97 (C=O), 154.70, 153.20, 150.36, 150.32, 150.30, 150.08, 150.04, 149.79, 149.64, 

146.37 (q), 146.34 (q), 146.32 (q), 145.37 (q), 143.33 (q), 143.27 (q), 138.39, 136.86, 136.19 

(q), 133.75, 133.58, 132.14 (q), 128.31 (q), 126.93, 126.03, 119.95, 37.34, 32.56, 30.31, 

30.29, 30.18, 29.99, 26.53, 23.32, 14.32. νmax (ATR)/cm−1: 3245 (amide N-H stretch), 3050 

(aromatic C-H stretch), 2920 and 2851 (alkane C-H stretch), 1686 (C=O stretch), 1535 

(amide N-H bend), 1485 (aromatic C=C stretch), 1423 (C-N stretch), 1384 (C-N stretch). 

MALDI+-HRMS: m/z calc = 983.4261 for C54H63N11ORu; m/z found = 983.4290 [M]+. 

7.10 Synthesis and Characterisation of Compounds Described in Chapter 5 

7.10.1 Synthesis and Characterisation of the Ligand 89 

11,11'-Disulfanediyldiundecanoic acid (93) 

11-Mercaptoundecanoic acid (1.01 g, 4.62 mmol, 

1 eq.) was dissolved in anhydrous DMF (15 mL) 

and cooled to 0 °C. To this solution, bromine (140 

µL, 2.73 mmol, 0.6 eq.) was added drop-wise and the resulting mixture was stirred at 0 °C 

and under argon for 3 h. Solvent was removed at reduced pressure and the resulting solid 

was washed with NaHCO3 (aq), 1 M HCl and H2O yielding a white solid which was dried 

in vacuo (858 mg, 1.97 mmol, 85%). m.p. 88–92 °C. Lit. m.p. 93–97 °C.449 δH (400 MHz, 

DMSO-d6): 2.68 (2H, t, H11’, 3J = 7.2 Hz), 2.17 (2H, t, H2’, 3J = 7.4 Hz), 1.60 (2H, m, H10’), 

1.47 (2H, m, H3’), 1.31 (12H, m, H4’–H9’). 

11,11'-Disulfanediylbis(N-(3-([2,2'-bipyridin]-4-yl)phenyl)undecanamide) (89) 

Ligand 89 was synthesised according to Procedure 1 using 11,11'-

disulfanediyldiundecanoic acid (77.6 mg, 178 µmol, 0.5 eq.), 3-([2,2'-bipyridin]-4-yl)aniline 

(88.2 mg, 357 µmol, 1 eq.) EDC (181 mg, 942 µmol, 2.6 eq.) and DMAP (53.2 mg, 436 

µmol, 1.2 eq.), yielding the product as a beige solid (115 mg, 129 µmol, 72%). m.p. 85–87 

°C. δH (400 MHz, DMSO-d6): 10.08 (1H, s, NH), 8.75 (1H, d, H13, 3J = 5.2 Hz), 8.73 (1H, 
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ddd, H2, 3J = 4.8 Hz, 4J = 1.8 Hz, 4J = 

0.8 Hz), 8.65 (1H, d, H6, 4J = 1.8 Hz), 

8.44 (1H, d, H5, 3J = 7.9 Hz), 8.12 (1H, 

s, H11), 7.97 (1H, td, H4, 3J = 7.9 Hz, 4J 

= 1.8 Hz), 7.74 (1H, d, H9, 3J = 8.3 Hz), 

7.72 (1H, dd, H12, 3J = 5.2 Hz, 4J = 1.8 

Hz), 7.49 (3H, m, H3, H7 and H8), 2.63 

(2H, t, H11’, 3J = 7.2 Hz), 2.32 (2H, t, 

H2’, 3J = 7.3 Hz), 1.57 (4H, m, H3’ and H10’), 1.25 (12H, m, H4’–H9’). δC (101 MHz, DMSO-

d6): 171.59 (C=O), 155.95 (q), 155.04 (q), 150.10, 149.29, 148.12 (q), 140.28 (q), 137.68 

(q), 137.41, 129.74, 124.40, 121.48, 121.34, 120.65, 119.81, 117.38, 117.03, 37.88, 36.48, 

28.83, 28.81, 28.74, 28.64, 28.51, 28.48, 27.68, 25.05. νmax (ATR)/cm−1: 3283 (amide N-H 

stretch), 3061 (aromatic C-H stretch), 2918 and 2848 (alkane C-H stretch), 1656 (C=O 

stretch), 1543 (amide N-H bend), 1464 (aromatic C=C stretch), 1425 (C-N stretch). 

MALDI+-HRMS: m/z calc = 893.4610 for C54H65N6O2S2; m/z found = 893.4639 [M+H]+.  

7.10.2 Synthesis and Characterisation of Complexes 90 and 91 

Tetra(1,10-phenanthroline)(11,11'-disulfanediylbis(N-(3-([2,2'-bipyridin]-4-yl)phenyl) 

undecanamide))diruthenium(II) chloride (90) 

Complex 90 was 

synthesised according to 

Procedure 3 using 

ligand 89 (38.6 mg, 43.2 

µmol, 1 eq.) and 

[Ru(phen)2Cl2] (50.5 

mg, 94.8 µmol, 2.2 eq.), 

yielding the product as a 

red solid (65.6 mg, 34.8 

µmol, 80%). Calculated 

for C102H96N14Cl4O2S2Ru2 + 16H2O: C, 54.54; H, 5.74; N, 8.73. Found: C, 54.04; H, 5.21; 

N, 9.07. δH (400 MHz, DMSO-d6): 10.43 (1H, s, NH), 9.16 (1H, d, H5
pbpySS, 3J = 8.2 Hz), 

9.10 (1H, d, H6
pbpySS, 4J = 1.4 Hz), 8.85 (2H, d, Hphen, 3J = 8.2 Hz), 8.75 (2H, dt, Hphen, 3J = 

8.3 Hz, 4J = 1.1 Hz), 8.38 (5H, m, H5
phen and H6

phen, Hphen), 8.33 (1H, s, H11
pbpySS), 8.26 

(1H, dd, Hphen, 3J = 5.2 Hz, 4J = 1.1 Hz), 8.17 (1H, td, H4
pbpySS, 3J = 8.2 Hz, 4J = 1.3 Hz), 



Chapter 7 – Experimental 

245 

 

7.96 (4H, m, Hphen, H2
pbpySS and H13

pbpySS), 7.73 (4H, m, Hphen), 7.67 (2H, dd, H8
pbpySS and 

H9
pbpySS, 3J = 8.0 Hz, 4J = 1.7 Hz), 7.60 (1H, dd, H12

pbpySS, 3J = 6.0 Hz, 4J = 1.4 Hz), 7.48 

(1H, t, H7
pbpySS, 3J = 8.0 Hz), 7.43 (1H, m, H3

pbpySS), 2.65 (2H, t, H11’
 pbpySS, 3J = 7.2 Hz), 

2.34 (2H, t, H2’
 pbpySS, 3J = 7.4 Hz), 1.57 (4H, m, H3’ 

pbpySS and H10’ 
pbpySS), 1.23 (12H, m, 

H4’–H9’ 
pbpySS). δC (101 MHz, DMSO-d6): 171.68 (C=O), 157.40 (q), 157.00 (q), 152.72, 

152.58, 152.44, 152.40, 151.86, 151.70, 152.44, 152.40, 148.56 (q), 147.17 (q), 147.15 (q), 

146.91 (q), 146.89 (q), 140.36 (q), 137.78, 136.93, 136.91, 136.80, 135.73 (q), 130.53 (q), 

130.49 (q), 130.43 (q), 129.61, 128.07, 127.79, 126.46, 126.35, 124.78, 124.61, 121.97, 

121.54, 120.88, 117.82, 37.79, 36.32, 28.86, 28.85, 28.79, 28.65, 28.54, 28.48, 27.69, 25.04. 

νmax (ATR)/cm−1: 3247 (amide N-H stretch), 3053 (aromatic C-H stretch), 2923 and 2851 

(alkane C-H stretch), 1665 (C=O stretch), 1550 (amide N-H bend), 1469 (aromatic C=C 

stretch), 1426 (C-N stretch). MALDI+-HRMS: m/z calc = 1815.5331 for C102H95N14O2S2Ru; 

m/z found = 1815.5494 [M-H]+. 

Tetra(1,4,5,8-tetraazaphenantherene)(11,11'-disulfanediylbis(N-(3-([2,2'-bipyridin]-4-

yl)phenyl)undecanamide))diruthenium(II) chloride (91) 

Complex 91 was 

synthesised according to 

Procedure 3 using 

ligand 89 (84.1 mg, 94.1 

µmol, 1 eq.) and 

[Ru(TAP)2Cl2] (104 

mg, 193 µmol, 2.1 eq.), 

yielding the product as a 

red solid (48.1 mg, 24.5 

µmol, 26%). Calculated for C94H88N22Cl4O2S2Ru2 + 16.5H2O: C, 49.88; H, 5.39; N, 13.62. 

Found: C, 49.22; H, 4.62; N, 13.37. δH (400 MHz, DMSO-d6): 10.58 (1H, s, NH), 9.22 (3H, 

m, H5
pbpySS and HTAP), 9.13 (1H, d, H6

pbpySS, 4J = 1.7 Hz), 9.02 (2H, d, HTAP, 3J = 2.8 Hz), 

8.66 (4H, m, H9
TAP and H10

TAP), 8.52 (1H, d, HTAP, 3J = 2.9 Hz), 8.44 (2H, m, HTAP), 8.38 

(2H, m, H11
pbpySS and HTAP), 8.26 (1H, td, H4

pbpySS, 3J = 7.9 Hz, 4J = 1.2 Hz), 7.91 (2H, m, 

H2
pbpySS and H13

pbpySS), 7.71 (2H, m, H7
pbpySS and H9

pbpySS), 7.60 (1H, dd, H12
pbpySS, 3J = 6.1 

Hz, 4J = 1.7 Hz), 7.49 (2H, m, H3
pbpySS and H8

pbpySS), 2.66 (2H, t, H11’
 pbpySS, 3J = 7.2 Hz), 

2.34 (2H, t, H2’
 pbpySS, 3J = 7.5 Hz), 1.58 (4H, m, H3’ 

pbpySS and H10’ 
pbpySS), 1.26 (12H, m, 

H4’–H9’
 pbpySS). δC (101 MHz, DMSO-d6): 171.74 (C=O), 156.76 (q), 156.37 (q), 152.94, 
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152.85, 149.78, 149.76, 149.29, 149.25, 148.62, 148.52, 144.55 (q), 144.50 (q), 141.88 (q), 

141.59 (q), 140.46 (q), 139.00, 135.22 (q), 132.49, 132.44, 132.32, 129.64, 128.05, 124.96, 

124.69, 122.02, 121.71, 121.04 (q), 121.03, 117.88, 37.81, 36.33, 28.87, 28.81, 28.68, 28.55, 

28.49, 27.70, 25.07. νmax (ATR)/cm−1: 3244 (amide N-H stretch), 3052 (aromatic C-H 

stretch), 2922 and 2851 (alkane C-H stretch), 1665 (C=O stretch), 1536 (amide N-H bend), 

1485 (aromatic C=C stretch), 1406 (C-N stretch). MALDI+-HRMS: m/z calc = 1823.4911 for 

C94H87N22O2S2Ru2; m/z found = 1823.5002 [M-H]+.
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Figure A2.1. 1H NMR (400 MHz, DMSO-d6) spectrum of TAP. 

 

 

Figure A2.2. 13C NMR (101 MHz, DMSO-d6) spectrum of TAP. 
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Figure A2.3. 1H NMR (400 MHz, CDCl3) spectrum of dtp. 

 

 

 

Figure A2.4. 13C NMR (101 MHz, CDCl3) spectrum of dtp. 
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Figure A2.5. 1H NMR (600 MHz, CD3CN) spectrum of 63. Signals corresponding to phen ligands are in green 

and signals assigned to the dtp ligand are in red. 

 

 

 

Figure A2.6. 13C NMR (151 MHz, CD3CN) spectrum of 63. 
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Figure A2.7. 13C NMR (151 MHz, CD3CN) spectrum of 64. 
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Table A2.1. Crystal data and structure refinement for 64. 

Identification code 64 

Empirical formula C38H20N14RuS∙2Cl∙6H2O 

Formula weight 984.80 

Temperature / K 100 

Crystal system Monoclinic 

Space group C2/c 

a / Å 14.9292(5) 

b / Å 14.9340(6) 

c / Å 35.2162(12) 

α / ° 90 

β / ° 96.717(2) 

γ / ° 90 

Volume / Å3 7797.7(5) 

Z 8 

ρcalc / g cm−3 1.678 

µ / mm−1 5.605 

F(000) 4000 

Crystal size / mm3 0.18 × 0.12 × 0.07 

Radiation CuKα (λ = 1.54178) 

2θ range for data collection / ° 8.40 to 108.42 

Index ranges −15 ≤ h ≤ 15, −15 ≤ k ≤ 15, −37 ≤ l ≤ 34 

Reflections collected 29550 

Independent reflections 4756 [Rint = 0.0603, Rsigma = 0.0412] 

Data/restraints/parameters 4756/24/554 

Goodness-of-fit on F2 1.247 

Final R indexes [I ≥ 2σ (I)] R1 = 0.0937, wR2 = 0.2097 

Final R indexes [all data] R1 = 0.1004, wR2 = 0.2133 

Largest diff. peak/hole / e Å−3 1.87/−1.20 
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Figure A2.8. UV-vis absorption and emission spectra of 63 in 10 mM sodium phosphate-buffered aqueous 

solution at pH 7.4, at room temperature (rt). 

 

Table A2.2. Bi-exponential and pre-exponential weighted mean emission lifetimes (τM) of 63 and 64 in the 

presence of DNA in different conditions, at 298 K. 

Complex Conditions τ1 (ns) %A1 τ2 (ns) %A2 τ3 (ns) %A3 τM (ns) 

63 + DNA 

D2O (O2) 169 35 493 47 1179 18 504 

D2O (Ar) 182 37 549 45 1306 18 554 

H2O (Air) 107 46 336 40 842 14 301 

H2O (Ar) 113 46 358 40 876 14 319 

64 + DNA 

D2O (O2) 92 41 362 40 1012 19 374 

D2O (Ar) 180 42 759 39 2173 19 777 

H2O (Air) 75 42 246 42 606 16 232 

H2O (Ar) 91 45 391 38 1147 16 377 

 

 

 

Figure A2.9. Toxicity profiles of (a) PCP and (b) DNP in HeLa cells. HeLa cells were treated with the indicated 

concentrations of the required complexes and incubated for 24 h followed by either exposure to light for 1 hour 

or maintenance in the dark and followed by further 24 h incubation. Cells were then incubated with the Alamar 

Blue dye for 4 h and assessed for cellular viability.  
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Figure A3.1. 1H NMR (400 MHz, D2O) spectrum of 38. 

 

 

Figure A3.2. 13C NMR (101 MHz, D2O) spectrum of 38. 
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Figure A3.3. Comparison between the calculated (blue) and experimental (black) isotopic distribution pattern 

for 38 from electrospray ionisation (positive mode) high resolution mass spectrometry analysis. 
 

 

 

 

Figure A3.4. Monitoring of the photoreaction progress between 38 (100 µM) and GMP (10 mM) in deaerated 

aqueous solution at pH 5 by UV-vis absorption spectroscopy. 
 

 

 

 

Figure A3.5. Monitoring of the illumination of 38 (50 µM) in the absence of GMP in deaerated aqueous 

solution at pH 5 by (a) UV-vis absorption and (b) emission spectroscopy (λexc = 407 nm) at different irradiation 

times, at 298 K. 
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Figure A3.6. HPLC chromatogram (λabs = 440 nm) of (a) GMP and (b) 38. Column: Jupiter® 5 µm C18 300 

Å, LC Column 250 × 10.0 mm. Column: Jupiter® 5 µm C18 300 Å, LC Column 250 × 4.6 mm. Gradient: 0−5 

min 85% A, 10% B and 5% C; 5−25 min from 85% A, 10% B and 5% C to 0% A, 95% B and 5% C (A = H2O, 

B = MeCN and C = TFA (2%)). 

 

 

 

 

 

Figure A3.7. Mass spectrum of fraction b obtained by high resolution MALDI-TOF mass spectrometry analysis 

(α-cyano-4-hydroxycinnamic acid (α-CHCA) matrix, molecular weight 189.17 Da) and corresponding to 38 

(m/z = 648.0810). 
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Figure A3.8. Mass spectrum of fraction c obtained by high resolution MALDI-TOF mass spectrometry analysis 

(α-cyano-4-hydroxycinnamic acid (α-CHCA) matrix, molecular weight 189.17 Da) and corresponding to the 

photoproducts formed by the substitution of a TAP ligand in complex 38 by a GMP, and the loss of the guanine 

base by such photoproduct (m/z 825.1410 and 679.0788, respectively). 
 

 

 

 

Figure A3.9. Mass spectrum of fraction d obtained by high resolution MALDI-TOF mass spectrometry analysis 

(α-cyano-4-hydroxycinnamic acid (α-CHCA) matrix, molecular weight 189.17 Da) and corresponding to the 

complex 38 bearing an amino group on one of its TAP ligands (m/z 663.0779). 
 

 

 

 

Figure A3.10. Comparison between the calculated (blue) and experimental (black) isotopic distribution 

pattern for 77 obtained by high resolution MALDI-TOF mass spectrometry analysis. 
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Figure A3.11. UV-vis absorption and emission spectra of (a) 43 in D2O (blue) and 10 mM potassium 

phosphate-buffered D2O solution at pH 1 (dark yellow), 5 (green) and 8 (red), and (b) GMP in 10 mM 

potassium phosphate-buffered D2O solution at pH 1 (dark yellow) and 12 (purple), at 298 K. 

 

 

 

 

 

 

Figure A3.12. 1H NMR (800 MHz) spectrum of 43 (400 µM, R = ribose-phosphate) in 10 mM potassium 

phosphate-buffered H2O/D2O (95:5) solution at pH 5 and 293 K, showing the sugar protons between 3.0 and 

6.0 ppm. 
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Figure A3.13. 1H NMR (800 MHz) spectrum of 43 (400 µM, R = ribose-phosphate) in 10 mM potassium 

phosphate-buffered H2O/D2O (95:5) solution at pH 8 and 293 K, showing the sugar protons between 3.0 and 

6.0 ppm. 

 

Figure A3.14. TOCSY (600 MHz) spectrum of 43 (200 µM) in 10 mM potassium phosphate-buffered H2O/D2O 

(95:5) solution at pH 5 and 293 K. 
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Figure A3.15. HSQC (600 MHz) spectrum of 43 (200 µM) in 10 mM potassium phosphate-buffered H2O/D2O 

(95:5) solution at pH 5 and 293 K. 

 

 

Figure A3.16. COSY (600 MHz) spectrum of 43 (400 µM) in 10 mM potassium phosphate-buffered H2O/D2O 

(95:5) solution at pH 8 and 293 K. 
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Figure A3.17. HSQC (600 MHz) spectrum of 43 (400 µM) in 10 mM potassium phosphate-buffered H2O/D2O 

(95:5) solution at pH 8 and 293 K. 

 

 

 

Figure A3.18. 31P NMR (162 MHz) spectrum of 43 at 400 and 200 µM in 10 mM potassium phosphate-buffered 

H2O/D2O (95:5) solution at pH 5, at 295 K. 
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Figure A3.19. 1H NMR (800 MHz) spectrum of 43 (400 µM) at 5 and 20 °C in 10 mM potassium phosphate-

buffered H2O/D2O (95:5) solution at pH 5. 

 

 

Figure A3.20. 1H NMR (800 MHz) spectrum of 43 (400 µM) at 5 and 20 °C in 10 mM potassium phosphate-

buffered H2O/D2O (95:5) solution at pH 8. 
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Figure A3.21. ps-TrA spectra recorded at the stated time delays after 373 nm excitation of 43 (400 µM) in 50 

mM potassium phosphate-buffered D2O solution at (a) pH 6 and (b) pH 7, and the corresponding ground-state 

absorption (GS-Abs) spectra. 

 

 

 

 

Figure A3.22. ps-TRIR spectra recorded at the stated time delays after 373 nm excitation of 43 (400 µM) in 

50 mM potassium phosphate-buffered D2O solution at (a) pH 6 and (b) pH 7. 

 

 

 

 

Figure A3.23. ns-TRIR spectra recorded at the stated time delays after 373 nm excitation of 43 (400 µM) in 

50 mM potassium phosphate-buffered D2O solution at (a) pH 6 and (b) pH 7.  
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Figure A4.1. 1H NMR (400 MHz, DMSO-d6) spectrum of ligand 84. 

 

 

Figure A4.2. 13C NMR (101 MHz, DMSO-d6) spectrum of ligand 84. 
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Figure A4.3. 13C NMR (151 MHz, DMSO-d6) spectrum of ligand 85. 

 

 

 

Figure A4.4. 1H NMR (600 MHz, CDCl3) spectrum of ligand 86. 
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Figure A4.5. 13C NMR (151 MHz, CDCl3) spectrum of ligand 86. 

 

 

 

Figure A4.6. 1H NMR (600 MHz, CD3CN) spectrum of 42. 
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Figure A4.7. 13C NMR (151 MHz, CD3CN) spectrum of 42. 

 

 

 

Figure A4.8. 1H NMR (400 MHz, D2O) spectrum of 39. Signals corresponding to TAP ligands are in green 

and signals assigned to the phen ligand are in red. 
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Figure A4.9. 13C NMR (101 MHz, D2O) spectrum of 39. 

 

 

 

Figure A4.10. 1H NMR (400 MHz, CD3CN) spectrum of 78. Signals corresponding to phen ligands are in 

green and signals assigned to ligand 84 ligand are in red. 
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Figure A4.11. 13C NMR (101 MHz, CD3CN) spectrum of 78. 

 

 

Figure A4.12. 1H NMR (400 MHz, DMSO-d6) spectrum of 81. Signals corresponding to TAP ligands are in 

green and signals assigned to ligand 84 ligand are in red. 
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Figure A4.13. 13C NMR (151 MHz, DMSO-d6) spectrum of 81. 

 

 

 

Figure A4.14. 13C NMR (101 MHz, CD3CN) spectrum of 79. 
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Figure A4.15. 1H NMR (400 MHz, CD3CN) spectrum of 82. Signals corresponding to TAP ligands are in green 

and signals assigned to ligand 85 ligand are in red. 

 

 

Figure A4.16. 13C NMR (101 MHz, CD3CN) spectrum of 82. 
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Figure A4.17. 1H NMR (600 MHz, DMSO-d6) spectrum of 80. Signals corresponding to phen ligands are in 

green and signals assigned to ligand 86 ligand are in red. 

 

 

 

Figure A4.18. 13C NMR (151 MHz, DMSO-d6) spectrum of 80. 
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Figure A4.19. 1H NMR (400 MHz, CD3CN) spectrum of 83. Signals corresponding to TAP ligands are in green 

and signals assigned to ligand 86 ligand are in red. 

 

 

 

Figure A4.20. 13C NMR (101 MHz, CD3CN) spectrum of 83. 
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Figure A4.21. Comparison between the calculated (blue) and experimental (black) isotopic distribution 

pattern for (a) 42, (b) 39, (c) 78, (d) 81, (e) 80 and (f) 83 from electrospray ionisation (positive mode) or 

matrix-assisted laser desorption/ionisation (positive mode) high resolution mass spectrometry analysis. 
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Figure A4.22. UV-vis absorption, excitation and emission spectra of (a) 42, (b) 39, (c) 78, (d) 81, (e) 80 and 

(f) 83 in 10 mM sodium phosphate-buffered aqueous solution at pH 7.4, at 298 K. 
 

 

Table A4.1. Bi-exponential and pre-exponential weighted mean emission lifetimes (τM) of 80 and 83 in 10 mM 

sodium phosphate-buffered aqueous solution at pH 7.4, at 298 K. 

Complex Conditions τ1 (ns) %A1 τ2 (ns) %A2 τM (ns) 

80 

Air 759 55 1490 45 1085 

N2 358 49 813 51 587 

83 

Air 896 46 1752 54 1354 

N2 343 42 949 58 696 
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Figure A4.23. Micelle size distribution determined by DLS analysis for (a) 80 at 263 µM (above the cmc) and 

(b) 83 at 226 µM (above the cmc) in aqueous solutions at 298 K. 

 

 

 

Table A4.2. Bi-exponential and pre-exponential weighted mean emission lifetimes (τM) of 80 at different 

concentrations in H2O at 298 K. 

Concentration 

(µM) 
τ1 (ns) %A1 τ2 (ns) %A2 τM (ns) 

5.60 353 41 768 59 597 

11.20 307 47 736 53 535 

28.00 523 68 784 32 605 

56.01 495 50 707 50 602 

74.68 526 67 991 33 680 

112.01 565 70 1032 30 703 

149.35 542 53 907 47 715 

186.69 553 52 977 48 756 

224.03 498 35 929 65 777 

261.36 471 30 953 70 809 

336.04 555 37 1081 63 884 

429.38 549 31 1151 69 965 

522.73 541 28 1137 72 969 
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Table A4.3. Bi-exponential and pre-exponential weighted mean emission lifetimes (τM) of 83 at different 

concentrations in H2O at 298 K. 

Concentration 

(µM) 
τ1 (ns) %A1 τ2 (ns) %A2 τM (ns) 

6.83 325 5 945 95 916 

13.67 412 6 956 94 924 

22.78 364 6 950 94 916 

34.17 388 5 951 95 923 

45.56 427 7 957 93 918 

72.90 210 8 946 92 890 

100.23 247 6 948 94 906 

145.79 265 17 944 83 832 

205.02 332 24 946 76 800 

250.58 375 21 934 79 814 

296.14 434 25 967 75 835 

364.48 457 32 977 68 811 

432.82 435 32 969 68 799 

501.16 403 39 922 61 719 
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Figure A4.24. Thermal denaturation curves of stDNA (150 μM) in 10 mM sodium phosphate-buffered aqueous 

solution at pH 7.4, in the absence and presence of (a) 78, (b) 81, (c) 79, (d) 82, (e) 80 and (f) 83 at different 

P/D ratios. 
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Figure A4.25. Circular dichroism spectra of stDNA (150 μM) in 10 mM sodium phosphate-buffered aqueous 

solution at pH 7.4, in the absence and presence of (a) 78, (b) 81, (c) 80 and (d) 83 at different P/D ratios. 
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Figure A4.26. UV-vis absorption spectra of (a) 42, (b) 39, (c) 78, (d) 81, (e) 79 and (f) 82 in water (black) and 

1-octanol (red) phases at 298 K, showing the preference of the six complexes by the aqueous phase. 
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Table A4.4. Bi-exponential, tri-exponential and pre-exponential weighted mean emission lifetimes (τM) of 80 

and 83 in different conditions, at 298 K. 

Complex Conditions τ1 (ns) %A1 τ2 (ns) %A2 τ3 (ns) %A3 τM (ns) 

80 

D2O (O2) 210 35 441 65 - - 361 

D2O (Ar) 424 48 991 52 - - 719 

H2O (Air) 414 25 1030 75 - - 876 

H2O (Ar) 479 36 1206 64 - - 947 

83 

D2O (O2) 175 43 719 34 33 24 326 

D2O (Ar) 349 24 2157 41 98 35 985 

H2O (Air) 273 21 903 79 - - 770 

H2O (Ar) 313 31 1056 69 - - 825 

 

 

 

Figure A4.27. Singlet oxygen emission decays at 1270 nm produced by (a) 42 and (b) 39 at different laser 

energies (λexc = 532 nm) in O2-saturated D2O solution at 298 K. Inset: Plot of intercept values (V) vs. laser 

energy (mJ) and the best linear fit of the data. 

 

 

Figure A4.28. Emission spectra of ABDA (λexc = 380 nm) in the presence of (a) 42 and (b) 39 (A470 ≈ 0.01) in 

H2O at different irradiation times using a 470 nm pE-2 LED illumination system (100% intensity), at 298 K. 

Inset: Plot of I/I0 vs. irradiation time (s) and the best linear fit of the data. 
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Figure A4.29. Emission spectra of ABDA (λexc = 380 nm) in the absence of photosensitiser in H2O at different 

irradiation times using a 470 nm pE-2 LED illumination system (100% intensity), at 298 K. 

 

 

 

 

 

Figure A4.30. Emission spectra of (a) 79, (b) 80, (c) 82 and (d) 83 in the absence (black) and in the presence 

of L-tryptophan (5 mM) in aqueous solution at 298 K. 
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Figure A431. Toxicity profiles of (a) 42, (b) 78, (c) 79, (d) 80, (e) 39, (f) 81, (g) 82 and (h) 83 in HeLa cells. 

HeLa cells were treated with the indicated concentrations of the required complexes and incubated for 24 h 

followed by either exposure to light for 1 hour or maintenance in the dark and followed by further 24 h 

incubation. Cells were then incubated with the Alamar Blue dye for 4 h and assessed for cellular viability. Note 

that a logarithmic scale is used in graphs (d), (g) and (h) for clarity.  
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Figure A5.1. 13C NMR (151 MHz, DMSO-d6) spectrum of ligand 89. 

 

 

Figure A5.2. 13C NMR (151 MHz, DMSO-d6) spectrum of 90. 
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Figure A5.3. 1H NMR (400 MHz, DMSO-d6) spectrum of 91. Signals corresponding to TAP ligands are in 

green and signals assigned to ligand 89 ligand are in red. 

 

 

 

Figure A5.4. 13C NMR (151 MHz, DMSO-d6) spectrum of 91. 
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Figure A5.5. Bright field images of HeLa cells showing the uptake of 90·AuNP and 91·AuNP at ca. 20 µM 

Ru(II) complex concentration after 2, 4 and 24 h incubation. 
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Luminescent ruthenium polypyridyl complexes
with extended ‘dppz’ like ligands as DNA targeting
binders and cellular agents†

Bjørn C. Poulsen,‡a Sandra Estalayo-Adrián,‡a Salvador Blasco,‡a Sandra A. Bright,a,b

John M. Kelly,a D. Clive Williams*b and Thorfinnur Gunnlaugsson*a

Four new Ru(II) polypyridyl complexes that contain an extended aromatic moiety derived from pyrazino

[2,3-h]dipyrido[3,2-a:2’,3’-c]phenazine and either 1,10-phenanthroline (phen) or 1,4,5,8-tetraazaphenan-

threne (TAP) have been synthesized, their solid state X-ray crystal structure determined and their photo-

physical and biological properties evaluated. Their interactions with DNA have been studied, and they

have been tested for their potential as photodynamic therapeutic (PDT) agents in the treatment of cancer.

A practical modification of a method by Carter, Rodriguez and Bard has been introduced and used to cal-

culate binding parameters for the complexes which show a strong affinity for DNA with binding constants

in the order of 107 M−1 (in 10 mM phosphate buffer). The complexes containing phen as an ancillary

ligand become emissive upon binding to DNA (“light switch effect”), but do not show selective cyto-

toxicity upon light irradiation. On the other hand, the TAP complexes, which show an inverse “light switch

effect” (emission quenched upon binding to DNA), are strongly photo-toxic suggesting their use in

Photodynamic Therapy (PDT). In HeLa cells the best PDT agent shows an IC50 value (light) = 4 µM vs. IC50

value (dark) = 62 µM.

Introduction

Ruthenium (Ru(II)) polpyridyl complexes possess interesting
photophysical properties that can have applications in supra-
molecular chemistry, biology and potentially in medicine.1–3

In recent times, such complexes have been developed as
nucleic acid binders; the binding mode being shown to be
highly dependent on the structure of the coordinating
ligands.2 Recently the development of Ru(II) complexes that
have ligands possessing extended aromatic regions such as
dipyrido[3,2-a:2′,3′-c]phenazine (dppz) and pyrazino[2,3-h]
dipyrido[3,2-a:2′,3′-c]phenazine (pdppz) have been developed
and their ability to intercalate into oligonucleotides has been
studied, which includes the use of X-ray crystallography in con-

junction with ultra-fast spectroscopy, such as transient IR.3 As
the photophysical (i.e. absorption/emission, lifetime, and
quantum yield, etc.) properties of such complexes are usually
significantly modulated upon DNA binding, their application
as novel photodynamic therapy (PDT) agents has also emer-
ged.2a–c PDT is a strategy to selectively kill cancer cells by
modulation in the toxicity of the therapeutic agent upon light
irradiation, and has been commonly employed using chemical
structures such as porphyrins, azadipyrromethenes,4 BODIPY
based dyes and more recently, Ru(II) polypyridyl complexes,5,6

that upon light activation/irradiation can generate reactive
species (such as reactive oxidative species) or partake in elec-
tron transfer reactions, that results in the onset of apoptosis or
necrosis with concomitant cell death. We have recently
explored the properties of different Ru(II) complexes as
imaging or anti-cancer agents, and detailed biological profil-
ing of two Ru(II) polypyridyl complexes (1 and 2, Scheme 1)2a

containing pdppz as auxiliary ligands which, depends on the
nature of the remaining two polypyridyl ligands, function as
luminescent cellular probes (1) or as novel PDT agents (2).2a

These results inspired us to make different variations in the
structure of these complexes and determine how such changes
affect their properties. Moreover, such complexes can be conju-
gated to surfaces such as gold nanoparticles, as we have
recently demonstrated, and employed in cellular applications,

†Electronic supplementary information (ESI) available: Characterisation, data-
fitting and X-ray crystallographic information. CCDC 1489206 and 1489207. For
ESI and crystallographic data in CIF or other electronic format see DOI: 10.1039/
c6dt03792e
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such as in luminescent imaging and theranostics.7,8 Herein we
report a new family of Ru(II) complexes that we have prepared
with extended aromatic groups derived from pdppz, Scheme 1,
using either phen or TAP ligands. We report their characteris-
ation, photophysical properties and anticancer activity towards
HeLa cancer cells. We also demonstrate that the interactions
of these with nucleic acids (e.g. DNA) can be quantified by
fitting the spectroscopic data using non-linear regression ana-
lysis; this analysis demonstrating very high affinity for the
novel Ru(II) complexes presented herein.

Results and discussion
Synthesis of ligands and complexes

The synthesis of the ligand pdppz, as well as the complexes 1
and 2 (see Scheme 1), has been previously reported by our
research group.2,9 The synthesis of 1,10-phenanthroline-5,6-
dione,10–12 dipyrido[3,2-a:2′,3′-c][1,2,5]thiadiazolo[3,4-4,3]phe-
nazine (dtp),13 TAP,14 5-nitro-2,1,3-benzothiadiazole and 4,5-

diamino-2,1,3-benzothiadiazole was by established proce-
dures.15 Synthesis of complexes 3–6 was achieved by adapting
the procedures for 1 and 2, as shown in Scheme 2. The
extended polypyridyl ligands 3-methylpyrazino[2,3-h]dipyrido
[3,2-a:2′,3′-c]phenazine (mpdppz) and dtp were synthesised by
condensation of 1,10-phenanthroline-5,6-dione with 2-methyl-
5,6-diaminoquinoxaline or 4,5-diamine-2,1,3-benzothiadiazole,
respectively by refluxing in ethanol, yielding mpdppz or dtp as
a white and a yellow solid in 92% and 81% yield, respectively.
Microwave reactions of mpdppz and dtp with the appropriate
Ru(II) bispolypyridyl dichloride at 140 °C followed by column
chromatographic purification using neutral alumina and
MeCN : H2O (10 : 0 to 9 : 1) as eluent, yielded complexes 3–6 as
orange-red solids in 74%, 59%, 30% and 44% yield, respect-
ively. The distinct units of the complexes were readily dis-
cerned by NMR (CD3CN, 400 MHz) (see ESI Fig. S4, S7, S13
and S16†). CHN analysis and mass spectrometry showed the
formation of the desired products in high purity.

Photophysical characterisation of Ru(II) complexes

The photophysical properties of 3–6 were studied in 10 mM
aqueous sodium phosphate buffer at pH 7.4 for complexes 4
and 6 and in acetonitrile for complexes 3 and 5 (as their chlor-
ide salts); these latter complexes were found to be non-emis-
sive in aqueous solution.16,17 As has been reported for other
related Ru(II) polypyridyl complexes containing extended aro-
matic ligands, similar characteristic bands were observed in
the UV-Vis absorption and the emission spectra of 3–6 (Fig. 1
& ESI†).18,19 Complexes 3 and 5 showed two absorption bands
at 223 nm and 262 nm (ε(3) = 12.5 × 104 M−1 cm−1, ε(5) = 9.0 ×
104 M−1 cm−1) which can be assigned to π–π* intra-ligand tran-
sitions of the phen ligands. An absorption band was also
observed at 310 nm (ε(3) = 7.5 × 104 M−1 cm−1, ε(5) = 6.4 × 104

M−1 cm−1) which is characteristic of π–π* transitions within
the extended aromatic ligand mpdppz and dtp. Further two
absorption bands were observed centred at 360 nm and
380 nm, these being attributed to π–π* transition within the
phenazine part of mpdppz and dtp. Finally, a broad absorp-
tion band centred at 440 nm (ε(3) = 2.41 × 104 M−1 cm−1, ε(5) =

Scheme 1 Structure of the ruthenium complexes: (1–2) 1,10-phenan-
throline (phen) and 1,4,5,8-tetraazaphenanthrene (TAP) ruthenium com-
plexes with pyrazino[2,3-h]dipyrido[3,2-a:2’,3’-c]phenazine (pdppz).
(3–4) phen and TAP ruthenium complexes with 3-methylpyrazino[2,3-h]
dipyrido[3,2-a:2’,3’-c]phenazine (mpdppz). (5–6) phen and TAP ruthe-
nium complexes with dipyrido[3,2-a:2’,3’-c][1,2,5]thiadiazolo[3,4-4,3]
phenazine (dtp).

Scheme 2 Synthesis of Ru(II) complexes 1–6, where R = H or CH3 and X = N or CH: (i) methylglyoxal, EtOH, Δ, 43%; (ii) NH2OH·HCl, Na, MeOH,
27%; (iii) NH2NH2·H2O, 10% Pd/C, EtOH, Δ; (iv and iv’) EtOH/H2O, Δ, 91% and 81%, respectively; (v and v’) Ru(L)2Cl2 (L = phen or TAP), EtOH/H2O,
microwave reaction, 140 °C, 40 min; (i’) SOCl2, NEt3, DMF, 0 °C, 51%; (ii’) NH2OH·HCl, KOH, EtOH, 0 °C; (iii’) Na2S2O4, H2O, Δ, 71%.
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1.83 × 104 M−1 cm−1) corresponding to the metal to ligand
charge transfer (MLCT) transition of the Ru(II) complex with
an electron transfer from the metal centre to the extended
ligand was also observed. Complexes 4 and 6 showed an
absorption band at 275 nm (ε(4) = 8.8 × 104 M−1 cm−1, ε(6) =
6.8 × 104 M−1 cm−1) characteristic of π–π* intra-ligand tran-
sitions of the ancillary TAP ligands; an absorption band at
310 nm (ε(4) = 8.7 × 104 M−1 cm−1, ε(6) = 7.9 × 104 M−1 cm−1)
corresponding to π–π* transition within the ligand mpdppz
and dtp; and an absorption band at 412 nm (ε(4) = 2.4 × 104

M−1 cm−1, ε(6) = 2.0 × 104 M−1 cm−1) attributed to the typical
MLCT transition of this kind of complex where an electron
transfer occurs from the metal centre to the TAP ligands.
Concerning the emission properties, luminescence bands were
observed with band maxima at 619 nm for complexes 3 and 5
(λexc = 440 nm), and at ca. 630 nm for complexes 4 and 6 (λexc =
415 nm).

Luminescence quantum yields (φem) and lifetime measure-
ments were undertaken and the results are summarised for
each of the complexes in Table 1. The four complexes exhibi-
ted similar emission properties compared to dppz Ru(II) com-

plexes described in the literature.18,19 Complexes 3 and 5,
showed luminescence lifetimes of 166 ns and 169 ns, respect-
ively in air-saturated acetonitrile solution. These values are
very close to the reported lifetime of [Ru(phen)2dppz]

2+

complex (177 ns).20 However, whilst the lifetime of complex 5
(590 ns) in deaerated acetonitrile solution is close to the value
of [Ru(phen)2dppz]

2+ (663 ns), the value obtained for the life-
time of 3 is significantly shorter (324 ns) than the others.
However, this value is close to that reported previously by our
laboratory for 1 (411 ns).2 A possible explanation of this obser-
vation could be the existence of more than one luminescent
state as has previously been described for the similar complex
[Ru(phen)2PHEHAT]2+, (PHEHAT = 1,10-phenanthrolino[5,6-b]
1,4,5,8,9,12-hexaazatri-phenylene).21 For 4 and 6, which have
TAP ligands, the excited electron is located at TAP instead of at
the extended aromatic ligand and the luminescent properties
should be less influenced by the extended ligand structure.
Complexes 4 and 6 showed similar lifetimes values in air-satu-
rated aqueous solution (679 ns and 697 ns, respectively) and in
deaerated aqueous solution (801 ns and 864 ns, respectively).
These values are slightly smaller than the corresponding
reported values of [Ru(TAP)2dppz]

2+ (820 ns and 1090 ns in air-
saturated and deaerated aqueous solution, respectively).22 The
quantum yields of the four compounds reported here, 3 and 5
showed values higher than seen for [Ru(phen)2dppz]

2+ (φF =
0.0073 in air-saturated acetonitrile solution), while quantum
yields of complexes 4 and 6 are quite close to the corres-
ponding value of the [Ru(TAP)2dppz]

2+ complex (φF = 0.035 in
air-saturated aqueous solution).20,22 More detailed studies of
these complexes are currently being undertaken in our laboratory.

Crystallographic studies

Having synthesised and photophysically characterised the
above complexes, we next initiated an investigation into their
solid-state structures.§ Both the TAP complexes (4 and 6) were
successfully crystallised to give products that were suitable for
single crystal X-ray diffraction studies. Unfortunately, the phen
analogues (3 and 5) gave crystals that were not suitable for
such investigations. The crystal structures can be seen in Fig. 2
and 3.

Molecules of 6·2Cl crystallize in a monoclinic C2/c system
in which the unit cell contains 8 complexes of 6, with 16 chlor-
ine counterions along with water molecules. The asymmetric
unit contains one molecule of complex 6 in which the metal
atom is octahedrally coordinated with two TAP ligands and
one dtp moiety, and this coordination geometry is fairly
regular for the bond lengths (see Table 2) with Ru–N bond
averaging 2.06 Å. The N–Ru–N angles are not far from 90° and
these deviations are imposed by the geometry of the bidentate
ligands. None of the external nitrogen atoms of the complex
seem to be engaged in hydrogen bonding from the solvent
molecules (water) except for N9 which receives one from O6
(cf. CIF file). The rest of the water molecules along with the

Fig. 1 UV-Vis absorption, emission and excitation spectra of complexes
(a) 3 in acetonitrile; (b) 6 in 10 mM phosphate buffered aqueous solution
at pH 7.4.

§CCDC numbers: 1489206 and 1489207.

Paper Dalton Transactions

18210 | Dalton Trans., 2016, 45, 18208–18220 This journal is © The Royal Society of Chemistry 2016

Pu
bl

is
he

d 
on

 2
1 

O
ct

ob
er

 2
01

6.
 D

ow
nl

oa
de

d 
by

 T
ri

ni
ty

 C
ol

le
ge

 D
ub

lin
 o

n 
1/

31
/2

01
9 

4:
40

:2
6 

PM
. 

View Article Online

http://dx.doi.org/10.1039/c6dt03792e


counterions form a hydrogen bond network. The dtp moiety is
quite flat and it shows face to face π stacking interactions with
another dtp moiety of a neighbouring complex with the same
absolute configuration (see Fig. 2, middle) which results in
complexes that are paired together. The mean planes of each
dtp units are almost parallel and form a narrow angle of 4.01°;
the stacking distances range between 3.12–3.67 Å and the shift
distance is 1.42 Å. At a higher level these pairs of ΛΛ or ΔΔ
complexes pack together forming layers that pile along the
c crystallographic axis.

Molecules of 4 crystallized in a triclinic P1̄ system with two
chlorine counterions. This crystal was rather small, the reflec-
tions very weak and the data collection was difficult.
Nonetheless the structure could be solved and refined. The

Table 1 Emission properties of complexes 3–6 in acetonitrile and in 10 mM phosphate buffered aqueous solutions at pH 7.4

Complex
λemmax
(nm)

φem
a

buffer
φem

a

MeCN
τem

b (ns) buffer
(air)

τem
b (ns) buffer

(N2)
τem

b (ns) MeCN
(air)

τem
b (ns) MeCN

(N2)

[Ru(phen)2-dppz]
2+ 607 — 0.0073 — — 177 663

[Ru(TAP)2-dppz]
2+ 621 0.035 — 820 1090 — —

1c 625 — — — — 170 411
2c 615 — — 655 813 557 914
3 619 — 0.018 — — 166 324
4 627 0.031 0.024 679 801 715 1070
5 619 — 0.016 — — 169 590
6 631 0.029 0.036 697 864 683 1122

a Air-saturated aqueous solution of [Ru(bpy)3]
2+ as reference (φF = 0.028).1 Estimated errors ± 5%. b The luminescence decays are monoexponen-

tial. Estimated errors ±10%. c Cloonan et al.2

Fig. 2 X-ray crystal structure for complex 6. (First row) crystal structure
for 6 with highlighting of the complex. (Second row) dimeric structure
of neighbouring Λ-6 molecules. Counter ions and solvent molecules are
omitted for clarity. (Third row) arrangement of Λ (blue) and Δ (red)
domains.

Fig. 3 X-ray crystal structure for 4. (First row) crystal structure for
complex 4 with highlighting of the complex and the bending of the
mpdppz moiety. Only one of the two units is shown. (Second row, left)
Details of CH–π and CH–N bonds between neighbouring molecules.
(Second row, right) Details of the only interaction, CH3–π bond between
neighbouring molecules. (Third row, left) Stacking mode between
neighbouring molecules which form an angle of 87.6° (measured as the
torsion angle of Ru atoms and centroids of the central pyrazine within
either mpdppz). (Third row, right) Complexes are shown in red and blue.
(Fourth row) Packing and chirality domains. Hydrogen and chlorine
atoms omitted for clarity.
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solvent molecules were very disordered and could not be mod-
elled properly. SQUEEZE tool23 was used to remove electron
density from the disordered areas and refinement was contin-
ued with the recalculated data. The crystal structure contains
four molecules of 4 along with the corresponding chlorine
counterions. The asymmetric unit contains two crystallogra-
phically different molecules of 4: one Λ-4 and one Δ-4 along
with four chlorine atoms that balance the charge and as men-
tioned some very disordered solvent molecules. In both cases
the ruthenium core shows a fairly regular octahedral geometry
with N–Ru bond distance ranging from 1.99 to 2.12 Å for Ru1
and 2.03 to 2.12 Å for Ru2. The mpdppz moiety is bent with
respect to the plane defined by the Ru–N plane. We have tried
to quantify this bending as the angle between two planes: (1)
the plane defined by the ruthenium and the “phenanthroline”
part of the mpdppz moiety and (2) the mean planes defined by
the “methyldiazine” part of the mpdppz. This distortion is
14.13° for the Λ and 14.62° for the Δ enantiomer. The mpdppz
moieties pile up along the a axis forming strands of alternate
couples of isomers (see Fig. 3, fourth row) being the relative
conformation different depending on whether they are the
same enantiomer or two different ones. This can be explained
in terms of the different interaction modes between the ΔΛ
and ΔΔ/ΛΛ isomers. In Fig. 3 (second and third row) it can be
seen that one ArC–H–π bond and one ArC–H⋯N bond hold
the pair of complexes in that particular conformation forming
an angle of 87.6° (measured as the torsion angle of the Ru
atoms and centroids of the central pyrazine ring within either
mpdppz). This conformation also explains the bending of the
mpdppz moiety as these two bonds pull one of the TAP moi-
eties in the bending direction. For the ΔΛ stacking, we see that
they form an angle of 180° with each other due to an inversion
centre between them, and apart from the stacking, there is a
CH3⋯π bond. These bonds are weak, but their importance is
not to be neglected as they might be significant in explaining
the overall packing.24 These two features, the bending of the
extended aromatic moiety and the pattern of stacking, are
missing in the analogous crystal for 2 (CCDC 1012983)2 where

the bending angle is 4.98°, the ΔΔ/ΛΛ stacking is missing,
and only ΔΛ pairs are present.

Interactions with DNA

To explore the potential biological activity at the genome level
the binding of the complexes to DNA was next investigated.
Spectroscopic DNA titrations were carried out in 10 mM phos-
phate buffered solution with pH at 7.4 and either with or
without 160 mM NaCl by adding a solution of salmon testes
DNA (st-DNA) to the solution of the complexes in a 1 cm emis-
sion quartz cuvette and by measuring the absorption and
emission after each addition.25 Titrations for all complexes
were repeated at least three times for each condition to ensure
reproducibility.

The increase in the concentration of st-DNA resulted in a
significant change in both the absorption and the emission
spectrum (Fig. 4). The general behaviour for complexes 3–6
was similar to that previously reported for 1 and 2 2 as well as
for other intercalating compounds.16,22,25–28 The general trend
was an overall decrease in the absorption with increasing con-
centrations of DNA. The decrease in the absorbance of the
MLCT band at 440 nm for complexes 3 and 5, which contained
phen as ancillary ligand, was 17% and 18%, respectively, and
the decrease in the π–π* band for the extended aromatic
moiety at 310 nm was 44% and 52% for 3 and 5, respectively
(low ionic strength). Similarly for the TAP complexes the
decrease in the MLCT band at 412 nm was 22% and 19%, and
the decrease in the π–π* band for the extended aromatic
moiety at 310 nm was 34% and 41% for 4 and 6, respectively
(low ionic strength). This hypochromic behaviour indicates
intercalation where particularly, the large decrease in the
absorbance at 310 nm can be explained by a strong interaction
between the chromophore of the extended aromatic moiety
and the chromophores of the base pairs in the form of π–π
stacking.29

We observe a fundamental difference in the change in the
emission spectra for complexes that have phen (3 and 5) and
TAP (4 and 6) as ligands.2 Complexes 3 and 5 exhibit the well-
known “light switch effect”,16,30 as their emissions are fully
quenched in aqueous solution, but they become highly emis-
sive upon binding to DNA. This effect is explained by the
change in the environment due to the intercalation of the
extended aromatic moiety, which prevents solvent molecules
from interacting with N-atoms of the phenazine moieties, an
interaction that results in quenching of the emission.31 The
emission showed biphasic behaviour in solutions containing
only 10 mM phosphate buffer. In the first phase a strong emis-
sion enhancement was observed, while in the second phase
the emission intensity began to decrease slowly. A decrease
was not observed at high ionic strength (160 mM NaCl). In
contrast to 3 and 5, TAP complexes 4 and 6 exhibit 80% and
81% quenching of the emission respectively upon binding to
DNA (at low ionic strength). This is common for Ru(TAP)2 com-
plexes as the excited state, instead of undergoing radiative
decay, can photo-oxidize guanine residues in DNA resulting in
an overall quenching of the emission.22,32

Table 2 Binding parameters obtained from emission data for the
binding between the complexes and st-DNA in 10 mM sodium phos-
phate buffered solution at pH 7.4 and either with or without 160 mM
NaCl (high and low ionic strength respectively). The parameters and SEM
are for the mean of three replicates. Parameters obtained from the
absorption data can be seen in the ESI

Complex

Low ionic strength High ionic strength

Kb (10
6 M−1) n (#bp) Kb (10

6 M−1) n (#bp)

3 27 ± 4 2.5 ± 0.1 2.6 ± 0.2 2.7 ± 0.1
4 42 ± 9 1.8 ± 0.1 0.33 ± 0.02 1.6 ± 0.1
5 11 ± 0.8 1.8 ± 0.1 1.35 ± 0.1 1.6 ± 0.1
6 28 ± 0.4 1.9 ± 0.1 0.33 ± 0.07 1.8 ± 0.2
1a 12 ± 3 1.5 ± 0.1 4.6 ± 0.5 2.0 ± 0.1
2a 5.4 ± 0.4 1.6 ± 0.1 0.84 ± 0.1 1.9 ± 0.1

a Cloonan et al.2
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From the spectrophotometric data presented herein, we
have quantified the affinity of the complexes for DNA by calcu-
lating values for the binding constant (Kb) and for the binding
site size (n). For this purpose we used a simple modification of
a method by Carter, Rodriguez and Bard.33 Our method
assumes the same binding model, however knowledge of the
molar absorbance or emission for bound complex is not
needed. A detailed description of the method and the pro-
blems addressed by the method are given in the ESI.† The
parameters were calculated using the changes in the absor-
bance of the MLCT band (440 nm or 412 nm) as well as the
changes of the integrated emission.

Both the absorption corresponding to the MLCT band and
the integrated emission indicated a very strong interaction
between the complexes and DNA at low ionic strength (10 mM
sodium phosphate) with binding constants in the order of
107 M−1 (see Tables 2 and S1 in the ESI†). The data showed

that values of n for all complexes except 3 were 1.7 ± 0.2 base
pairs (bp). It should be noted that fitting to this binding iso-
therm is empirical and interpretation is necessarily approxi-
mate. It implicitly assumes that the binding of both enantio-
mers is similar, that the affinity for the ten discrete two base-
pair binding sites34a is the same, and that binding occurs only
from one of the grooves. In the crystal structures so far
reported for [Ru(phen)2dppz]

2+ and [Ru(TAP)2dppz]
2+ with

DNA the complex intercalates via the minor groove,35 although
some solution experiments indicate that entry from the major
groove is possible.36 Crystal structures have also shown that at
the high concentrations present in the crystal semi-intercala-
tion of the ancillary ligand of the lambda-enantiomer is poss-
ible. However in solution this binding mode is likely to be
much weaker than intercalation. The work of Lincoln and co-
workers has shown that the DNA binding of the enantiomers
[Ru(phen)2dppz]

2+ and [Ru(bpy)2dppz]
2+ is complex. The com-

plexes show some preference for binding to particular
sequences and the enantiomers show contrasting beha-
viour.34b For [Ru(phen)2dppz]

2+ both cooperative and anti-
cooperative interactions have been demonstrated.34c Similar
effects may be expected here and could be the reason for the
relatively low site size recorded for the complexes here.

Binding constants for the four complexes are still high, in
160 mM NaCl, but decrease by an order of magnitude to about
106 M−1 (see Table 2) while n-values hardly change. These
results indicate a similar binding mode under both con-
ditions, however with a significantly weaker binding at
increased ionic strength. A good agreement between the size
of the values of Kb and n are seen when the values calculated
from the absorption and emission data, respectively, are com-
pared. This indicates a more specific and well-defined mode of
binding than the situation at low ionic strength.37 The phen
complexes 3 and 5, and TAP complexes 4 and 6 show pairwise
very similar binding constants where the phen complexes bind
strongest. The emission data gave Kb for 3 and 5 at 2.6 × 106

and 1.4 × 106 M−1, respectively and Kb was 0.33 × 106 M−1 for
both 4 and 6. A similar trend between phen and TAP com-
plexes has previously been shown for 1 and 2 in 100 mM NaCl
(see Table 2).2

Circular dichroism studies

Circular dichroism (CD) is a powerful spectroscopic technique
in the study of binding of ligands (here ruthenium complexes)
to DNA with respect to study the binding modes as well as the
conformational changes of DNA.38 DNA is an optically active
molecule as a result of the chiral sugar-phosphate backbone
and its helicity. B-DNA form exhibits a typical CD spectrum
characterised by a positive band around 280 nm and a negative
band around 245 nm.52 In addition chiral and achiral mole-
cules bound to DNA can have induced CD (ICD) signals.
Strong ICD indicates groove binding since this will place the
molecule close to the chiral sugar backbone, where as inter-
calation will place the molecules between the achiral base
pairs.39 ICD is known to be an order of magnitude stronger for
groove binders than for intercalators.

Fig. 4 Changes in the UV-Vis and emission spectra of (top) 3 and
(bottom) 4 with the addition of increasing amounts of st-DNA
(0–100 µM base pairs) at pH 7.4 (10 mM sodium phosphate). Similar
spectra for the titration of 5 and 6 can be seen in the ESI.† Inset: Plot of
the concentration corrected emission (Ea) at increasing concentration of
DNA base pairs and the corresponding non-linear fit of eqn (S3.5) (see
ESI†). Similar plots and fits have been made for the absorption data.
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In order to evaluate the ability of complexes 3–6 to bind to
DNA, CD titrations were carried out by keeping the concen-
tration of st-DNA constant (150 µM nucleotide) and measuring
the CD spectrum for different concentrations of complex
(Fig. 5). Racemic mixtures of the complexes were used in the
titrations and therefore they show no optical activity. However,
the CD spectra of st-DNA show significant changes in the pres-
ence of complexes 3–6. For wavelengths higher than 300 nm
some CD signals were observed that could be assigned to ICD
of the complexes since this was outside of the range where
DNA absorb or that one of the enantiomers (Δ or Λ) is demon-
strating preferential binding to DNA.

At short wavelength, the evolution of a strong negative band
was observed with a maximum at about 275 nm for complex 3
and 5, and about 295 nm for complex 4 and 6. These bands
could be attributed to π–π* intra-ligand transitions of the ancil-

lary phen and TAP ligands, respectively and the strong signal
indicated that the phen and TAP complexes were positioned in
the grooves that also is the expected placement of the auxiliary
ligands when mpdppz or dtp are intercalating. At high P/D
ratio, a very small negative CD signal was observed for the four
complexes at about 415 nm corresponding to the typical MLCT
absorption band of the Ru(II) polypyridyl complexes. The exact
binding modes cannot be determined from these obser-
vations, however the existence of an interaction between com-
plexes 3–6 and the DNA molecule can be concluded. These
results are similar to other Ru(II) complexes reported in the
literature.38–43

Thermal denaturation studies

Evidence that a compound is bound to DNA can be deduced
by an increase in the melting temperature (Tm) of the double-
stranded structure, the temperature at which 50% of the
duplex has dissociated to a single stranded form.41–43 Thereby,
thermal denaturation studies are useful to evaluate the ability
of a compound to bind to DNA. Thermal denaturation curves
of st-DNA (150 μM nuclear phosphates) in the presence of
complexes 3–6 in 10 mM phosphate buffer at P/D ratios of 50,
20 and 10 are shown (see ESI†). The Tm was determined as the
temperature corresponding to the steepest increase in the
absorption by finding the maximum in the first derivative. In
the absence of Ru(II) complexes, st-DNA exhibited a Tm of
69.8 °C. At P/D of 50 and 20, there was a small increase in the
Tm for the four complexes (Table 3). At P/D ratio of 10, com-
plexes 3–6 displayed an increase of Tm for st-DNA from 69.8 °C
to 76.4 °C, 76.1 °C, 76.5 °C and 76.3 °C, respectively, indicating
stabilisation of the DNA helix by DNA–Ru complex interaction.
These values are smaller than those observed for the complex
[Ru(phen)2dppz]

2+ (increase of 9.1 °C) with calf thymus DNA
at similar P/D ratio but similar to ΔTm values determined for
other Ru(II) complexes.44,45

Viscometry studies

In order to determine whether the complexes interact with
DNA through intercalation we measured the viscosity of st-
DNA with increasing ratio of complexes 3–6. The plot of (η/η0)

1/3

against D/P (concentration of ruthenium divided by concen-
tration of nuclear phosphate) gave a straight line with positive
slope for all complexes (see Fig. 6) which can be considered a
positive proof for intercalation. The slope of this plot quan-

Fig. 5 Circular dichroism spectra of st-DNA (150 μM nuclear phos-
phate) in 10 mM sodium phosphate buffered aqueous solution at pH 7.4,
in the absence and presence of (a) 3 and (b) 6 at different nuclear phos-
phates to dye (P/D) ratios.

Table 3 Melting temperature values for thermal denaturation of st-
DNA (150 μM) in 10 mM phosphate buffered aqueous solution at pH 7.4,
in the presence of complexes 3–6 at different P/D ratios

Complex

ΔTm (°C)

P/D = 50 P/D = 20 P/D = 10

3 0.7 ± 0.1 1.2 ± 0.8 6.6 ± 1.3
4 0.3 ± 0.4 2.1 ± 0.1 6.3 ± 0.4
5 1.2 ± 0.8 1.5 ± 0.9 6.7 ± 0.4
6 0.8 ± 0.0 2.3 ± 0.5 6.5 ± 0.5
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tifies the contribution of the intercalator to the elongation of
the DNA. For complexes 3 and 4 which contain mpdppz as
extended aromatic ligand we have found the slopes are almost
identical: 1.60 ± 0.05 and 1.58 ± 0.04 respectively. Similarly, for
complexes 5 and 6 the values found were 1.27 ± 0.07 and 1.12
± 0.04 respectively which are also close to each other. It can be
seen that the complexes with the same extended aromatic
ligand show similar behaviour, which suggests that the inter-
calation takes place preferentially through that moiety.

Cellular uptake and viability studies

The uptake of the four complexes 3–6 into HeLa (cervical
cancer) cells in the dark was investigated using confocal
microscopy (see Fig. 7). The results demonstrated that the cells

successfully internalised all complexes at 100 µM within
24 hours. The complexes appeared to localise within the cyto-
plasm of cells with red fluorescent emission observed outside
the nucleus. These results are in agreement with previous
results observed for complexes 1 and 2.2 Some toxicity against
the cells was observed during confocal imaging (the generation
of singlet oxygen by 3–6 was not quantified).

Next the complexes were assessed for cytotoxicity against
HeLa cells under both dark and visible light (from an UV-
filtered HgXe arc lamp) (photoactivated) conditions (see
Table 4). 25 × 103 cells per well were seeded into 96-well plates
and treated with compound (ruthenium complexes – see
Table 4) for 24 hours at 37 °C. Following this, the cells were
either irradiated with 18 J cm−2 of light for one hour or main-
tained in the dark. After further 24 hours incubation, each
well was treated with 20 μL of Alamar Blue and left to incubate
for 4–5 hours. Emission was read at 590 nm (excitation at
544 nm). The chemotherapeutic drug paclitaxel (Taxol®) and

Fig. 6 Viscosity measurements for complexes 3 (▼), 4 (●), 5 (■) and 6
(▲) in 10 mM sodium phosphate buffered aqueous solution at pH 7.4, at
different D/P ratios.

Fig. 7 Complexes were successfully taken up by HeLa cells and localised in the cytoplasm.

Table 4 Effects of Ru(II) complexes 1–6 on HeLa cervical cancer cells
with or without light activation. Results are presented as the mean ±
SEM

Complex

IC50, μM

Dark Light

3 37 ± 6 48 ± 8
4 60 ± 15 4.8 ± 0.5
5 34 ± 3 33 ± 6
6 63 ± 8 4.0 ± 1.5
1a >100 >100
2a 70 ± 6 8.8 ± 2.9
Taxol® 0.0028 ± 0.0005 0.0026 ± 0.0006

a Cloonan et al.2
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the previously studied phen complex 1 have been used as refer-
ences. The studies demonstrated that the phen complexes 3
and 5 did not show light-dependent cytotoxicity yielding
similar IC50 values under both dark and light conditions.

These IC50 values were, however, significantly lower than
those observed previously for phen complex 1. These results
suggest that the introduced modifications of pdppz have
increased the overall cytotoxicity relative to the phen reference
complex. This increase in toxicity has been confirmed by com-
parison of the viability of the cells at 100 µM. The cell viability
in the case of 1 was 35% while for 3 and 5 it was 6% and 5%,
respectively. However, light activation resulted in a more than
10 fold increase in the toxicity of the TAP complexes 4 and 6,
similar to what is seen for TAP complex 2. The IC50 values for
4 and 6 in the dark were 60 µM and 63 µM, respectively,
decreasing to 5 µM and 4 µM after photoactivation. These IC50

values following light activation are marginally lower than the
value reported for 2 (9 µM), which possessed a similar toxicity
in the dark (IC50 value at 70 µM).

Conclusions

We have reported the synthesis of four new DNA binding and
cytotoxic ruthenium polypyridyl complexes with two new
ligands derived from dppz (mpdppz and dtp) and phen or TAP
as ancillary ligands. Crystal structures were obtained for two of
the complexes that incorporated the TAP ancillary ligand (com-
plexes 4 and 6). Their photophysical properties have been
studied, and they have shown MLCT based luminescence pro-
perties, which were modulated in the presence of st-DNA.
Complexes with phen as ancillary ligand (complexes 3 and 5)
have shown no emission in aqueous medium. However, in the
presence of DNA the luminescence was switched on, a property
known as the “light switch” effect and assigned to
intercalation.

The complexes with TAP as ancillary ligand (4 and 6) have
shown the opposite behaviour. In aqueous medium these com-
plexes showed a relatively strong emission that was however
almost totally quenched in the presence of DNA. This was
assigned to photo-induced oxidation of guanine when the
compounds were bound to DNA as has been studied in detail
with [Ru(TAP)2dppz]

2+. A modification of a method by Carter,
Rodriguez and Bard has been used to calculate binding para-
meters from the spectroscopic data showing binding constants
in the order of 107 and 106 M−1 at low and high ionic strength,
respectively. The binding was significantly stronger for the
phen complexes than for the TAP complexes. Further, CD spectro-
scopy and DNA denaturation studies have been used to investi-
gate the interaction between the complexes and DNA. In
accordance with previous studies the phen and TAP complexes
show differences in their toxicity upon light activation. The
phen complexes did not show increased toxicity upon exposure
to light while the TAP complexes showed a good therapeutic
window with a more than 10-fold increase in toxicity upon
exposure to light. It was demonstrated with confocal

microscopy that HeLa cells took up the compounds with emis-
sion in the cytoplasm outside the nucleus indicating that cell
death is unlikely to be due to interaction with nuclear DNA. In
conclusion phen complexes 3 and 5 have shown to be candi-
dates for use in fluorescence imaging while TAP complexes 4
and 6 have shown to be candidates for use in photodynamic
therapy.

Experimental
Materials and methods

All chemicals were purchased from Sigma-Aldrich, Acros
Organics or TCI and used as received without further purifi-
cation. The DNA used for all the experiments was double-
stranded salmon testes DNA sodium salt purchased from
Sigma-Aldrich which was dissolved in a buffered aqueous solu-
tion and then filtered to remove insoluble impurities. DNA
concentration in base pairs was determined by UV using
ε260 nm = 13 200 M−1 cm−1.50

NMR spectra were recorded either using a Bruker DPX-400
Avance spectrometer, which operates at 400.13 MHz for 1H
NMR and 100 MHz for 13C NMR, or a Bruker AV-600 spectro-
meter, operating at 600.1 MHz for 1H NMR and 150.2 MHz for
13C NMR. Chemical shifts (δ) were referred relative to the
internal solvent signals and reported in ppm. Electrospray ion-
isation (ESI) mass spectra were recorded on a Mass Lynx NT V
3.4 with a Waters 600 controller connected to a 996 photo-
diode array detector using HPLC-grade acetonitrile, methanol,
dichloromethane or chloroform as carrier solvents. All high
resolution (HR) masses were reported within ±10 ppm of the
expected mass. Infrared spectra were recorded on a Perkin
Elmer Spectrum One FT-IR spectrometer fitted with a
Universal ATR Sampling Accessory. Melting points were
obtained in an unsealed capillary tube using an
Electrothermal 9100 melting point apparatus. Elemental ana-
lyses were conducted at the Microanalytical Laboratory, School
of Chemistry and Chemical Biology, University College Dublin
(UCD).

UV-Vis-NIR and luminescence measurements were done in
a 1.0 cm optical path quartz cell at room temperature. The
absorption spectra were recorded using a Varian Cary 50
UV-Visible spectrophotometer. The emission and excitation
spectra were recorded on a Varian Cary Eclipse fluorescence
spectrophotometer. Fluorescence lifetime experiments were
carried out on a Horiba Scientific FluoroLog – Modular
Spectrofluorometer equipped with Time Correlated Single
Photon Counting (TCSPC) capability. Circular Dichroism (CD)
spectra were recorded at a concentration corresponding to an
optical density of approximately 1.0 for the DNA absorbance at
260 nm (150 μM) on a Jasco J-810-150S CD spectropolarimeter.51

X-ray diffraction data were collected on a Bruker APEX 2
DUO CCD diffractometer using graphite-mono-chromatized
Mo-Kα (0.71073 Å). Crystals were mounted in a cryoloop/
MiTeGen micromount and collected at 100(2) K using an
Oxford Cryosystems Cobra low temperature device. Data were
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collected using omega and phi scans and were corrected for
Lorentz and polarization effects.46 Structures were solved with
SHELXS-2014 and further refined with SHELXL-2014.47 In the
case of the crystal 4·2Cl·xH2O, highly disordered solvent mole-
cules were removed using SQUEEZE48 software and then
refined as indicated.

Viscosity was measured with a Cannon-Manning semi-
micro viscometer at precisely 25.0 °C. Constant DNA concen-
tration of 1.2 mM and total sample volume of 1 mL were used.
DNA was sheared with ultrasound to obtain fragments of
ca. 200 bp. Ruthenium/nuclear phosphate concentration ratios
(D/P) ranging from 0.02 to 0.25 were measured. Viscosity (η)
was calculated as sample flow time minus buffer flow time.
Finally (η/η0)

1/3 values (where η0 is the viscosity of DNA alone)
were plotted against D/P.49

General biological procedures

Cell culture reagents were obtained from Greiner Bio-one and
all other chemicals were obtained from Sigma unless other-
wise stated.

Cell culture. HeLa cells were grown in a cell culture flask
using low-glucose Dulbecco’s Modified Eagle Medium sup-
plemented with 10% fetal bovine serum and 50 µg mL−1 peni-
cillin/streptomycin at 37 °C in a humidified atmosphere of 5%
CO2.

Viability assay. 25 × 103 cells per well were seeded in a
96-well plate and treated as indicated. Each well was then
treated with 20 µL of Alamar Blue (BioSource) and left to incu-
bate at 37 °C in the dark for 4–5 hour. Fluorescence was read
at 590 nm (excitation 544 nm). The background fluorescence
of the media without cells + Alamar Blue was taken away from
each group, and the control untreated cells represented 100%
cell viability. Data points represent the mean ± SEM of tripli-
cate treatments performed on three independent days with
activity expressed as percentage cell viability compared to
vehicle treated controls. IC50 values for the toxicity of the com-
pounds were calculated for each of the three independent
experiments by interpolation to concentration corresponding
to 50% viability and this were used to calculate the mean ±
SEM. For photoactivation studies, cells were subjected to 18
J cm−2 using a Hamamatsu L2570 200 W visible light form a
HgXe arc lamp equipped with a NaNO2 filter.

Confocal microscopy. HeLa cells were seeded at a density of
5 × 104 cells per mL and treated as indicated. Cells were then
washed two times with fresh media, nuclei were stained blue
with Hoechst and cells were imaged by live confocal
microscopy using an Olympus FV1000 point scanning micro-
scope with a 60× oil immersion lens with an NA (numerical
aperture) of 1.42. The software used to collect images was
FluoView Version 7.1 software.

Synthesis of ligands and complexes

3-Methylpyrazino[2,3-h]dipyrido[3,2-a:2′,3′-c]phenazine (mpdppz).
2-Methyl-5,6-diaminoquinoxaline (74 mg, 0.43 mmol, 1 eq.)
and 1,10-phenanthroline-5,6-dione (94 mg, 0.45 mmol, 1 eq.)
were suspended in a mixture of ethanol and H2O (1 : 1, 25 mL).

The mixture was heated in a high-pressure tube at 140 °C over-
night followed by cooling to room temperature. The suspen-
sion was filtered, and the grey filter cake was washed with
CH2Cl2 (25 mL) leaving the product as a white solid that was
dried in vacuo (137 mg, 92%). Calculated for C21H12N6 +
2.25H2O: C, 64.84; H, 3.12; N, 21.60%. Found: C, 64.84; H,
3.41; N, 21.99%. M.p.: >250 °C. 1H NMR (CDCl3/TFA,
400 MHz, δ): 10.69 (1H, d, J = 7.3 Hz), 10.16 (1H, d, J = 8.0 Hz),
9.77 (1H, s), 9.40 (2H, bs), 8.95 (1H, d, J = 9.3 Hz), 8.79 (1H, d,
J = 9.3 Hz), 8.38 (2H, bs), 3.27 (3H, s, CH3).

13C NMR (CDCl3/
TFA, 100 MHz, δ): 158.26, 150.48, 148.91, 145.24, 144.67,
142.06, 141.83, 140.36, 140.27, 140.00, 139.86, 138.52, 136.63,
136.39, 129.59, 129.22, 129.15, 128.14, 127.87, 21.04 (CH3). IR
(ATR, cm−1): 1392 and 1367 (C–N stretches). ESI-HRMS (m/z)
calculated for C21H13N6: 349.1196. Found: 349.1202 [M + H]+.

Bis(1,10-phenanthroline) (3-methylpyrazino[2,3-h]dipyrido
[3,2-a:2′,3′-c]phenazine)ruthenium(II) chloride (3).
[Ru(phen)2Cl2] (160 mg, 0.301 mmol, 1 eq.) and mpdppz
(105 mg, 0.301 mmol, 1 eq.) were suspended in 8 mL of a 50%
mixture EtOH/H2O. The mixture was degassed by bubbling
with Argon for 15 minutes and then heated at 140 °C for
40 min using microwave irradiation. Solvent was evaporated
and the resulting red solid was purified by column chromato-
graphy with neutral alumina using MeCN : H2O (10 : 0 to 9 : 1)
as eluent. Solvent was removed at reduced pressure yielding a
red solid which was dried in vacuo (198 mg, 74%). Calculated
for C45H28N10RuCl2 + 1.3NaCl: C, 53.86; H, 3.33; N, 13.96%.
Found: C, 53.68; H, 3.33; N, 13.83; Cl, 10.47%. M.p.: >250 °C.
1H NMR (CD3CN, 600 MHz, δ): 9.86 (1H, d, J = 8.1 Hz), 9.70
(1H, d, J = 8.1 Hz), 9.15 (1H, s), 8.63 (2H, bs), 8.61 (2H, bs),
8.58 (1H, d, J = 9.4 Hz), 8.47 (1H, d, J = 9.4 Hz), 8.27 (5H, bs),
8.26–8.22 (1H, m), 8.16 (2H, d, J = 5.2 Hz), 8.05 (2H, d, J = 5.2
Hz), 7.85–7.80 (2H, m), 7.68–7.63 (4H, m), 3.59 (3H, s). 13C
NMR (CD3CN, 100 MHz, δ): 158.38, 155.48, 155.36, 154.32,
154.23, 153.98, 151.64, 151.58, 148.89, 148.87, 148.81, 145.57,
144.95, 142.42, 141.13, 140.32, 139.43, 137.98, 137.96, 137.92,
135.18, 134.41, 132.20, 132.09, 132.07, 132.05, 131.63, 131.23,
129.10, 129.06, 128.20, 128.14, 126.93, 126.90, 126.87, 22.77
(CH3). IR (ATR, cm−1): 3059 (aromatic C–H stretch), 1426 and
1361 (C–N stretches). MALDI-HRMS (m/z) calculated for
C45H28N10Ru: 810.1542. Found: 810.1567 [M]+.

Bis(1,4,5,8-tetraazaphenanthrene)(3-methyl-pyrazino[2,3-h]dipyr-
ido[3,2-a:2′,3′-c]phenazine)ruthenium(II) chloride (4).
[Ru(TAP)2Cl2] (93 mg, 173 μmol, 1 eq.) and mpdppz (59 mg,
0.169 mmol, 1 eq.) were suspended in a mixture EtOH/H2O
(1 : 1, 8 mL). The mixture was degassed by bubbling with
Argon for 15 minutes and then heated at 140 °C for
40 minutes using microwave irradiation. Solvent was evapo-
rated and the resulting red solid was purified by chromato-
graphy with neutral alumina using MeCN : H2O (10 : 0 to 9 : 1)
as eluent. Solvent was removed at reduced pressure yielding a
red solid which was dried in vacuo (88 mg, 59%). Calculated
for C41H24Cl2N14Ru + 2.2H2O + 2.5NaCl: C, 46.00; H, 2.67; N,
18.32%. Found: C, 46.23; H, 2.67; N, 18.16%. M.p.: >250 °C
(decomp). 1H NMR (CD3CN, 600 MHz, δ): 9.99 (1H, dd, J = 8.3
Hz, 1.1 Hz), 9.82 (1H, dd, J = 8.3 Hz, 1.3 Hz), 9.16 (1H, s),
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9.00–8.97 (4H, m), 8.63 (4H, s), 8.60 (1H, d, J = 9.5 Hz), 8.50
(1H, d, J = 9.5 Hz), 8.32–8.30 (2H, m), 8.26–8.23 (4H, m),
7.94–7.89 (2H, m), 2.90 (3H, s). 13C NMR (CD3CN, 100 MHz, δ):
157.62, 156.74, 156.66, 153.67, 150.73, 150.68, 150.58, 150.57,
150.45, 150.44, 150.07, 146.93, 146.51, 146.50, 146.45, 143.31,
143.30, 143.22, 140.88, 139.83, 139.75, 135.98, 133.81, 133.73,
132.64, 131.44, 131.32, 128.63, 128.59, 127.74. IR (ATR, cm−1):
3058 (aromatic C–H stretch), 1486, 1385 and 1273 (C–N
stretches). ESI-HRMS (m/z) calculated for C45H28N10Ru:
407.0676. Found: 407.0679 [M]2+.

Dipyrido[3,2-a:2′,3′-c][1,2,5]thiadiazolo[3,4-h]phenazine (dtp).
4,5-Diamine-2,1,3-benzothiadiazole (121 mg, 0.73 mmol, 1 eq.)
and 1,10-phenanthroline-5,6-dione (156 mg, 0.74 mmol, 1 eq.)
were suspended in a mixture of ethanol and H2O (1 : 1, 20 mL).
The mixture was heated in a high-pressure tube at 140 °C over-
night followed by cooling to room temperature. The resulting
yellow precipitate was filtered, washed with H2O, ethanol and
diethyl ether, and dried in vacuo (200 mg, 81%). M.p.: >250 °C.
1H NMR (CDCl3, 400 MHz, δ): 9.87 (1H, dd, J = 8.1 Hz, 1.8 Hz),
9.70 (1H, dd, J = 8.1 Hz, 1.8 Hz), 9.35 (2H, m), 8.33 (2H, syst
AB), 7.88 (1H, dd, J = 4.4 Hz, 8.1 Hz), 7.86 (1H, dd, J = 4.4 Hz,
8.1 Hz). 13C NMR (CDCl3, 100 MHz, δ): 156.21, 152.96, 152.89,
152.81, 144.98, 141.26, 140.16, 137.94, 135.08, 134.63, 132.19,
127.37, 127.32, 125.30, 124.74. IR (ATR, cm−1): 2984 (aromatic
C–H stretch), 1494 (aromatic CvC stretch), 1368 (CvN
stretch). ESI-HRMS (m/z) calculated for C18H9N6S: 341.0609.
Found: 341.0610 [M + H]+.

Bis(1,10-phenanthroline)(dipyrido[3,2-a:2′,3′-c][1,2,5]thiadia-
zolo[3,4-4,3]phenazine)ruthenium(II) chloride (5).
[Ru(phen)2Cl2] (0.158 g, 0.297 mmol, 1 eq.) and dtp (0.101 g,
0.297 mmol, 1 eq.) were suspended in a mixture EtOH/H2O
(1 : 1, 8 mL). The mixture was degassed by bubbling with
argon for 15 minutes and then heated at 140 °C for
40 minutes using microwave irradiation. Solvent was evapo-
rated and the resulting red solid was purified by chromato-
graphy with neutral alumina using MeCN : H2O (10 : 0 to 9 : 1)
as eluent. Solvent was removed at reduced pressure yielding a
red solid which was dried in vacuo (77 mg, 30%). Calculated
for C41H24Cl2N14Ru + 3.5H2O: C, 52.40; H, 3.01; N, 14.29; S,
3.94; Cl, 8.03%. Found: C, 53.91; H, 3.34; N, 14.97; S, 3.43; Cl,
7.58%. M.p.: >250 °C. 1H NMR (CD3CN, 400 MHz, δ): 9.86 (1H,
d, J = 8.1 Hz), 9.70 (1H, d, J = 8.1 Hz), 9.15 (1H, s), 8.63 (2H, b),
8.61 (2H, m), 8.58 (1H, d, J = 9.4 Hz), 8.47 (1H, d, J = 9.4 Hz),
8.27 (5H, b), 8.23 (2H, m), 8.16 (2H, d, J = 5.2 Hz), 8.05 (2H, d,
J = 5.2 Hz), 7.85–7.80 (2H, m), 7.68–7.63 (4H, m), 3.59 (3H, s).
13C NMR (CD3CN, 100 MHz, δ): 157.59, 155.66, 155.58, 154.28,
153.98, 153.69, 151.60, 151.55, 148.86, 148.81, 146.76, 141.20,
140.07, 139.67, 137.98, 137.94, 134.55, 132.64, 132.07, 132.05,
131.25, 131.12, 129.07, 128.26, 128.22, 127.58, 126.92, 126.87;
IR (ATR, cm−1): 3066 (aromatic C–H stretch), 1496 (aromatic
CvC stretch), 1360, 1336 (CvN stretch). MALDI-HRMS (m/z)
calculated for C42H24N10SRu: 802.0950. Found: 802.0957 [M]+.

Bis(1,4,5,8-tetraazaphenanthrene)(dipyrido[3,2-a:2′,3′-c][1,2,5]
thiadiazolo [3,4-4,3]phenazine)ruthenium(II) chloride (6).
[Ru(TAP)2Cl2] (140 mg, 262 µmol, 1 eq.) and dtp (892 mg,
262 µmol, 1 eq.) were suspended in a mixture EtOH/H2O (1 : 1,

8 mL). The mixture was degassed by bubbling with Argon for
15 minutes and then heated at 140 °C for 40 minutes using
microwave irradiation. Solvent was evaporated and the result-
ing red solid was purified by chromatography with neutral
alumina using MeCN : H2O (10 : 0 to 9 : 1) as eluent. Solvent
was removed at reduced pressure yielding a red solid which
was dried in vacuo (100 mg, 44%). Calculated for
C38H20N14Cl2SRu + 0.5NaCl: C, 47.88; H, 2.33; N, 20.57; S,
3.36%. Found: C, 46.73; H, 2.09; N, 19.69; S, 6.10%. M.p.:
162–165 (decomp). 1H NMR (CD3CN, 600 MHz, δ): 9.83 (1H,
dd, J = 8.2 Hz, 1.2 Hz), 9.77 (1H, dd, J = 8.2 Hz, 1.2 Hz), 9.01
(2H, 2d, J = 2.8 Hz), 8.99 (2H, d, J = 2.7 Hz), 8.62 (4H, s), 8.46
(2H, syst AB), 8.40 (2H, 2d, J = 2.9 Hz), 8.39 (2H, d, J = 2.7 Hz),
8.34 (2H, 2dd, J = 5.4 Hz, 1.3 Hz), 7.92 (2H, 2dd, J = 8.3 Hz, 5.4
Hz). 13C NMR (CD3CN, 100 MHz, δ): 157.62, 156.74, 156.66,
153.67, 150.73, 150.68, 150.58, 150.57, 150.45, 150.44, 150.07,
146.93, 146.51, 146.50, 146.45, 143.31, 143.30, 143.22, 140.88,
139.83, 139.75, 135.98, 133.81, 133.73, 132.64, 131.44, 131.32,
128.63, 128.59, 127.74. IR (ATR, cm−1): 3075 (aromatic C–H
stretch), 1488 (aromatic CvC stretch), 1385, 1362 (CvN
stretch). ESI-HRMS (m/z) calculated for C38H20N14SRu:
806.0760. Found: 403.0387 [M]2+.
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